Strain selection and outdoor cultivation of halophilic microalgae with potential for large-scale biodiesel production by Fon Sing, Marie
STRAIN SELECTION AND OUTDOOR CULTIVATION OF 
HALOPHILIC MICROALGAE WITH POTENTIAL FOR LARGE-
SCALE BIODIESEL PRODUCTION 
 
Marie Sophie Dominique Fon Sing 
B.Sc. (Hons.) 
 
 
 
This thesis is presented for the degree of Doctor of Philosophy of Murdoch 
University 
 
 
 
2010 
ii 
DECLARATION 
 
 
 
 
 
 
 
I declare that this thesis is my own account of my research and contains work 
which has not been previously submitted for a degree at any tertiary 
institution. 
 
 
 
Marie Sophie Dominique Fon Sing 
iii 
ABSTRACT 
 
The focus of this study was to identify microalgae isolates suitable for long-
term outdoor cultivation at high salinities for biodiesel production. Screening and 
selection of locally collected halophilic microalgae isolates were based on the 
comparison of phenotypic traits such as growth rate, photosynthetic response and 
biomass productivity over a range of salinities, temperatures, light intensities and 
dissolved oxygen levels. Strain selection was also carried out in outdoor open raceway 
ponds. 
The prasinophyte Tetraselmis and benthic diatoms were the most abundant of 
the microalgal species isolated. Indoor and outdoor comparative studies between 6 
Tetraselmis strains- MUR 167, 219, 230, 231, 232 and 233- and the benthic diatom 
Amphora coffeaeformis MUR 158 showed that Tetraselmis was more suited for outdoor 
long-term cultivation in open raceway ponds. Disadvantages associated with A. 
coffeaeformis MUR 158 were a lower salinity tolerance (up to 5% NaCl only, as 
compared to 9% NaCl for Tetraselmis), slower growth and above all, the inability to 
outcompete Tetraselmis in outdoor open cultures.  
Appreciable differences were observed between the 6 Tetraselmis strains, with 
Tetraselmis MUR 167, 230, 232 and 233 being the most promising strains for outdoor 
cultivation. Based on indoor determination of Pmax values, Ik values, growth rates, lipid 
content and photosynthetic response over a range of salinities, temperatures, light 
intensities and dissolved oxygen, Tetraselmis MUR 233 was the dominant strain, 
followed by MUR 230, MUR 232 and MUR 167. Out of doors, MUR 167 was the most 
productive strain when cultivated in open raceway ponds. However, Tetraselmis MUR 
230 and MUR 233 were characterised by more consistent and stable growth. Regardless 
of strain variation, growth and biomass productivity in outdoor ponds were 
significantly influenced by water quality and were highest at cell densities below 40 x 
104 cells.mL-1, salinities below 12% NaCl and at a temperature range of 20-25 °C. 
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The appropriate choice of solvent system, solvent to sample ratio and 
laboratory techniques for lipid extraction was also highlighted in this study. The 
modified Bligh and Dyer method was more efficient in extracting lipids from 
exponentially-grown cells as compared to the modified Folch et al. method, whereas no 
difference between both extraction methods was observed in cells from the stationary 
phase. Final lipid values were significantly influenced by methods employed for 
gravimetric measurements of lipid content.  
In summary, this study showed that the halophilic Tetraselmis species is a 
suitable candidate for outdoor large-scale cultivation and that better performance and 
higher productivities in the open ponds can be achieved through careful strain 
selection and optimum culture management regime. This study also underlined the 
need for careful and critical assessment of reported lipid values in the literature since 
many factors influence lipid extraction and the final lipid content. 
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CHAPTER 1 
Introduction 
Current trends in greenhouse gas emissions associated with global fuel 
production and consumption are unsustainable. Predictions of peak atmospheric CO2 
concentrations of 855-1130 ppm between the years 2060 and 2090 have been made if 
present rates of global CO2 emissions remain unabated (IEA, 2010; IPCC, 2007).  This is 
more than twice the mandated CO2 level which is presently set at 490 ppm by the IPCC 
(2007) to maintain the rise in global temperature and seawater levels below 2.4 °C and 
1.4 m respectively. Concurrently, it is expected that fossil fuel reserves will be depleted 
by the year 2100 at the current rate of global oil consumption, which is estimated at 
more than 83.9 x 106 barrel.d-1 (CIA, 2010). Renewable and environmentally-sustainable 
alternative sources of fuel are thus an immediate priority, not only to replace fossil 
fuels but also to promote country autonomy in terms of fuel demand and supply. In 
particular, fuel substitutes for the transportation sector are clearly required, as it is the 
sector with the highest oil demand (OPEC, 2009). 
At present, bioethanol and biodiesel are the two global biomass-based liquid 
transportation fuels that are seriously considered as future substitutes for gasoline and 
fossil/mineral diesel (Demirbas, 2007, 2009). Bioethanol and biodiesel are both less 
polluting than fossil fuel, are locally available and accessible, and can be sourced from 
a variety of renewable feedstocks which include hardwoods, herbaceous and seed 
crops, agricultural and municipal waste residues (Demirbas, 2009; McMillan, 1997). 
Current bioethanol and biodiesel production are mainly derived from agricultural 
crops and the type of plant cultivated depends on the local type of soil and climate. 
Thus the major sources of bioethanol feedstocks are sugar cane, corn and wheat from 
Brazil, USA and Europe respectively, of which Brazil and USA are the largest 
producers (Sánchez and Cardona, 2008). Similarly, biodiesel is mainly derived from 
soya bean crops in the USA, while rapeseed and sunflower are the dominant biodiesel 
crops in Europe, and palm and coconut crops in Southeast Asia and the Philippines 
(Srivastava and Prasad, 2000).  Other non-edible crops, e.g. switchgrass, Jatropha, 
karanji and Pongamia, are also being considered as alternative biodiesel feedstocks, 
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and of the four plant types, Jatropha seems the most promising in term of biodiesel 
quality (Barnwal and Sharma, 2005; Kumar Tiwari et al., 2007).  
The sustainability of both bioethanol and biodiesel production are however 
being re-evaluated as an increasing number of life-cycle studies are reporting net 
carbon and energy losses occurring during the cultivation and processing steps 
(Pimentel and Patzek, 2005; Reijnders and Huijbregts, 2007). Furthermore, it is strongly 
believed that for biofuels to be supplied in the adequate annual quantities, at least 61% 
of all agricultural cropping land in the USA would be required, which is clearly 
unrealistic, given that there would be insufficient land left for the production of food 
and other crops, hence fueling the ‘food versus fuel’ debate (Chisti, 2008; Walker, 
2009).  
A conceivable alternative renewable biomass source that is being suggested for 
biofuel production is microalgae (Brune et al., 2009; Chisti, 2007; Gouveia and Oliveira, 
2009; Schenk et al., 2008). Microalgae offer an array of benefits over conventional land 
crops, the advantages being: 
a) Potentially higher photon conversion efficiency (Schenk et al., 2008), with 
the energy captured mostly dedicated to the maintenance of the cellular 
components and multiplication without the formation of complex and 
rigid structures, 
b) Better nutrient diffusion since the cells are in an aquatic medium 
(Grobbelaar, 1994). The continuous suspension of the microalgal cells in 
the water also allows for better light utilisation as the chloroplasts are 
exposed to intermittent light and dark regions which is purported to 
result in enhanced productivities (Kok, 1953), 
c) Faster doubling time, thus resulting in higher biomass yields and faster 
oil production as compared to plant seeds (Chisti, 2008), 
d) Halophilic and euryhaline species can be used, thus encouraging the use 
of saline water sources rather than competing with freshwater (Sheehan et 
al., 1998), 
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e) Microalgae do not require fertile soil and the algal facility can therefore be 
built on marginal land where plentiful light and elevated temperatures  
conducive for maximal photosynthesis are available (Dubinsky et al., 
1978), 
f) Sequestration mechanisms of carbon dioxide from power plants and 
industries can effectively be coupled to the algal ponds, thus adding value 
to the algal culture and minimising the level of atmospheric pollution 
(Benemann, 1997; Benemann et al., 2003; Herzog and Drake, 1996). 
Several types of fuels can be obtained from microalgal biomass. Methane for 
example, can be obtained through thermal gasification, catalytic hydrogenation and 
anaerobic digestion of the biomass (Calvin and Taylor, 1989). Liquid biofuels can be 
produced from hydrocarbons and lipids while ethanol can be produced from the 
fermentation of glycerol and carbohydrates (Brennan and Owende, 2009; Durrett et al., 
2008). Hydrogen gas can also be generated from the photoproduction of hydrogen 
based on the algal cell’s photosynthetic light harvesting system and electron transport 
system (Beer et al., 2009; Faraloni and Torzillo, 2010; Ghirardi et al., 2000). Alternatively, 
a combination of biomass processing can also be applied when several co-products can 
be obtained from the same biomass, for example biodiesel from the lipids and methane 
from the residual biomass. 
With regards to biodiesel production, microalgae are among the few 
photosynthetic organisms that are oleaginous (Ratledge, 2004), i.e. they directly 
produce and accumulate storage lipid in quantities averaging 26-46% of dry weight 
and up to 85% of dry weight (Borowitzka, 1988a; Hu et al., 2008). Thus, given their 
high-lipid producing capacity, coupled with their fast growth rates and relatively 
unfastidious nature, for the same quantity of biodiesel produced, microalgae would 
require only 23% of the land used for crops, or 3% equivalent of the U.S cropping area 
as compared to 61% if palm plantations, one of the most productive oil producing 
crops, were to be used (Becker, 1994b; Chisti, 2007; Huntley and Redalje, 2007).  
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Biodiesel 
Biodiesel offers many benefits over the conventional fossil/mineral diesel. 
Besides having similar combustion properties, biodiesel is renewable, biodegradeable 
and less toxic since it has lower emissions of particulate matter, sulphur oxides and 
sulphates (almost close to zero), oxides of carbon, ozone-forming and carcinogenic 
hydrocarbons (Fukuda et al., 2001; Murugesan et al., 2009). Biodiesel could however 
release slightly more NOx (Murugesan et al., 2009; Szybist et al., 2005). 
Direct injection of plant, animal or microbial-derived oils in diesel engines is 
seldom carried out because of their high viscosity, low volatility, free fatty acid 
composition, carbon deposits and tendency to form gum due to oxidation and 
polymerisation during storage and combustion (Fukuda et al., 2001; Ma and Hanna, 
1999; Srivastava and Prasad, 2000). Instead, the oil is transesterified in the presence of 
an alcohol and an acid or alkaline catalyst to form mono alkyl esters of fatty acids. The 
biodiesel thus formed has similar chemical properties to petroleum-based diesel and 
can be blended with the later in any proportion, with the B20 mixture (20% biodiesel + 
80% diesel) being at present the most appropriate blend used in conventional diesel 
engines (Durrett et al., 2008; Fukuda et al., 2001). Methanol is the alcohol of choice for 
the transesterification process because of its low cost and chemical and physical 
properties (Fukuda et al., 2001), while alkalis are preferred as catalysts because the rate 
of reaction is 4000 times faster than with acid catalysts. However, the latter offers the 
advantage of the transesterification process taking place in a relatively high free fatty 
acid and water content (Fukuda et al., 2001). The transesterification of a 
triacylglycerol/triglyceride is a three-step process which eventually yields three 
molecules of methyl esters and glycerol, as shown below: 
Triglycerides + ROH    Diglycerides + R1COOR 
Diglycerides + ROH   Monoglycerides + R2COOR 
Monoglycerides + ROH   Glycerol + R3COOR 
Where R1, R2 and R3 represent different alkyl groups. 
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Ideally, the biodiesel produced should be high in mono-unsaturated fatty acids 
and low in long-chain saturated and unsaturated fatty acids (Durrett et al., 2008; 
Knothe, 2005). Long chain saturated methyl esters increase the cloud point (CP) and 
pour points (PP), i.e. they will solidify more easily at moderately low temperatures, 
making them unusable at temperatures ≤ -100C. While polyunsaturated fatty acids do 
not appear to affect the solidification of the biodiesel, the presence of the double bonds 
make them more prone to oxidation, resulting in the formation of sediments which 
eventually will plug filters and interfere with  engine performance (Durrett et al., 2008). 
In contrast, the single double bond present in mono-unsaturated acids, such as oleate 
and palmitoleate, greatly enhances the cold-temperature flow properties of the 
biodiesel while at the same time improving the fuel stability as well reducing NOx 
emissions (Serdari et al., 1999). 
The fact that microalgal oil has a similar chemical composition and properties 
to vegetable oil and animal fats used for biodiesel makes it all the more applicable and 
easier to include as another fuel feedstock for conventional diesel engines. However, 
the utility of algal oils as biodiesel is largely dictated by a number of factors: a) the 
composition of the fatty acids in the neutral lipids (triglycerides); b) the ability of the 
chosen algal strain(s) to produce the required fatty acids in high quantities reliably and 
consistently in fluctuating environmental conditions and c) the economics of producing 
the algal biomass and oil. Several microalgal species have been screened for their 
suitability as a biodiesel feedstock based on their fatty acid profile (Gouveia and 
Oliveira, 2009; Lopes da Silva et al., 2009) and so far, Chlorella and Scenedesmus obliquus 
have been identified as the most promising species (Francisco et al., 2010; Gouveia et al., 
2009; Gouveia and Oliveira, 2009; Miao and Wu, 2006). On the other hand, it was found 
that the fatty acid profile of Neochloris oleobundans, Nannochloropsis and Dunaliella 
tertiolecta was not fully compliant with the biodiesel standard but could potentially be 
used in association with other algal or vegetable oils (Gouveia et al., 2009; Gouveia and 
Oliveira, 2009). 
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The concept of biofuel production from microalgae is not new (Burlew, 1953; 
Meier, 1955). An intensive and comprehensive research to identify high-lipid 
producing microalgae was carried out in the 1970s-1980s by the U.S Department of 
Energy (Neenan et al., 1986; Sheehan et al., 1998) following the oil crisis during the 
1973-1974 Arab Oil Embargo. The study, known as the Aquatic Species Program,   
demonstrated the feasibility of algal culture as a source of oil and identified further key 
biological, engineering and economic aspects that required more research before this 
technology could become commercially feasible. The program was however 
terminated due to the unfavourable economic situation after the oil crisis. 
Cultivation of microalgae is a proven technology which is capable of generating 
at least 5, 000 t.y-1 of dry matter with a turnover of ca. U.S. $1.25 x 109.y-1 (Pulz and 
Gross, 2004). Microalgae are commonly cultivated for the production of valuable 
compounds such as carotenoids, polysaccharides and other fine chemicals 
(Borowitzka, 1988b; Pulz and Gross, 2004), for aquaculture purposes (Brown et al., 
1997; de Pauw et al., 1984; de Pauw and Persoone, 1988), for the improvement and 
enrichment of soil for agricultural purposes (Metting, 1988), for health food 
supplement usage, human food and animal feed (Becker, 1988; Pulz and Gross, 2004; 
Yannai et al., 1980) and  for the treatment and recycling of wastewater (Oswald, 1988b; 
Shelef et al., 1980). 
A compilation of various indoor and outdoor experiments on microalgae by 
Burlew (1953) provided the first comprehensive review of the intricacies and 
requirements of microalgal cultivation as well as the potential uses of microalgal 
biomass. Amongst other things, it was shown that outdoor cultivation was possible 
and that microalgal cultivation was limited by biological as well as technical 
operational factors. Continued research over the last 6 decades on microalgal 
physiology, biochemistry and cultivation aspects have further corroborated these 
findings and also provided a more in-depth knowledge in the respective topics. The 
following review provides a summary of the most influential factors affecting 
microalgal growth, biomass and lipid productivity in outdoor cultures. 
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Factors limiting microalgal growth 
 
Light 
Light is the prime source of energy in photoautotrophic microalgae and as such, 
has the greatest influence on the physiology, metabolism and biomass productivity of 
microalgae. 
Light intensity 
Light intensity has the most profound effect on microalgal growth as it relates 
directly to the amount of energy supplied to the photosynthetic apparatus and 
influences biochemical reactions such as the rate of nutrient uptake (Curtis and 
Megard, 1987; Meseck et al., 2005; Terry et al., 1983) and the degree of lipid saturation 
(Fábregas et al., 2004; Klyachko-Gurvich et al., 1999; Thompson et al., 1990). Changes in 
net gas exchange with increasing irradiance follows a well defined pattern which is 
described by the Blackman or P-E (Photosynthetic rate versus Irradiance) curve 
(Rabinowitch and Govindjee, 1969) and a similar trend in growth rate with respect to 
irradiance is typically observed (Goldman, 1980; Terry et al., 1983). The P-E curve is 
categorised into 3 distinct regions (Figure 1): a light-limited region where 
photosynthesis is directly dependent on light intensity as the photochemical apparatus 
readily absorbs the incident photons and converts the solar energy to photochemical 
energy, a light-saturated region where carbon fixation is independent of light intensity 
and reaches a steady state as it is now limited by the enzymatic (or dark) reactions and 
lastly, a light-inhibited region where further increments in light leads to a marked 
decline in photosynthesis.  
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Figure 1. Photosynthesis - irradiance (P-I or P-E) curve 
 
The P-E curve provides a reliable way of measuring, predicting and modelling 
photosynthesis (Jassby and Platt, 1976) and allows for assessment of variations in 
photosynthetic physiology through key parameters such as: 
Ic  - the light compensation point where photosynthesis and respiration are in 
equilibrium and no carbon fixation takes place, 
Ik - also defined as Pmax/α, the saturating irradiance which marks the transition 
between light-limitation and light-saturation state, 
α - the initial slope which defines the maximum efficiency of light capture 
(quantum yield) and photosynthetic energy conversion and, 
Pmax - the maximum photosynthetic rate that can be achieved under specific 
growth conditions. 
Ik, α and Pmax values vary considerably between species and strains (Andersson 
et al., 1994; Geider and Osborne, 1992; Langdon, 1988; Langlhofer, 2008; Ryther, 1956) 
and are influenced by growth factors such as nutrient and dissolved oxygen 
concentrations (Curtis and Megard, 1987; Geider and Osborne, 1992; Smith, 1936), 
temperature (Geider and Osborne, 1992; Raven and Geider, 1988), photoinhibition and 
photoacclimation (Falkowski and Owens, 1980; Geider and Osborne, 1992; Richardson 
et al., 1983; Vonshak and Torzillo, 2004).  
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One key aspect of light intensity is its effect on the photosynthetic apparatus at 
high irradiances. Excessive high light results in photoinhibition which occurs when the 
rate of photon absorption exceeds the rate of electron turnover in Photosystem II, the 
first protein complex in the light- dependent reactions. Photoinhibition is manifested 
by an inactivation of PS II (Long et al., 1994), an increase in heat dissipation (non-
photochemical quenching),  and in a reduction in maximum quantum yield, in CO2 
uptake, Pmax, in the degree of convexity θ of the P-E curve (Leverenz et al., 1990; Long et 
al., 1994) and in the Fv/Fm ratio (variable to maximum fluorescence- a measure of the 
potential quantum efficiency of the photochemical reaction in PS II) (Franklin et al., 
2003; Ralph and Gademann, 2005; Vonshak and Torzillo, 2004). Photoinhibition often 
occurs in natural phytoplankton assemblages and macroalgae in the field (du Preez et 
al., 1990; Hanelt, 1996; Huppertz et al., 1990; Sukenik et al., 2009) as well as in outdoor 
microalgal cultures (Masojidek et al., 2010; Molina et al., 2001; Pushparaj et al., 1995; 
Torzillo et al., 1998; Ugwu et al., 2007; Vonshak et al., 1996) and is further exacerbated at 
sub-optimal temperatures and high oxygen concentrations (Ugwu et al., 2007; Vonshak 
et al., 1994). It is a major limiting factor in the large-scale cultivation of microalgae as 
photosynthesis is considerably lowered during peak hours of sunlight and full 
photosynthetic capacity is only recovered in the evening or by the next day.  
Physiological and biochemical responses to photoinhibition include 
photoprotection, photoinactivation and photoacclimation. Photoprotection prevents 
excessive light absorption through dissipation of excess excitation energy (thermal 
dissipation) and through the removal of active oxygen species such as the superoxide 
anion radical O2- and the singlet oxygen 1O2 (Demmig-Adams and Adams, 1992; 
Franklin et al., 2003). Photoinactivation is characterised by an accumulation of non-
functional PS II complexes (Franklin et al., 2003; Smith et al., 1990). Photoacclimation, 
on the other hand, is associated with a change in the concentrations and relative 
proportions of light-harvesting and photoprotective pigments, in the cellular 
ultrastructure (increase in number of thylakoids to accommodate the additional 
pigment molecules) and the photosynthetic unit size (Dubinsky and Stambler, 2009; 
Falkowski and LaRoche, 1991; Levy and Gantt, 1988; MacIntyre et al., 2002; Richardson 
et al., 1983). A common trend observed in cells grown under prolonged high light is a 
decrease in total chlorophyll content (phycobilins, chlorophylls, fucoxanthin and 
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peridinin) followed by an increase in accessory pigments such as carotenoids like β-
carotene and astaxanthin, whereas the opposite trend takes place, in cells acclimated to 
low irradiance (Dubinsky and Stambler, 2009; Falkowski and LaRoche, 1991; Levy and 
Gantt, 1988; MacIntyre et al., 2002; Richardson et al., 1983). A change in the number or 
size of photosynthetic units (PSU) also can occur in parallel to the change in pigment 
ratios and appears to be species-specific (Dubinsky and Stambler, 2009; Falkowski and 
Owens, 1980; Post et al., 1985; Richardson et al., 1983).  
The photosynthetic response of  low-light (LL) and high-light (HL) acclimated 
cells differ appreciably, since the former category of cells is effectively being inhibited 
and self-shaded by the higher chlorophyll content and the latter category of cells is 
being limited by the reduced number of chlorophyll molecules (MacIntyre et al., 2002; 
Vonshak and Torzillo, 2004). HL-acclimated cells typically hav higher Pmax and higher 
Ik but lower α (or photosynthetic efficiency) values, whereas the opposite is true of LL-
acclimated cells (Falkowski and LaRoche, 1991; Grobbelaar et al., 1992; Levy and Gantt, 
1988; Vonshak and Torzillo, 2004). Hence, outdoor cultures acclimated to high light 
and with less chlorophyll generally yield better productivities (Hu and Richmond, 
1994; Melis et al., 1998; Nakajima and Ueda, 1999; Vonshak and Guy, 1992). It has been 
found that by using a combination of both HL and LL-acclimated cells, a broader range 
of light intensities can be utilised and to higher efficiency, thereby potentially resulting 
in even higher biomass productivities. This was shown by Grobbelaar and Kurano 
(2003) who reported a 37% increase in biomass productivity of the cyanobacterium 
Synechocystis aquatilis in a multicompartment reactor which was designed to create a 
high-to-low light gradient in the culture. There is thus great scope to further develop 
and improve outdoor culture systems, besides employing strategies such as higher 
turbulence, shading and high cell densities, to make cultures less prone to 
photoinhibition but instead more productive with respect to light intensity. 
Photoperiod 
Microalgal cells grown outdoors experience 3 types of photoperiods: seasonal, 
diurnal and the in situ L/D cycle caused by turbulence within the culture system. 
Diurnal and in situ L/D cycles are the most influential on outdoor microalgal growth 
and productivity, with the latter type being the most important as it can be 
manipulated to improve photosynthetic efficiency. Diurnal L/D cycles of the order of 
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hours and days influence the periodicity of cell division and synchronisation, the 
circadian rhythm of photosynthesis and regulation of ‘formative metabolism’ which 
involves nutrient metabolism, synthesis of organic components and structural elements 
of cells (Paasche, 1968; Shifrin and Chisholm, 1981; Sicko-Goad and Andresen, 1991; 
Tamiya et al., 1953; Thompson, 1999). Growth rates generally increase with increasing 
daylength and differences in growth rate patterns are mainly due to interspecific 
variation. Thus, for example, increasing the daylength from < 5 h to 24 h resulted in a 
gradual  increase in growth rates in Thalassiosira pseudonana (Thompson, 1999),  
Nitzschia turgidula (Paasche, 1968) and Tetraselmis chui (Meseck et al., 2005), while no 
significant differences in growth rates was observed between 12:12 h L/D and 24:0 h 
L/D in Isochrysis galbana T-ISO (Tzovenis et al., 1997), whereas growth in Ditylum 
brightwellii declined appreciably under continuous illumination, especially at high light 
intensity (Paasche, 1968). 
Shorter L/D cycles experienced by the algal cells as they shift between the 
euphotic and dark zones of the culture system during mixing are of the order of 
seconds to milliseconds and resemble the flashing light effect as described by Kok 
(1953), which is believed to play an important role in improving the photosynthetic 
efficiency of the cells. The premise of rapid bursts of intermittent light and dark is to 
provide photoenergy at the same rate of electron turnover between PS I and PS II 
which is with the second to millisecond range (Grobbelaar, 2009c; Lavorel, 1975) such 
that photoenergy is efficiently used rather than dissipated. L/D frequencies below 1 Hz 
may not be sufficient to result in any significant change in productivity (Grobbelaar, 
1991), although Laws et al. (1983) reported a doubling in productivity in outdoor 
flumes at L/D frequencies 0.5–1 Hz. Recent attempts at improving the photosynthetic 
efficiency of photobioreactors aim at creating enough turbulence to generate L/D cycles 
of the order of 1.0-1.5 Hz or higher (Molina Grima et al., 2000). The work by Kok (1953) 
showed that L/D frequencies between 1-10 Hz were conducive for increased 
photosynthetic efficiencies. Higher frequencies may be associated with too much 
turbulence and shear that cell damage may ensue.  
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Light quality 
Besides the amount and intensity of light, spectral quality also plays an 
essential role in photosynthesis and in cell growth, although its effect has not been 
widely investigated, at least not for outdoor reactors, where it could be of significance, 
as the use of the full solar energy is already challenged by inefficient capture and 
unequal distribution through the water column (Richmond, 2004b). Photosynthetic and 
metabolic responses appear to be species-specific, owing to the complement of 
pigments inherent of microalgal species. In general, white light results in an 
intermediate photosynthetic response, whereas appreciable inter-specific differences 
can be observed at either blue-green or red wavelengths. Thus, Aidar et al. (1994) 
determined that photosynthesis and growth rate in Tetraselmis gracilis was enhanced in 
red light as compared to white and blue lights, whereas both blue and red light 
stimulated photosynthesis in the diatom Cyclotella caspia, while blue light resulted in 
higher growth rates. Likewise, faster growth and higher photosynthetic rates in 
Dunaliella tertiolecta and Cyclotella nana were achieved in blue light, and both blue and 
green lights led to an increase in protein/carbohydrate ratios as compared to white 
light (Wallen and Geen, 1971). Different light spectra can also influence the optimum 
N:P ratio, as shown for Dunaliella tertiolecta, Phaeodactylum tricornutum, Prymnesium 
parvum and Thalassiosira pseudonana (Wynne and Rhee, 1986). Ultraviolet (UV-A and 
UV-B) radiation is particularly damaging and often results in reduced photosynthesis 
(Franklin et al., 2003; Godward, 1962) and growth rates (Bothwell et al., 1993; Jokiel and 
York Jr, 1984; Karentz et al., 1991a), a change in lipid contents (Skerratt et al., 1998) and 
in DNA damage (Karentz et al., 1991a). 
 
Temperature 
Temperature influences the growth of photoautotrophs primarily through its 
control of enzyme kinetics (Davison, 1991; Raven and Geider, 1988), through 
metabolite degradation or synthesis, and through the change in conformation of vital 
structures such as cell membranes (Fogg, 2001).  
Growth rates with respect to an increase in temperature is either exponential 
(Eppley, 1972; Goldman and Carpenter, 1974; Thompson et al., 1992a) or linear in the 
13 
case of nutrient-limited cultures (Rhee and Gotham, 1981). While most microalgae are 
able to adjust and adapt to short as well as long-term changes in temperature, each 
species and strain has a characteristic temperature optimum (Eppley, 1972; Oliveira et 
al., 1999; Payer et al., 1980; Renaud et al., 2002) and either display stenothermal 
(tolerance to a narrow temperature range) or eurythermal (broad temperature 
tolerance) properties (Marrè, 1962). Thus, typical temperature optima for polar 
microalgae are usually below 10 °C (Marrè, 1962; Teoh et al., 2004), around 10-25 °C for 
temperate algae (Barsanti and Gualtieri, 2006; Nelson et al., 1992), close and beyond 25 
°C for tropical species (Renaud et al., 2002) and between 25 and 35 °C for desert algae 
(Thomas et al., 1984b). 
Adaptation to changes in temperature involves a variety of responses in both 
the physiology and biochemistry of microalgae. Photosynthesis, respiration, Ic, Ik, and 
possibly α, increase with a rise in temperature (Davison, 1991), with photosynthesis 
commonly associated with a Q10 (factor by which reaction rates increase with a 10°C 
increase in temperature) of approximately 2, although the latter value can vary 
between species and culture conditions (Davison, 1991). Compared to algae acclimated 
to higher temperatures, low-temperature acclimated algae demonstrate higher Pmax, Ic 
and Ik, increased resistance to low temperature- induced photoinhibition, a reduced 
sensitivity to changes in temperature (lower Q10 values) and to high temperatures 
(Davison, 1991; Hanelt et al., 2003). As part of enhanced photosynthetic rates, nutrient 
assimilation also increases at higher temperatures (Jiménez and Niell, 1991) and the 
resulting carbon and nitrogen quotas (cell content) typically follow a U-shape pattern, 
with lowest quotas observed at intermediate temperatures (Goldman and Mann, 1980; 
Thompson et al., 1992a). A widespread occurrence of the effect of temperature on algal 
lipids is an increase in the degree of unsaturation of fatty acids at low temperature and 
an increase in fatty acid saturation at high temperature (Harris and James, 1969; Sato 
and Murata, 1981; Thompson, 1993; Thompson et al., 1992b). The higher proportion of 
the polyunsaturated fatty acids at low temperatures, which could be also the result of 
higher oxygen concentration, is believed to serve as a mechanism to maintain 
membrane fluidity and function (Hitchcock and Nichols, 1971; Singh et al., 2002). 
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Temperature influences species dominance and succession in natural 
phytoplankton populations and in outdoor cultures (Andersson et al., 1994; Goldman 
and Ryther, 1976; Karentz and Smayda, 1984; Regan and Ivancic, 1984). In mixed 
phytoplankton assemblages in outdoor cultures, Skeletonema costatum tends to 
dominate at temperatures below 12 °C (de Pauw, 1980; Persoone and Claus, 1980), 
whereas Phaeodactylum tricornutum prevails between 12-20 °C (de Pauw, 1980; Persoone 
and Claus, 1980) while cyanobacteria typically dominate at temperatures beyond 30 °C 
(Regan and Ivancic, 1984). Temperature can even influence dominance of different 
species of the same genera. For example, Spirulina platensis has optimal temperatures at 
35-37 °C whereas Spirulina minor grows best between 22 °C to 27 °C (Richmond et al., 
1990). Knowledge of species dominance at different temperatures is thus of critical 
importance in the management of unialgal outdoor cultures.  
 
Oxygen  
One major constraint encountered in all types of microalgal culture systems is 
the build-up of oxygen (up to 4-5x saturation with respect to air) in actively growing 
cultures maintained at high cell densities (Tredici, 2004). It represents a critical hurdle 
in closed reactors where it accumulates to excessive levels and cannot be outgassed as 
efficiently as in open cultures (Camacho Rubio et al., 1999; Richmond et al., 1993; 
Weissman et al., 1988). High [O2] is counter-productive because it promotes 
photorespiration and can lead to irreversible photooxidative damage (Hartig et al., 
1988; Hu and Richmond, 1994; Richmond et al., 1993). Photorespiration is a process by 
which organic carbon is converted to CO2 and other compounds without any metabolic 
gain. High [O2] promotes the oxygenase activity of RuBisCO (ribulose 1,5- biphosphate 
carboxylase/oxygenase)  and results in the preferential uptake of O2 rather than CO2 
(Beardall, 1989; Beardall et al., 2003). O2 metabolism by oxygenase results in the 
formation of phosphoglycolate, which upon dephosphorylation, yields glycolate. 
Under certain circumstances, the glycolate produced is excreted rather than used for 
further metabolism, where as much as 20-24% of the total fixed C can be lost, as 
estimated by Leboulanger et al. (1998) for Dunaliella tertiolecta and by Moroney et al. 
(1986) for Chlamydomonas reinhardtii. Photorespiration, the effect of which is further 
exacerbated at high [O2], light and temperature, therefore accounts for a significant loss 
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of fixed carbon and indisputably results in appreciable declines in biomass 
productivities (Hartig et al., 1988). High [O2] can also increase the rate of non enzyme-
catalysed photoreduction reactions of O2 which result in an increase in the amount of 
active oxygen species like O2-, hence leading to enhanced photooxidative damage to the 
photosynthetic apparatus (Richmond et al., 1993; Vonshak et al., 1996). 
Oxygen inhibition can be minimised by maintaining a high CO2/O2 ratio in 
microalgal cultures, by improving oxygen stripping/degassing methods and by 
enhancing the activity of carbon concentrating mechanisms to promote the carboxylase 
activity of RuBisCO.  
 
pH 
pH determines the extent of ionisation of chemical compounds and biochemical 
metabolites and consequently has a non-negligible influence on their uptake and 
reactivity. Specific pH-dependent processes which are of prime importance in 
microalgal cultivation are: speciation and differential availability of inorganic carbon 
species (CO2/HCO3-/CO32-) in the culture medium (Azov, 1982; Emerson and Green, 
1938; Moss, 1973); co-precipitation of phosphate with calcium, magnesium and 
carbonate at high carbonate levels;  low solubility and availability of trace metals at 
high pH (Sunda et al., 2005), intracellular pH regulation, and changes in the uptake of 
essential nutrients such as nitrate and phosphate (Meseck and Smith, 2004; Smith and 
Meseck, 2004; Meseck et al., 2007).  
One important aspect of pH is its effect on microalgal species dominance in 
mixed phytoplankton population, hence its relevance in maintaining unialgal cultures 
in outdoor cultures, particularly in open systems where environmental variables are 
less easily controlled. It has been shown that pH plays a critical part in species 
competition and dominance in mixed phytoplankton populations (Goldman et al., 
1982c; Hansen, 2002) and this mostly stems from the differential affinity of different 
microalgal species for either CO2, HCO3- or both, and for other ions. Thus, many 
cyanobacteria tend to prefer alkaline environments and dominate at a pH between 8-10 
(Meseck, 2007), e.g. Spirulina, presumably due to their ability to utilise dihydrogen 
phosphate ion (H2PO4-), hydrogen phosphate ion (HPO42-) (dominant phosphate ions in 
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alkaline solutions) (Ritchie et al., 1997) and bicarbonate (Richmond et al., 1982), while 
many marine species cannot tolerate alkaline pH values above 9.5 (Goldman et al., 
1982a). Phaeodactylum tricornutum seems to be particularly insensitive over a wide pH 
range and is able to grow at pH >10, making it one of the most common contaminants 
in poorly-buffered microalgal cultures (Goldman et al., 1982a; Goldman et al., 1982c).  
 
Nutrients 
After light, nutrients and CO2 are the most crucial factors limiting growth in 
microalgae. Sustained fast growth and biomass production require that nitrogen, 
phosphorus and carbon are available in non-limiting amounts as they are essential 
components of proteins, enzymes, lipids, genetic materials (RNA, DNA), energy-
transfer molecules (ATP, ADP) and other cellular constituents. Iron, a key chemical 
component in photosynthesis, is also a major limiting nutrient and its limiting effect on 
microalgal growth is well-illustrated particularly at the oceanic scale where low 
primary productivity is often associated with iron-deficient waters despite the 
abundant supply of other essential nutrients (Banse, 1991; Martin et al., 1991). 
Microalgae are good nutrient scavengers due to their wide range of nutrient 
acquisition strategies which include mechanisms that increase the range of chemical 
forms that can be accessed (e.g. NH4+, NO3– ,NO2-, (NH2)2CO and amino acids for 
nitrogen; CO2 or HCO3- in photoautotrophic algae, and organic carbon compounds 
such as sugars or amino acids in heterotrophs) and the range of concentrations that can 
be taken up, as well as mechanisms geared towards a fast response to the surrounding 
nutrient environment (Goldman and Glibert, 1982; Ketchum, 1939). Microalgae are also 
capable of sequestering nutrients far in excess of the immediate needs for growth and 
maintenance, a phenomenon known as luxury nutrient uptake which is commonly 
observed when nutrients are abundant. This applies particularly to phosphate 
assimilation (Portielje and Lijklema, 1994; Powell et al., 2008; Riegman et al., 2000; 
Ritchie et al., 1997; Wagner and Falkner, 2001). 
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There are several aspects of nutrition which impact on microalgal growth and 
they are: (a) type of nutrient source and nutrient assimilation, (b) nutrient quantity and 
(c) the relative proportions of C, N and P and the interaction between these 3 essential 
elements.  
 
Nutrient source 
Of the nutrients which limit algal growth, nitrogen and carbon are the most 
extensively investigated. Of the 3 most commonly used N-compound- nitrate, urea and 
ammonium– the latter is more readily assimilated than other nitrogen sources, and 
often leads to a repression of nitrate and urea uptake when either compound are 
supplied simultaneously (Kerby et al., 1989; Molloy and Syrett, 1988; Owens and 
Esaias, 1976; Syrett, 1962). However, the likelihood of ammonium toxicity is higher 
than with other nitrogen sources, the inhibitory effect being most likely linked to the 
increase in intracellular pH owing to the penetration of undissociated ammonium 
hydroxide molecules (Syrett, 1962), coupled with adverse effects on ribulose 
biphosphate (RuBP) concentration and consequently on photosynthetic carbon fixation 
(Elrifi et al., 1988). 
Microalgal growth inhibition arising from the type of nitrogen source is largely 
related to changes in pH resulting from the dissociation and conversion of the N-
compound into other chemical forms, especially in poorly buffered algal cultures. For 
example, pH in nitrate-based media usually increases due to the release of hydroxide 
ions, whereas the opposite is true of ammonium-enriched media which contains a 
higher concentration of hydrogen ions, while no change in pH or alkanity is associated 
with urea utilisation (Goldman et al., 1982b). Thus, depending on the type of nitrogen 
source supplied, growth can be stimulated or severely inhibited in certain types of 
algae. In a study comparing the effect of nitrogen source on growth of 10 marine 
microalgae, Lourenço et al. (2002) reported complete growth inhibition in Hillea sp. and 
Prorocentrum minimum grown on ammonium whereas growth on the same N-source 
was enhanced in Phaeodactylum tricornutum and Synechoccocus subsalsus. On the other 
hand growth was maintained in all algal species whenever nitrate or urea was used, 
with growth rates differing little between these two N-sources. In Neochloris 
oleoabundans, urea and ammonium clearly impacted on growth and resulted in a 50% 
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decrease in lipid content as compared to the culture grown on nitrate (Li et al., 2008). In 
contrast, Isochrysis galbana grown on nitrate, nitrite and urea shown no differential 
response to the N-source, and growth and biochemical composition remain almost 
similar across all nutrient treatments (Fidalgo et al., 1998).  
With regards to the effect of different salts of the same nitrogen species, 
Fábregas  et al. (1989) determined that the resulting effect of different ammonium 
compounds on the growth and final cell density of Dunaliella tertiolecta was solely a 
function of the ammonium concentration and not of the ammonium compound used. 
Carbon uptake and utilisation in photoautotrophic algae is achieved in a 
number of ways, either by increasing the CO2 permeability of membranes, by 
enhancing the activity of carbonic anhydrases, by increasing the efficiency of carbon–
concentrating mechanisms (CCMs) or a combination of all these processes. Carbonic 
anhydrases (CAs) greatly enhances the interconversion of CO2 and HCO3- process and 
increases the rate of CO2 supply to the chloroplast, which is usually a rather slow 
process, and can also participate in carboxylation-decarboxylation reactions and in the 
transport of CO2 and/or HCO3- across membranes (Beardall, 1981; Burns and Beardall, 
1987; Owens and Esaias, 1976; Sültemeyer, 1998). The 3 principal processes associated 
with CCMs are: (1) active transport of CO2 and/or HCO3- across membranes, (2) CO2 
pumping by a biochemical mechanism analogous to that found in higher land plants 
and (3) active transport of H+, which in the presence of HCO3-, provides a higher [CO2] 
closer to RuBisCO (Raven and Beardall, 2003). All three routes of inorganic carbon 
assimilation are affected by external environmental factors such as temperature, 
salinity, pH, light and nutrients, external [CO2] (more particularly for CAs) as well as 
by enzyme inhibitors and mutation (Aizawa and Miyachi, 1986; Beardall et al., 1998). 
The availability of CO2 and HCO3- in microalgal cultures is largely pH-
dependent (Emerson and Green, 1938; Moss, 1973; Owens and Esaias, 1976) such that 
growth limitation related to carbon source in photoautotrophic microalgae can be 
conveniently managed by CO2 supply or addition of carbonate salts. 
Heterotrophic growth allows for a wider range of carbon sources to be used, 
however, dependence on different organic carbon source is again species-specific. For 
example, it was observed that acetate as a sole carbon source (unspecified 
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concentration) in Chlamydomonas reinhardtii was growth-inhibiting due to its effect on 
the oxidation-reduction state of the plastoquinone pool and on the amount and/or 
activity of RuBisCO in the chloroplast. Susequent treatment with 25 mM sodium 
bicarbonate restored the photosynthetic activity (Polle et al., 2000). On the other hand, 
Phaeodactylum tricornutum UTEX-640 showed stronger preference for 0.1 M glycerol 
over starch, lactic acid, glycine, glucose and acetate (Garcia et al., 2005). Furthermore, 
the biomass and eicosapentaenoic acid productivities obtained from heterotrophic 
growth were significantly higher than those obtained from photoautotrophic growth 
(Garcia et al., 2005). 
Nutrient quantity 
For most nutrients used in the cultivation of microalgae, there exists a range of 
concentrations at which cellular metabolic activities are in equilibrium and cell division 
is maximum. Beyond this range, growth is still sustained until the nutrient 
concentration becomes growth-inhibitory. However, addition of surplus nutrients to 
overcome that growth-inhibition effect is usually ineffective and wasteful, since 
nutrient assimilation and efficiency of nutrient transformation in most microalgae is 
determined by an upper threshold which is set by other environmental factors. Thus, 
in a study determining the effect of various nitrogen concentrations on Tetraselmis 
suecica growth and protein content, maximum cell density and growth rate were 
achieved at 16 mM NaNO3 as compared to 2, 4, and 8 mM (Fábregas et al., 1985b). 
However, the efficiency of nitrogen transformation, i.e. the degree of converting the 
nitrate-N in the culture medium into protein-N by the cells, was maximal at 2 mM 
NaNO3 and declined sharply at higher nitrate concentrations. Manipulation of the 
upper limit of nutrient supply in culture media is therefore predominantly dictated by 
economic factors and can be readily controlled.  
Nutrient deficiency, on the other hand, is a major limiting factor in the 
cultivation of microalgae as it directly impacts on the cellular metabolic activities and 
biochemical constituents, thereby creating a physiological imbalance which ultimately 
results in lower photosynthetic activity, slower growth and lower biomass 
productivities. In terms of photosynthetic functioning, N-limitation affects the 
apparent absorption cross-section of PSII and the efficiency of energy transfer from 
light-harvesting complexes (LHC) to reaction centre (RC) II, and also can cause a 
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decline in RuBisCO (Turpin, 1991). N-limitation may however have a stimulatory effect 
on the activity of the carbon–concentrating mechanism (CCM), at least in Chlorella 
emersonii (Beardall et al., 1998). P-limitation, on the other hand, seems to repress the 
CCM activity and generally leads to lower photosynthesis (Beardall et al., 1998). 
Carbon limitation is a common problem in poorly- run cultures and is typically 
diagnosed by a spike in growth rate, biomass formation or accumulation of a cellular 
component following addition of a carbon source. For example, the carbohydrate 
content in P. tricornutum grown in a tubular photobioreactor changed little with 
increasing cell density or irradiance (Chrismadha and Borowitzka, 1994). However, 
upon addition of 5% CO2, there was a marked increase cell density and in 
carbohydrates. Similarly, improvement in culture performance in almost every aspect 
(cell density, growth rate, biomass, protein content, but not lipid and carbohydrate) 
was observed when carbon dioxide was added to batch cultures of Chaetoceros cf. 
wighamii (de Castro Araújo and Garcia, 2005). 
At the biochemical level, nutrient deficiency is usually manifested by a decrease 
in protein and nitrogenous photosynthetic pigment (chlorophylls, phycobilins) content 
accompanied by an increase in accessory pigments and a marked shift in the relative 
proportions of biochemical compounds, otherwise interpreted as changes in N/C, P/C 
and N/P ratios (Ganf et al., 1986; Harrison et al., 1990; Piorreck et al., 1984a; Reitan et al., 
1994; Shehawy and Kleiner, 2001; Turpin, 1991). The recognition that nutrient 
deficiency causes the enhanced production of a particular biochemical product has 
provided the basis for the production of some lucrative microalgal-derived 
compounds. For example, polysaccharide synthesis in the red alga Porphyridium is sped 
up by transferring the algae into low nitrate-medium (Vonshak, 1988); astaxanthin 
production is induced under phosphate starvation in Haematococcus pluvialis (Boussiba 
and Vonshak, 1991); β- carotene accumulation in Dunaliella bardawil is stimulated upon 
nitrogen limitation (Ben-Amotz and Avron, 1983b).  
Nutrient deficiency, especially from nitrogen limitation or starvation, is 
commonly linked with an increase in lipid accumulation, and more specifically in the 
triglyceride content, in most microalgal species (Alonso et al., 2000; Ben-Amotz et al., 
1985; Iwamoto et al., 1955; Li et al., 2008; Roessler, 1990; Shifrin and Chisholm, 1981; 
Spoehr and Milner, 1949; Suen et al., 1987; Takagi et al., 2000; Yamaberi et al., 1998). 
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Silicate deficiency has a pronounced effect on lipid accumulation on diatoms (Opute, 
1974b; Roessler, 1988; Tadros and Johansen, 1988; Taguchi et al., 1987) while 
phosphorus limitation seems to exert little influence on lipid accumulation and 
content. The latter effect, however, appears to be species-specific since Khozin-
Goldberg and Cohen (2006) reported an increase in the triglyceride content of Monodus 
subterraneus from 6.5% to 39.3% of dry weight when the culture was completely 
phosphate-deprived, whereas in a study by Mercz (1994), no difference in lipid content 
was observed when Tetraselmis sp. MUR 167 was grown at different phosphate 
concentrations. On the other hand, Reitan  et al. (1994) reported a decrease in lipid 
content in Nannochloris atomus and Tetraselmis sp. with increasing phosphorus 
limitation.  
Interaction between C, N and P  
Another aspect of algal nutrition and growth which deserve equal, if not more, 
consideration is the synergistic stimulatory effect of supplying 2 or more essential 
elements to the culture medium. Contrary to the postulation made by Droop (1974) 
who said that the growth rate of an organism may be limited by just a single resource, 
co- and multiple nutrient limitations are in effect possible and more common. In his 
work on the response of natural phytoplankton assemblages to a series of nutrient 
enrichment experiments, Davies (1988) clearly showed that carbon fixation and growth 
rate at any given ammonium concentration was drastically enhanced when phosphate 
was added to the system and the same effect was observed when ammonium was 
treated as the second independent variable. Likewise, upon comparing nutrient uptake 
by Tetraselmis chui PLY 429 with and without carbon dioxide addition, Meseck  et al. 
(2007) found that ammonium uptake was significantly enhanced in the presence of 
carbon dioxide, and the degree of nitrate uptake was less, whereas no difference in 
phosphate uptake was detected when carbon dioxide was added to the system. 
Therefore, it appears that even if microalgal growth is not inhibited by nutrients 
available individually, growth rates and biomass productivities can be significantly 
enhanced by adding those nutrients together and in the appropriate relative 
proportions (Fábregas et al., 2000). In either case, it is also important to dose the relative 
amount of nutrients in proportions close to the elemental composition of the 
microalgae. Nitrogen and phosphorus concentrations in most common microalgal 
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culture medium recipe correspond to a N:P ratio of 16:1, which relates to the average 
contents of nutrient elements in most algae, commonly represented by the Redfield 
C:N:P ratio of 106:16:1. Based on this ratio, cultures with ratios less than 16 are 
considered nitrogen-limited with respect to P, whereas ratios more than 16 are most 
likely P-limited. Recently, Ho et al. (2003) analysed the stoichiometric proportions of 
these 3 essential elements as well as other elements based on 15 marine eukaryotic 
photyplankton species and reported a more complete microalgal elemental formula 
given by: 
(C124N16P1S1.3K1.7Mg0.56Ca0.5)1000Sr5.0Fe7.5Zn0.80Cu0.38Co0.19Cd0.21Mo0.03 
   This revised microalgal elemental stoichiometry, though fairly similar to the 
original Redfield ratio, is only a rough guide and is subject to change and revision 
according to species as well as growth conditions, especially with regards to nutrient 
loads in the culture medium (Geider and La Roche, 2002; Goldman et al., 1979; Ho et al., 
2003). Suffice to say though that it provides a good basis for ensuring that microalgal 
cultures are supplied with the minimum nutritional requirements to maintain basic 
growth. 
Nutrient uptake, especially for nitrate and phosphate, is light-dependent 
(Kerby et al., 1989; Ketchum, 1939; Syrett, 1962). For example, Meseck  et al. (2005) 
reported that longer day length and higher light intensities in Tetraselmis chui cultures 
resulted in higher biomass production and complete utilisation of nitrate and 
phosphate in less time, compared with shorter days and lower intensities. Maintaining 
Haematococcus pluvialis in N- sufficient + high light conditions resulted in close to a 3- 
fold increase in astaxanthin yield as compared to cells maintained in N-sufficient + low 
light (Fábregas et al., 2003; García-Malea et al., 2008). The light- nutrient interaction is 
thus a critical component of microalgal physiology and plays an important part in the 
proper management of outdoor cultures where the light regime and intensity are more 
variable. 
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Salinity 
The effect of salinity on microalgal growth relates to osmoregulation, which in 
microalgae, is achieved through diverse strategies. Salinity is usually growth-limiting 
at the extremes of salt tolerance in some microalgal species, i.e in hypotonic (low salt 
concentration) or hypertonic (high salt concentration) media. The inability to 
equilibriate the internal osmotic pressure with the external osmotic pressure can either 
lead to plasmolysis, leading to inhibition of photosynthesis and other functions, or 
result in distension ultimately leading to cell bursting (Fogg, 2001; Kirst, 1989). 
Osmoregulation in microalgae may be achieved by the regulated uptake of ions (Kirst, 
1977; Strizh et al., 2004), the synthesis of uncharged low-molecular weight osmotically 
active compounds (glycerol, mannitol, sucrose, proline, floridoside) compatible with 
metabolic processes, or the expulsion of water or compatible solutes (Borowitzka and 
Brown, 1974; Iwamoto and Shiraiwa, 2005; Kirst, 1988b, 1989; Reed and Stewart, 1988). 
In species with rigid cell walls, osmotic pressure is counterbalanced with turgor 
pressure, as observed in some cyanobacteria which can synthesise trehalose to create 
positive turgor within the cells (Kirst, 1988b; Reed and Stewart, 1983, 1988). The energy 
required in producing the compatible solutes, in retaining cell size and in ion exchange 
inevitably results in an enhancement in respiration and a transient repression in 
photosynthesis until a new steady state of growth is achieved (Hellebust, 1976b; 
Jeanjean et al., 1993; Lu and Vonshak, 1999; Vonshak and Richmond, 1981). In Spirulina 
platensis, salt stress was associated with a decrease in PS II activity, in the overall 
activity of the electron transport chain and accompanied by an increase in PS I activity 
and in respiration (Lu and Vonshak, 1999). In highly saline environments where salt 
concentrations and pH are generally high, and the solubility of carbon dioxide is very 
low, photosynthesis in halophilic microalgae may be sustained by external and internal 
carbonic anhydrases whose activity is enhanced by the high salt content (Dionisio-Sese 
and Miyachi, 1992; Fisher et al., 1996). 
In general, an increase in salinity leads to reduced growth rates in almost all 
species (Ben-Amotz et al., 1985), even in the highly halophilic alga D. salina grown from 
2.5% NaCl to 30% NaCl (Al-Hasan et al., 1987). Some common biochemical changes 
occurring in cells exposed to high salinity include an increase in ash content (Ben-
Amotz et al., 1985; Renaud and Parry, 1994), possible protein synthesis inhibition 
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(Ahmad and Helleburst, 1993), an increase in carotenoid content in Dunaliella (Ben-
Amotz and Avron, 1983b; Borowitzka et al., 1990) and in astaxanthin content in 
Haematococcus pluvialis (Boussiba and Vonshak, 1991).  Lipid contents and fatty acid 
saturation may vary, although there is a tendency for an accumulation of total lipids, 
especially triglycerides (Elenkov et al., 1996), presumably due to slower growth. 
 
Mixing, turbulence and shear 
Mixing and turbulence are essential in the maintenance of microalgal cultures 
in both closed and open culture systems. Advantages associated with a well-mixed 
culture are: minimal thermal and gaseous stratification in the water column, reduced 
photoinhibition in the upper layers of the culture, minimal cell sedimentation, 
improved gas exchange at the air/water interface allowing for culture carbonation and 
outgassing of O2, reduction in the boundary layer around cells thus allowing for better 
diffusion of nutrients and gas exchange across cell membranes, and finally, a more 
heterogenous L/D cycle incident on the cells as they are being constantly shifted 
between the dark and light zones of the culture. Consequently, well-mixed microalgal 
cultures are in much more stable equilibriated state characterised by a more stable pH 
pattern (Persoone et al., 1980), a more efficient exchange of nutrients and metabolites 
(Grobbelaar, 1994), reduced dissolved oxygen levels (Chini Zittelli et al., 2006) and a 
more favourable L/D cycle, which at high enough frequencies (e.g. 1- 10 Hz), can result 
in the flashing light effect (Grobbelaar et al., 1996; Kok, 1953) which has resulted in 
enhanced biomass productivities in some instances (Laws et al., 1983). The synergistic 
effect of all these factors combined allows for faster growth and cultivation at higher 
cell densities as compared to unmixed or slow-mixed cultures, ultimately resulting in 
higher biomass productivities (Richmond, 1992; Richmond et al., 1980; Richmond and 
Zou, 1999).  
While the benefits of mixing and turbulence are clear, it must also be 
considered that high mixing rates and turbulence are associated with high power 
consumption and can lead to cell death as a result of physical cell damage and 
physiological impairment (cell breakage, flagellar loss), arising from gas bubble 
formation and cavitation (Barbosa, 2004; Sobczuk et al., 2006) and/or pumping (Acién- 
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Fernández et al., 2003). The extent to which shear stress affects microalgal cells depends 
on the cell size, presence of cell wall, existence of large vacuole and tendency to 
aggregate (Kieran et al., 2000). Thus some microalgal species can be more or less 
sensitive to shear stress, for example Phaedactylum tricornutum versus Porphyridum 
cruentum (Sobczuk et al., 2006) and it seems that shear tolerance can be broadly 
classified according to microalgal groups in the following order: green algae < blue-
green algae < diatoms < dinoflagellates, with green algae being the most shear-tolerant 
(Thomas and Gibson, 1990). Cell damage is undesirable for various reasons, the most 
important being the direct impact it has on the standing crop and biomass 
productivity. In addition, cell damage promotes culture deterioration through 
increased bacterial activity due to the higher organic load originating from burst cells, 
as well as through the accumulation of cell debris which increases clumping and 
provides an attachment point for other organisms. 
 
Contamination 
Chemical and biological contamination represents a major stumbling block in 
the cultivation of microalgae because all levels of biomass production are affected, 
from the culture health right to the quality and quantity of products formed. Common 
sources of chemical contamination are: the culture water, fertilisers or emissions from 
industrial waste gases. Contaminants introduced to microalgal cultures in such manner 
are usually the heavy metals such as lead, cadmium, mercury and arsenic and 
organochlorine pesticides (Becker and Venkataraman, 1980; Kajan et al., 1992; Yannai et 
al., 1980) which the algae readily uptake and bio-accumulate (Kaplan, 2004), thus 
rendering the final algal biomass product potentially toxic for animal and human 
consumption.  
Another form of chemical contamination is the formation and release of growth 
inhibitors by some algae (Harris, 1970) which at high cell densities and upon medium 
recycling, can reach high enough concentrations to significantly impact on the culture 
productivity (Richmond and Zou, 1999; Rodolfi et al., 2003). Some free fatty acids such 
as 15-hydroxyeicosapentaenoic acid, palmitoleic acid, palmitic acid and monosaturated 
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oleic acid have been identified as strong growth inhibitors (Bosma et al., 2008; Imada et 
al., 1992; Richmond, 2000). 
Foreign microorganisms such as fungi, bacteria, viruses, protozoa, predatory 
zooplankton as well as other unwanted algae can lead to unstable growth conditions 
and to the quick demise of healthy microalgal cultures. Culture loss, sometimes 
occurring overnight, has been attributed to fungal contamination from Chytridrium sp. 
in raceway ponds and in high-rate oxidation ponds (Abeliovich, 1980; Sinchumpasak, 
1980).  
Bacterial infection can also occur and their presence in the culture usually 
increases turbidity, thus reducing the amount of light available to the microalgal cells. 
Parasitism and predation by lytic bacteria (Bdellovibrio), phycoviruses and cyanophages 
have also been documented and are sometimes the main cause of mass mortalities of 
algal or cyanobacterial cultures (Shilo, 1980). 
Predation by zooplankton, especially in open culture systems such as coastal 
lagoons (Borowitzka et al., 1984) can be particularly destructive, while the presence of 
other microalgal species often results in unstable growth, species competition and 
overtaking, resulting in unreliable biomass productivities. Factors affecting species 
dominance in mixed phytoplankton populations have been extensively studied 
(Andersson et al., 1994; Goldman et al., 1982a; Goldman and Ryther, 1975, 1976; Moss, 
1973; Regan and Ivancic, 1984) and revolve around the inherent abilities of each 
microalgal species to thrive at the in situ growth conditions (e.g. combination of light, 
temperature, nutrient availability, salinity, pH etc). Fundamentally, species 
competition within a microalgal culture is dictated by the dynamics of population 
ecology, with some species being r-strategists which thrive at low population densities 
and quickly exploit new resource opportunities, or K-strategists which dominate 
denser populations due to their ability to utilise resources more efficiently in a more 
competitive environment (Zammuto, 1988). It can thus be appreciated how different 
environmental conditions will give rise to various temporal successions in mixed algal 
cultures. There appears to be a general pattern in species dominance and succession 
occurring in natural and artificial phytoplankton assemblages. From Regan’s work 
(1984) and from general information gathered from the literature, it seems that carbon 
dioxide limitation at high pH and high temperatures (>30 °C) favour cyanobacterial 
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dominance, whereas opposite trends in the same environmental factors favours 
dominance by the green algae, while diatoms tend to dominate at a much lower 
temperature range (~5-25 °C) and low salinities, as well as under nitrate and light 
limitation. 
 
Technical and biological considerations of outdoor microalgal cultivation 
The successful cultivation of microalgae out of doors is a formidable challenge 
that requires a well-integrated approach incorporating experience and knowledge on 
both microalgal physiology and bioprocess engineering. This involves an 
understanding of the limits and potentials of different culture systems as well as the 
factors affecting microalgal growth in the outdoor settings. 
 
Culture systems 
The quantity and quality of the end-product obtained from the microalgal 
biomass will ultimately dictate the type of reactor and the species most suitable for the 
commercial purpose and economics. At present, there is a wide range of reactors 
available for microalgal cultivation and they fall into 2 broad categories: open and 
closed systems. Open systems refer to any vessel or water body which is exposed to the 
open air, e.g. natural lakes and coastal lagoons, open tanks, open raceway  and circular 
ponds and also include open inclined thin layer/cascade reactors (Borowitzka, 1999; 
Tredici, 2004). Closed systems are represented by (a) tubular photobioreactors (PBRs), 
of which the serpentine, manifold and helical forms are the most popular, (b) the flat 
PBRs which consist of flat alveolar panels and flat glass plate chambers and (c) column 
reactors and sleeves/plastic bags (Chaumont, 1993; Tredici, 2004; Ugwu et al., 2008). 
Major differences exist in terms of costs, ease of operation and production capacity 
between the open and closed systems and there seems to be a general consensus that 
open systems are best suited for the commercial production of large biomass quantities 
of intermediate quality whereas closed systems, in virtue of their well-controlled 
properties but high costs, are best suited for the production of high-value products 
from smaller biomass quantities (Chaumont, 1993; Lee, 2001). In terms of reactor scale-
up for large-scale microalgal cultivation, the only open and closed culture systems 
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which can be easily scaled-up without major changes in the optimum operational 
properties (mixing, light path etc.) and built at moderate costs are the raceway ponds 
and tubular PBRs (Chisti, 2007). Some of the key operational factors that are 
characteristic of raceway ponds and tubular PBRs are outlined in Table 1. Table 2 
provides a summary of some recent reported biomass productivities from a range of 
culture systems. 
Table 1. Comparison between some key characteristics of raceway ponds and 
tubular photobioreactors. 
 Raceway Tubular photobioreactor 
Maximum unit size 1 ha g 80 m (TL) d 
Depth (light-path) (cm) 15-30 g 1-10 d 
Flow rate (cm.s-1) 30-55 e 50-60 e 
L/D cycle frequency (Hz) < 1 h 1.0-1.5 d 
Maximum oxygen 
accumulation (mg.L-1) 
40 a 100 a 
Biomass concentration (DW) g.L-1 0.6-0.7 b 5-8 e 
Productivity (DW) g.m-2.d-1 (S) 20-25 
f 
(L) 12-13 f 
130 c 
Temperature control Low Good 
Contamination risk High Low 
Evaporation High Low 
CO2 losses High Low 
Maintenance Easy Difficult 
Power consumption Low High 
Construction cost Low High 
a (Weissman et al., 1988); b (Richmond et al., 1990); c (Lee and Low, 1991); d (Molina Grima et al., 1999); e 
(Pulz, 2001); f (Tredici, 2004);  g(Borowitzka, 2005); h (Grobbelaar, 2009c). TL- tube length; S- short term; L- 
Long term. 
 
Light, temperature and oxygen 
One of the most major limitations in outdoor cultures is the simultaneous effect 
of strong light, temperature and high dissolved oxygen on photosynthesis. The 
combination of high oxygen and high solar irradiance alone leads to photoinhibition 
which often results in greatly reduced biomass productivity (Jiménez et al., 2003b; Lu 
and Vonshak, 2004; Vonshak et al., 1996), the effect being even more pronounced in 
closed culture systems due to the higher oxygen build-up (Vonshak et al., 1996).  
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In outdoor cultures, peak photoinhibition occurs around midday or in early 
afternoon (Grobbelaar, 2007; Marra and Heinemann, 1982; Richmond, 1992; Vonshak et 
al., 2001) and is further accentuated at high temperatures (Kromkamp et al., 2009). 
During this period, photosynthetic activity can decrease by as much as 80% of that of 
non-inhibited cultures and productivity losses close to 20% is possible (Vonshak and 
Guy, 1992; Vonshak et al., 1996). 
Photoinhibition can also occur in the morning when water temperatures are 
sub-optimal for optimum photosynthesis. This typically occurs on cold mornings and 
is more significant in large water bodies where the thermal inertia of the water mass 
results in a much slower rise in water temperature in relation to the gradual increase in 
solar irradiance. This results in a lag time between the temperature and solar irradiance 
profiles such that at optimum irradiance, the temperature values are still too low to 
result in efficient photosynthetic utilisation of the solar radiation. Photosynthesis still 
proceeds, albeit at a reduced rate, and results in a high oxygen build-up, eventually 
leading to an earlier onset of photoinhibition (Richmond, 1992; Torzillo et al., 1996; 
Vonshak et al., 2001). 
Depending on the extent of photodamage over the course of the day, full 
recovery of the photosynthetic activity is attained either by early evening or the 
following morning (Torzillo et al., 2005; Vonshak et al., 1994). It can thus be appreciated 
that the combined effect of daily morning and midday photoinhibition severely limits 
the productivity and photosynthetic efficiency of outdoor cultures to only a few hours 
in the afternoon (Morita et al., 2002), which makes the whole process uneconomical. 
Photoinhibition can be reduced in a few ways. Midday photoinhibition can be 
prevented or minimised by attenuating the amount of incident light either by running 
cultures at higher cell densities (Hu, 1998) or by shading (Garcia-Gonzalez et al., 2005; 
Richmond et al., 1990; Vonshak and Guy, 1992). Also, morning heating of cultures is an 
efficient way of curtailing the morning photoinhibition phenomenon and results in 
significant improvements in biomass productivity, as shown by a 60% increase in 
biomass productivity in a heated Monodus subterraneus culture grown in tubular PBR 
(Vonshak et al., 2001) and a 27% improvement in productivity in a heated Pleurochrysis 
carterae culture grown in a raceway pond (Moheimani and Borowitzka, 2007). 
Knowledge that the degree of photoinhibition is dependent on spectral quality (PAR, 
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UV-A and UV-B) and is species-specific (Montero et al., 2002) also allows for a wider 
range of possible preventive measures to be considered (e.g. UV filters, more UV-
resistant species or strains). 
 
Respiration losses 
Besides photoinhibition, biomass productivity is also reduced through respiration. 
While night respiration is an important component of the diurnal metabolic cycle, its 
effect on biomass productivity is greatly enhanced at sub-optimal temperatures or at 
low cell densities and high light (Grobbelaar and Soeder, 1985; Ogbonna and Tanaka, 
1996; Torzillo et al., 1991). Torzillo  et al. (1991) reported a 23% decrease in net 
productivity in a S. platensis culture when the culture was kept at 25 °C rather than at 
the optimum 35 °C, while Doucha and Livansky (2006) reported a 7-14% loss of 
daylight productivity in a Chlorella sp. culture grown in an outdoor open thin layer 
PBR. In all cases, the loss in biomass was due to the excess carbohydrate (synthesised 
under excess light) being converted mainly into carbon dioxide rather than into 
protein. 
 
Efficient use of light 
Full conversion of solar energy into chemical energy through photosynthesis is not 
possible due to a number of factors. First, because photon absorption by the 
photosystem can only occur within the photosynthetic active radiation (PAR) spectrum 
which ranges between 400 and 700 nm, only 50% of the solar energy can be utilised by 
algae. Of this portion of solar energy, even less is available for photosynthesis due to 
reflection, scattering and absorption by the surrounding water and of the remaining 
PAR, about 95% is lost through absorption by components other than chloroplasts and 
through the inherent limited capacity of the photosystem to convert light energy into 
chemical energy (Barsanti and Gualtieri, 2006). Given that 8-12 mols of photons are 
required to fix 1 mol of CO2, the effective photosynthetic efficiency of microalgae (and 
plants) seldom exceeds 10% of PAR (or 5% in terms of total irradiation) (Grobbelaar, 
2009c; Pulz and Scheibenbogen, 1998; Raven, 1988), but rather is more realistically close 
to 4.5% or even lower (Hall and Scurlock, 1993; Walker, 2009). 
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Table 2. Productivities and photosynthetic efficiencies of different culture systems 
and different microalgal species cultured between 2005 and 2010. 
Reactor Month Period 
Biomass 
productivity 
PE 
(%) Species Location Reference 
Open 
Thin 
layer 
Jul. 
< 1 
month 23.5
 a 6.5 Chlorella sp. 
Třeboň 
Czech 
Rep. 
(Doucha and 
Livansky, 
2006) 
Open 
Thin 
layer 
Sep. < 1 
month 
11.1 a 6.0 Chlorella sp. 
Třeboň 
Czech 
Rep. 
(Doucha and 
Livansky, 
2006) 
Open 
Thin 
layer 
Jul. 
< 1 
month 
32.2 a 5.4 Chlorella sp. 
Kalamata 
Greece 
(Doucha and 
Livansky, 
2006) 
Open 
Thin 
layer 
Oct. 
< 1 
month 18.1
 a 6.1 Chlorella sp. 
Kalamata 
Greece 
(Doucha and 
Livansky, 
2006) 
Annular 
column 
Jul.-Aug. 2 
months 
36.2 a 9.4 Nannochloropsis 
sp. 
Florence 
Italy 
(Chini Zittelli 
et al., 2006) 
Annular 
column Aug. 
< 1 
month 38.2
 a 9.3 
Nannochloropsis 
sp. 
Florence 
Italy 
(Chini Zittelli 
et al., 2006) 
Annular 
column 
Aug 16 days 37.3 9.4 Tetraselmis 
suecica 
Florence 
Italy 
(Chini Zittelli 
et al., 2006) 
Bubble 
column 
- 16 days 0.06b - Haematococcus 
pluvialis 
Sevilla 
Spain 
(García-Malea 
López et al., 
2006) 
Open 
raceway 
Apr.-May 2 
months 
6.25 a - Pleurochrysis 
carterae 
Perth 
Australia 
(Moheimani 
and 
Borowitzka, 
2006) 
Open 
raceway 
Jan.-Feb. 
2 
months 
32.5 a - 
Pleurochrysis 
carterae 
Perth 
Australia 
(Moheimani 
and 
Borowitzka, 
2006) 
Open 
raceway Sep.-Oct. 
1 
month 6.58
 a - 
Nostoc 
sphaeroides 
Wuhan 
China 
(Deng et al., 
2008) 
Open 
raceway 
May-Jul. 
3 
months 
20 a 
0.1 a (lutein) 
- Muriellopsis sp. 
Sevilla 
Spain 
(Blanco et al., 
2007) 
Open 
raceway 
Apr, 
May, 
Sep.-Nov. 
3 
months 
8 a 
0.03 a (lutein) 
- Muriellopsis sp. 
Sevilla 
Spain 
(Blanco et al., 
2007) 
Tubular Jul. 
1 
months 0.7
b - 
Haematococcus 
pluvialis 
Almeria 
Spain 
(García-Malea 
et al., 2008) 
Tubular+ 
static 
mixer 
Jul-Sep. 
3 
months 35
 a - 
Synechocystis 
aquatilis 
Tsukuba 
Japan 
(Ugwu et al., 
2005b) 
Tubular 
May-
Nov/ 
Apr-Oct 
7 
months 
7.91 a(0.075 b) 2.5 Isochrysis 
galbana 
Cádiz 
Spain 
(van Bergeijk et 
al., 2010) 
Tubular - 16 days 
0.55 b 
.0044 b 
(astaxanthin) 
- 
Haematococcus 
pluvialis 
Sevilla 
Spain 
(García-Malea 
López et al., 
2006) 
Tubular May, July - 
0.7b 
0.008 b 
(astaxanthin) 
- 
Haematococcus 
pluvialis 
Sevilla 
Spain 
(García-Malea 
et al., 2008) 
Panel Aug 1 week .36
b 
0.12b (lipid) 
- Nannochloropsis 
sp. 
Livorno 
Italy 
(Rodolfi et al., 
2009) 
PE- Photosynthetic efficiency  a (g DW.m-2.d-1); b (g DW.L-1.d-1) 
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Given this fact, and that light penetration is restricted only to the top 5-10 cm layer in a 
dense microalgal culture (Lee, 2001; Richmond et al., 1980), efficient use of light is 
clearly of paramount importance. In practice, this can be achieved in a number of 
ways, either by conditioning the culture at the optimum cell density, or by selecting 
microalgal mutants with truncated chlorophyll antenna size (smaller PSUs) (Melis, 
2009; Melis et al., 1999; Polle et al., 2002), or a combination of both. 
Determining the optimum cell density/ biomass concentration/ areal density is 
associated with many advantages, namely improved photosynthetic efficiencies and 
the ability to operate at higher light intensities which in turn allow for higher cell 
densities to be used. At optimal cell densities all the light is absorbed over the depth 
profile (Grobbelaar, 2007) and results in equal L:D cycles which under the right degree 
of turbulence, can help improve the photosynthetic efficiency as explained above.  
Optimum cell densities can be achieved by keeping the starting cell density at half of 
the optimum cell density (Grobbelaar, 2007). Running a culture at optimum cell 
density also ensures that the culture is not light-saturated, thus allowing for higher 
irradiance levels to be used, as long as the cell density is optimised in relation to each 
elevation in incident light (Richmond, 2000). This in turns allows for higher biomass 
concentrations in the culture and thus higher biomass productivities (Hu and 
Richmond, 1994, 1996; Richmond and Zou, 1999).  
 
Temperature control 
Temperature control mostly applies to closed PBRs due to their high surface/ 
volume ratio which effectively lead to a rapid rise in temperature. Temperatures as 
high as 41 °C has been recorded in a flat panel PBR (Kromkamp et al., 2009) and in 
annular columns (Chini Zittelli et al., 2006), while Morita colleagues (2002) reported a 
maximum of 47.5 °C in a helical tubular PBR. Culture temperature in PBRs is 
maintained either through water spraying or by immersing the reactors in 
temperature-regulated ponds (Tredici, 2004).  
Temperature control in raceway ponds is more difficult to manage, owing to 
the large water mass. Although temperature fluctuations occur at a slower rate than in 
PBRs, raceway cultures do experience extreme lows and highs in temperature. For 
example, temperatures as high as 45 °C have been recorded in raceway ponds located 
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in tropical countries such as Thailand (Payer et al., 1980). However, temperature 
control is seldom applied and would be rather ineffective and costly, due to the large 
water mass. Instead, temperature control is relied upon the evaporative cooling at the 
culture surface and is therefore affected by the mixing speed of the culture, humidity 
and wind, whereby fast mixing, low humidity and strong wind all promote the cooling 
effect. 
 
Harvesting regime  
There are several aspects of the harvesting regime that need to be considered in 
the management of algal cultures. They are: renewal/dilution rates, time of harvesting 
and medium recycling. All three components will eventually determine the quantity 
and quality of the biomass output. 
Biomass productivity follows a bell-shape curve with respect to increasing 
dilution rate and is optimum when the dilution rate is equivalent to the growth rate in 
the culture (Camacho et al., 1990). Harvesting at frequencies higher than that at which 
the culture can re-generate itself will gradually lead to cell wash out whereas 
harvesting over a longer time interval increases the residence time of the culture which 
can lead to light limitation as well as an accumulation of unwanted organisms and 
autoinhibitory compounds, both of which can ultimately result in lower biomass 
productivity. One factor that must also be taken into consideration is that the 
biochemical composition of microalgae changes at different renewal rates. In a study 
comparing the effect of renewal rates on the biochemical composition of 
Nannochloropsis gaditana used for aquaculture purposes, the protein content increased 
substantially, from a renewal rate of 10% to 50%, followed by a concomitant decrease 
in carbohydrates and in lipids (Ferreira et al., 2009). A similar trend in the biochemical 
composition in Tetraselmis suecica was found over the same range of renewal rates, 
although in this alga, the lipid content either remained the same or even increased at 
higher renewal rates (Fábregas et al., 2001; Otero and Fábregas, 1997). 
The time of harvesting is an equally important component of the harvesting 
process since the microalgal standing crop and biochemical composition fluctuate on a 
daily and seasonal basis (Shifrin and Chisholm, 1981; Sukenik and Carmeli, 1990). 
Thus, in previous heated open S. platensis raceways in Israel, the time of harvesting 
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varied in accordance to the season and was shifted from evening harvesting in autumn 
to morning harvesting in spring to obtain maximal biomass productivity (Richmond et 
al., 1990). 
Culture medium recycling serves two purposes: (1) prolonged use of large 
volumes of water which would otherwise be discarded, incurring not only higher costs 
for greater water consumption but also for the medium disposal, and, (2) the re-use of 
any nutrients left in the filtrate. Various responses in microalgal growth in relation to 
medium recycling have been reported in the literature.  Growth in Tetraselmis tetrathele 
was clearly enhanced when the cells were grown in the culture filtrate which still 
contained nutrients (de la Peña and Villegas, 2005), while growth of Dunaliella 
tertiolecta was sustained by the vitamins released from the autolysate from the same 
alga (Spectrova et al., 1982). On the other hand, medium recycling seems be an 
unappropriate harvesting strategy in the mass culture of Nannochloropsis sp. due to the 
accumulation of polysaccharidic compounds, autoinhibitory substances and cell wall 
remains in the water (Chini Zittelli et al., 1999; Rodolfi et al., 2003). Autoinhibition from 
the release of free fatty acids from Monodus subterraneus also prevents the recycling of 
the culture medium for this alga (Bosma et al., 2008). Finally culture medium recycling 
can also result in the negative enrichment of cultures with undesired contaminants 
during filtration. For example, S. platensis cultures were rapidly overtaken by the much 
smaller Spirulina minor and Chlorella sp. due to the continual concentration of the 
contaminants upon filtration and return of the filtrate into the ponds (Richmond et al., 
1990). 
 
Nutrient input 
Microalgae grown outdoors are in many respects different to their indoor 
counterparts and will therefore have different nutrient requirements. In this regard, it 
is often necessary to re-evaluate the nutrient dosage of common medium recipes to 
meet the specific nutrient requirements of outdoor cultures. In most cases, a major re-
adjustment of the nitrate concentration is required, as mentioned by Grobbelaar (2004) 
and shown by Hu et al. (1996) who found necessary to double the sodium nitrate 
concentration of the Zarouk medium for the non-limiting growth of S. platensis at ultra 
high cell densities. For the mass culture of vegetative Haematococcus pluvialis cells, 
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substantial changes in the chemical composition, with the omission of some trace 
elements, of the commonly-used Bold basal medium was required to maintain high 
growth rates in the green alga. Continuous growth of the vegetative cells on the 
optimised medium resulted in a 3-fold increase in cell density as compared to that 
obtained on the normal Bold basal medium (Fábregas et al., 2000).  
Any opportunity in reducing the costs associated with nutrient purchase 
should also be considered, and it can either be in the form of cheaper nutrient 
substitutes, such as common garden fertilisers and soil extracts (Fábregas et al., 1987) or 
in the omission of non-essential elements (Okauchi and Kawamura, 1997). 
 
pH and CO2 
pH varies predictably on a diurnal basis in non-pH regulated microalgal 
cultures and usually reflects an inverse pattern to that of dissolved oxygen 
concentration (Grobbelaar, 1979). Hence, absolute pH values and variations in the daily 
pH patterns are useful indicators of microalgal culture health (Moheimani and 
Borowitzka, 2006). pH regulation in large-scale outdoor cultures is certainly required to 
prevent carbon limitation and to improve biomass productivity (Olaizola et al., 1991) 
and also to reduce the likelihood of contamination and premature culture collapses. 
pH regulation via gaseous CO2 addition is the preferred way to maintain constant pH 
as well as to supply carbon to the culture. CO2 input also increases the CO2/O2 balance 
which ensures that the photoinhibitory action of high O2 in the culture is minimised. 
CO2 supply has to be supplied and kept within narrow margins and is usually 
administered at a concentration of 0.1% in air. Natural CO2 concentration in air (0.03%) 
is too low to sustain optimal growth and high productivity in actively-growing 
cultures, whereas CO2 concentrations greater than 5% are generally considered toxic 
and can lead to depressed productivity, especially in low–CO2 grown cells (Lee and 
Tay, 1991). There are, however, some algal strains which are capable of tolerating CO2 
levels close to 20%, making them potential candidates for cultivation using CO2-laden 
flue gases from thermal power stations (Westerhoff et al., 2010). 
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Evaporation and salinity 
The effect of evaporation and salinity does not seem to be a major limiting 
factor in the cultivation of microalgae in outdoor cultures, presumably due to the high 
turn-over rates in biomass and medium exchange which do not allow for a significant 
accumulation of salt to growth-inhibitory levels. Even if salinity increases in such 
situations, it is a slow process such that the algae are able to adapt to the small 
increments in salinity. Declines in salinity, however, can occur rapidly, as is the case on 
days of heavy rain, and can result in rapid culture collapses, principally due to the 
appearance of other organisms and algae which thrive at lower salinities. For example, 
a decline in salinity from 30% to 18% NaCl in a coastal lagoon used for the cultivation 
of Dunaliella salina led to the rapid increase in protozoan numbers. These protozoans, 
which are usually kept under control at salinities ≥ 20% NaCl, predate on D. salina cells 
thereby resulting in a large drop in the algal population (Borowitzka et al., 1984).  
Recycling of saline culture medium will eventually result in an increase in 
salinity and there will be a point at which the culture medium will need to be 
discarded after harvesting the entire biomass (Castillo et al., 1980). The disposal of large 
volumes of highly saline water may pose environmental and ecological issues which 
are yet to be determined.  
 
Contamination 
Chemical and biological contamination may lead to significant losses in 
biomass productivity. It has been estimated that annual losses in productivity due to 
biological contamination alone can amount to 15-20% (Richmond et al., 1990). Chemical 
contamination can be easily managed by choosing the most appropriate sources of 
water and fertilisers.  
Biological contamination, on the other hand, requires that all the physical, 
biological and chemical parameters are aligned for the dominance of the targeted algal 
species, and this is not always possible, in both closed and open culture systems. A 
variety of strategies could be applied to maintain species dominance, as shown for S. 
platensis cultures (Richmond et al., 1982; Richmond et al., 1990). Contamination of S. 
platensis by S.minor was suppressed by maintaining the culture temperature between 
30-35 °C (optimum temperatures for S. platensis), by keeping S. platensis concentration 
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high (600-700 mg DW.L-1) and by complete removal of the harvested portions. Chlorella 
contamination was on the other hand prevented by adding 0.2 g.L-1 bicarbonate to the 
contaminated S. platensis culture and in cases where the green alga persisted in the 
culture, a treatment consisting of repeated additions of 1-2 mM NH4+ followed by 30% 
dilution of the culture effectively reduced the Chlorella cell concentration. 
 
Mixing and turbulence 
Several factors limit the degree of mixing and turbulence that can be generated 
in an algal culture. In raceway ponds, mixing velocities in raceway ponds is largely 
dependent on the dimensions of the ponds, the type of lining used (if at all), and the 
costs associated in generating stronger mixing. Mixing velocities between 25-40 cm.s-1 
are usually used in most raceway ponds (Borowitzka, 2005; Oswald, 1988a)  and while 
culture velocities greater than 35 cm.s-1 would be desirable for higher turbulence, 
stronger mixing would require stronger construction and more robust pond material, 
which eventually translate into higher and more prohibitive costs (Oswald, 1988a). 
Higher mixing rates and turbulence in raceway ponds can instead be achieved through 
the use of several stirring devices such as pumps, airlifts, foils and impellers (Becker, 
1994a).  
In tubular PBRs, an upper limit would be set by the limited pressure tolerance 
of the typical employed transparent materials of construction and by the sensitivity of 
many algal species, especially the flagellated ones, to hydrodynamic shear. Possible 
ways of allowing for higher turbulence in tubular PBRs is through the use helical static 
mixers (Molina Grima et al., 1999; Rosello Sastre et al., 2007; Ugwu et al., 2005a) and by 
choosing more shear-resistant algal species. 
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Lipid and fatty acid synthesis in microalgae 
Microalgae, like any other living organism, synthesise lipids which they use to 
maintain the integrity of their cells. The lipid classes found in microalgae are very 
similar to those found in plant leaves and seeds in that they consist of similar neutral, 
non-polar fractions which are mainly dedicated for energy storage, and polar fractions 
which are necessary for membrane structure and function, and for chemical signaling 
purposes (Gunstone, 1967; Hitchcock and Nichols, 1971; Ohlrogge, 1995; Wood, 1974 
#120). As such, the main microalgal neutral lipids are the mono-, di- and tri-glycerides, 
vitamin A, some pigments, waxes, sterol, cholesterol and their corresponding esters 
while the polar fractions contain the four major groups: phospholipids, glycolipids 
(glycoglycerides), sphingolipids and sulpholipids (Borowitzka, 1988a; Opute, 1974a; 
Wood, 1974). The components making up the lipid species within those main classes of 
microalgal lipids are presented in Table 3.  
The majority of the membrane lipids, which usually make up 5-20% of the dry 
cell weight, are the glycolipids and phospholipids. Glycolipids, namely 
monogalactosyl diacylglyceride (MGDG), digalactosyl diacylglyceride (DGDG) and 
sulfoquinovosyl diacylglyceride (SQDG), are mainly located in the chloroplast (Allen et 
al., 1966; Wood, 1974), whereas the phospholipids (e.g. phospatidylethanolamine, PE, 
phosphatidylglycerol, PG) are mainly found in the plasma membrane and the 
endoplasmic membrane (Frentzen, 1993). Triglycerides, on the other hand, are often 
deposited in densely packed lipid bodies in the cytoplasm of the algal cell (Eltgroth et 
al., 2005; Liu and Lin, 2001; Opute, 1974b) and function primarily as a reservoir of 
carbon and energy. 
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Table 3. Constituents of the major classes of lipids found in algae and plants 
(Adapted from (Gunstone, 1967)). 
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Esters             
Glycerides + (+)  +  (+)       
Waxes +     +       
Sterols +    +        
Glycolipids +   +        + 
Phosphoglycerides             
Phosphatidic acids +  + +         
Phosphatidylglycerols +  + +    + + +   
Phosphatidic esters + (+) + +  (+)     +  
Phosphatidic inositides + (+) + +  (+)       
Amides             
Sphingolipids             
Cerebrosides + (+)     +     + 
Gangliosides +      +     + 
Sphyngomyelins +  +    +      
Plant 
phosphosphingolipids +  +    +     + 
+   always present  (+) sometimes present 
 
Triglycerides are the preferred form of energy storage in cells because: 
a) Being non-polar, they are packed in an anhydrous condensed form and 
are thus more easily mobilized than other energy-yielding molecules like 
carbohydrates and proteins which are bulkier because of their hydrated 
nature (Gurr and James, 1975; Tobin and Morel, 1997), 
b) They are essentially made up of fatty acids which contain more stored 
energy per carbon atom than any other biological fuel. In fact, controlled 
oxidation of fatty acids yield twice as much ATP as the catabolism of 
carbohydrates and/ or proteins (Gurr and James, 1975), 
c) They contain the greatest amount of fatty acids per mol of glycerol and 
their complete hydrolysis into glycerol and respective alkyl esters is easier 
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to achieve compared to the hydrolysis of polar lipids, especially 
phospholipids in which the glycerol-phosphoric acid ester linkage is more 
resistant to the saponification process (Gunstone, 1967) and, 
d) Their energy yielding capacity can be further increased by increasing their 
saturated acid content- which are more stable and represent a greater 
store of potential energy-via controlled growth conditions (Hitchcock and 
Nichols, 1971). 
The synthesis of lipids and fatty acids has been studied extensively in animals, 
plants, yeasts, fungi, bacteria and microalgae. In both plant leaves and microalgae, 
there seems to be a general common pathway via which the lipids are formed.  
The starting blocks for lipid formation are the fatty acids, which are essentially 
even- numbered carbon chains with a terminal carboxylic group (-COOH).  They may 
be fully saturated, contain one double bond (monosaturated) or multiple double bonds 
(polyunsaturated). A list of the most common naturally-occurring fatty acids found in 
algae is provided in Table 4 and the nomenclature convention for labelling fatty acids 
is shown in Figure 2. 
 
Table 4. Some common fatty acids found in microalgae. 
Common Name Symbol/ shorthand designation 
Acetic 2:0 
Lauric 12:0 
Myristic 14:0 
Palmitic 16:0 
Stearic 18:0 
Oleic 18:1(9) 
Linoleic 18: 2(6) 
α- linolenic 18:3(3) 
γ- linolenic 18:3(6) 
Arachidic 20:0 
Arachidonic 20:4(6) 
Eicosapentaenoic (EPA) 20:5(3) 
Docosahexaenoic (DHA) 22:6(3) 
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Fatty acid synthesis in microalgae occurs primarily in the chloroplast where 
energy available from photosynthesis is used for the generation of ATP and NADPH 
which are required for the series of complex conversions and reduction steps required 
for the formation of fatty acids (Gurr and James, 1975; Harwood, 1988; Ohlrogge, 1995). 
Acetic acid, the building block of all fatty acids, is obtained by the breakdown of 
pyruvate, a catabolytic product of glucose from the mitochondria. In order for the 
acetic acid to be further processed by the enzymes involved in fatty acid formation, it is 
activated in the presence of thiokinases which help attach a cofactor coenzyme A to the 
carboxyl group on the acetic acid, thus forming acetyl-CoA (Gurr and James, 1975; 
Harwood, 1988; Hitchcock and Nichols, 1971). The latter is catabolised by acetyl-CoA 
carboxylase (ACCase) in the presence of carbon dioxide, ATP and manganese ions to 
form malonyl-CoA, another important precursor in fatty acid formation (Figure 3). For 
further reactions to proceed, the coenzyme A component on both activated molecules 
are then substituted with an acyl carrier protein (ACP) component, making them 
readily available for carbon chain length elongation by the fatty acid synthetase (FAS) 
system (Figure 3). A series of condensation, reduction, dehydration and hydrogenation 
reactions take place and the final product is mainly palmitic acid which, upon 
elongation, yields stearic acid. In the presence of oxygen and NAPDH, stearic acid is 
desaturated into oleic acid which can then be incorporated directly in glycerolipids 
within the chloroplast to form the hydrophobic part of all cellular membranes 
(Ohlrogge, 1995), or is transferred to the endoplasmic reticulum where it is further 
elongated and desaturated to yield various types of unsaturated fatty acids and very 
long chain polyunsaturated fatty acids (VLCFA) (Figure 3). 
 
 
Figure 2. Nomenclature of fatty acids 
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Formation of fatty acids can also originate from the β- oxidation of longer fatty 
acids in the presence of oxygen and NADPH, resulting in the stepwise cleavage of 2-
carbon fragments to yield acetyl-CoA as end product, which is further metabolized to 
yield ATP (Gurr and James, 1975). However, this pathway should be seen more as a 
degradation procedure, rather than a synthesising step, since long chain fatty acids are 
broken down to release energy, or to form other acids which may be more suitable for 
a particular purpose (Gunstone, 1967). 
Fatty acids elongated and desaturated in the endoplasmic reticulum are 
subsequently incorporated into lipid metabolism to produce both polar and neutral 
lipids. In terms of triglyceride synthesis, two pathways can be distinguished: the first 
one, known as the Kennedy pathway (Ohlrogge, 1995), is the acylation of glycerol-3- 
phosphoric acid by the CoA fatty acid esters (Figure 4) and the second alternative 
pathway is via the sequential acylation of monoglyceride (Figure 5). Formation of 
phospholipids is only possible in the first pathway (Figure 4).  
The incorporation of fatty acids in glycerol moieties is not random. Rather, it is 
a carefully controlled selective process which is dependent on the chain length and to 
some extent on the degree of saturation. In general, saturated acids tend to accumulate 
at the primary positions of the glycerol while a higher concentration of unsaturated 
acids are found at the sn 2-position (carbon number 2 on the glycerol backbone) 
(Frentzen, 1993; Hitchcock and Nichols, 1971).  In cyanobacteria such as Mastigocladus 
laminosus, Synechococcus strains, Plectonema boryanum, Nostoc muscoru, Anabaena 
variabilis, Spirulina platensis, Synechocystis strains and Tolyopothrix tenuis, C16 fatty acids 
are exclusively esterified at the sn-2 position, while the C18 are preferentially inserted 
at the sn-1 position (Murata et al., 1992).  
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Figure 3. General fatty acid synthesis pathway in plant and algae. Abbreviations: 
ACCase- Acetyl- CoA Carboxylase; FAS- Fatty Acid Synthetase (adapted from Gurr 
and James (1975), Harwood (1988) and Ratledge (2004)). 
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Figure 4. Triglyceride synthesis pathway from glycero-3-phosphoric acid (adapted 
from Gunstone (1967)). 
 
With regards to the distribution of the individual fatty acids within lipid 
classes, there is a high tendency for more highly unsaturated fatty acids to accumulate 
in the glycolipids in chloroplasts, with the degree of unsaturation being more 
pronounced in MGDG than in DGDG (Bloch et al., 1967; Jamieson and Reid, 1972), 
whereas saturated and monosaturated fatty acids are mainly found in triglycerides 
(Chen et al., 2007; Hitchcock and Nichols, 1971). The association of particular fatty acids 
in certain lipid molecules is indicative of the specific function that those acids can have 
on the physiological activity of the organism. For example, trans-3-hexadecanoic acid is 
only found in the phosphatidylglycerol molecule of chloroplasts of plant leaves and 
algae, while α- linolenic acid is exclusively found in the glycolipids of chloroplasts, 
strongly suggesting that these fatty acids, and consequently those polar lipids, are 
45 
important components of the photosynthetic apparatus (Bloch et al., 1967; Frentzen, 
2004; Nichols et al., 1967; Wood, 1974). 
 
 
Figure 5. Triglyceride synthesis through sequential acylation of monoglycerides 
(adapted from Gunstone (1967)). 
 
Factors affecting lipid synthesis and accumulation in microalgae 
 
It has long been recognised that the lipid content and composition of 
microalgae are affected by environmental variables such as light, temperature, salinity 
and nutrients (Aaronson et al., 1980; Dubinsky et al., 1978; Fogg, 1964; Materassi et al., 
1980; Roessler, 1990; Shifrin and Chisholm, 1980; Spoehr and Milner, 1949). Under 
steady-state of growth, algae typically contain an average lipid content between 1 and 
47% of dry weight, depending on the species and on growth conditions (Borowitzka, 
1988a; Griffiths and Harrison, 2009; Hu et al., 2008). However, under adverse growth 
conditions, cell division is often inhibited and the excess energy thus available is 
diverted from normal protein synthesis to the formation of metabolites of higher 
calorific values such as lipids (Cooksey et al., 1989; Fogg, 1964; Roessler, 1990; Yu et al., 
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2009). Hence, potentially stressful and growth-limiting conditions such as high light, 
high temperature, high salinity and low nutrients sometimes lead to an increase in total 
lipid and neutral lipid contents, as well as in an apparent increase in the relative 
proportions of saturated and monosaturated fatty acids (Table 5) (Durmaz et al., 2009; 
Renaud et al., 2002; Sato and Murata, 1981; Sushchik et al., 2003; Teoh et al., 2004; Zhu et 
al., 1997) (Bigogno et al., 2002; Mansour et al., 2003; Reitan et al., 1994; Renaud and 
Parry, 1994; Takagi et al., 2006; Wettern, 1980; Xu and Beardall, 1997; Yamaberi et al., 
1998).   
The degree to which an environmental factor influences the lipid content in 
microalgae seems to differ appreciably among algal taxa. Green algae tend to be better 
lipid producers under adverse conditions as compared to diatoms and cyanobacteria 
(Borowitzka, 1988a; Griffiths and Harrison, 2009; Hu et al., 2008; Shifrin and Chisholm, 
1981). Lipid content as high as 70-80% of dry weight (in the form of hydrocarbons) 
have been reported for the freshwater green alga Botryococcus braunii when grown 
under stressful conditions (Li and Qin, 2005; Metzger and Largeau, 2005), while 
another green alga Parietochloris incisa which is considered to be the richest source of 
arachidonic acid, can accumulate as much as 77% (of total fatty acids) as triglycerides 
at the stationary phase of growth (Bigogno et al., 2002). Some algae, such as Dunaliella 
and Tetraselmis, seem to produce more lipids under nutrient-sufficient conditions, such 
as in the early stages of growth (Borowitzka, 1988a; Griffiths and Harrison, 2009; 
Thomas et al., 1984a). In stark contrast, cyanobacteria are generally poor lipid 
producers and seem unable to accumulate more than 10% of dry weight as total lipids 
or even triglycerides when grown under nutrient-depleted or other stressful conditions 
(Hu et al., 2008; Piorreck et al., 1984b).  
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Table 5. Effect of environmental factors on lipid or total fatty acid production and on fatty acid saturation in microalgae. 
Environmental parameter 
Trend in 
lipid/ TFA 
production 
Trend in 
fatty 
acid 
Species Range Reference 
Light- Intensity (Increase) ↓ ↑ Nannochloropsis sp. 40-480 (Fábregas et al., 2004) 
 ↑ ↑ Thalassiosira pseudonana 50-100 (Brown et al., 1996) 
 ↑ ↓ Monodus subterraneus Tubular PBR (Lu et al., 2001) 
 ↑ ↑ Chaetoceros simplex 6-225 (Thompson et al., 1990) 
 ↑ ↑ Dunaliella tertiolecta 44-225 (Thompson et al., 1990) 
Light- Photoperiod (L/D) (h) ↑ ↓ Spirulina Continuous vs 12:12 (Tanticharoen et al., 1994) 
 ↑ ↑ Stephanodiscus binderanus 12:12-16:8 (Sicko-Goad and Andresen, 1991) 
 ↓ ↓ Cyclotella meneghiniana 16:8-20:4 (Sicko-Goad and Andresen, 1991) 
Light- Quality 
(UV increase)(W.m-2) 
↑ ↑ Chaetoceros simplex UV-B 0.37-1.59 (Skerratt et al., 1998) 
 ↑ 
No 
change 
Odentella weissflogii UV-B 0.37-1.59 (Skerratt et al., 1998) 
 ↑ 
No 
change 
Phaeocystis Antarctica UV-B 0.37-1.59 (Skerratt et al., 1998) 
 ↑ NA Nitzschia palea Blue or red light (Opute, 1974b) 
Temperature (increase)(°C) ↑ ↑ Isochrysis galbana 15-30 (Zhu et al., 1997) 
 ↓ ↑ Chroomonas salina 8-20 (Henderson and Mackinlay, 1989) 
 ↓ ↑ Rhodomonas sp. 25-35 (Renaud et al., 2002) 
 ↑ ↑ Nannochloropsis sp. 15-35 (James et al., 1989) 
 ↓ ↑ Cryptomonas sp. 25-30 (Renaud et al., 2002) 
pH (increase) NA ↑ Chlorella 7-11 (Guckert and Cooksey, 1990) 
Nutrients- CO2 (%) 
(Increase) 
↑ ↓ Dunaliella salina 2-10 (Muradyan et al., 2004) 
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Table 6. Effect of environmental factors on lipid or total fatty acid production and on fatty acid saturation in microalgae (continued). 
 ↑ ↑ Chlorella fusca 1-40% CO2 (Dickson et al., 1969) 
Nutrients- Si (Decrease) ↑ ↑ Cyclotella cryptic 430-3.2 µM (Roessler, 1988) 
 ↑ NA Cyclotella cryptic 80-0 µM (Shifrin and Chisholm, 1981) 
Nutrients- N (Decrease) ↑ ↑ Gymnodinium sp. Late log- stationary (Mansour et al., 2003) 
 ↑ ↑ Nannochloropsis oculata Exponential-Stationary (Tonon et al., 2002) 
 ↑ ↓ Pavlova lutheri Exponential-Stationary (Fernández-Reiriz et al., 1989) 
 ↓ ↓ Pavlova lutheri Exponential-Stationary (Tonon et al., 2002) 
 ↑ ↑ Isochrysis galbana Log- Late Stationary (Fidalgo et al., 1998) 
 ↑ ↑ Nannochloris sp. 9.0-0.9 mM (Takagi et al., 2000) 
Salinity (Increase)(% NaCl) ↓ ↓ Porphyridium cruentum 1.5-11.6 (Cohen et al., 1988) 
 ↓ ↑ Dunaliella salina 2.5-20 (Al-Hasan et al., 1987) 
 ↓ ↓ Dunaliella salina 2.9-11.7 (Ben-Amotz et al., 1985) 
 ↑ ↓ Isochrysis sp. 2.9-5.8 (Ben-Amotz et al., 1985) 
Renewal rates (%) No change ↓ Tetraselmis suecica 10-50 (Fábregas et al., 2001) 
 ↓ ↓ Nannochloropsis gaditana 10-50 (Ferreira et al., 2009) 
 ↑ ↓ Tetraselmis suecica 10-50 (Otero and Fábregas, 1997) 
TFA- Total Fatty Acids NA- Not available 
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The extent to which the degree of saturation of fatty acids is affected depends 
on the type of environmental stress applied. In general, a higher degree of desaturation 
in fatty acids is regarded as an adaptive mechanism to maintain membrane structure 
and permeability and vice versa. Thus, the most common explanation for the higher 
degree of desaturation observed at low temperatures is that unsaturated fatty acids, 
being compounds of lower melting points as compared to their saturated analogues 
(e.g. melting point of stearic acid (18:0), oleic acid (18:1) and α-linolenic acid (18:3ω9) 
are 69.6, 10.5 and -11 °C respectively) in effect help to maintain cellular membrane 
fluidity and function at those temperatures (Gurr and James, 1975). With regards to 
light intensity, it is believed that high irradiances accelerates cyclic electron transport 
around PS I which activates desaturases, hence resulting in a higher proportion of 
unsaturated acids (Klyachko-Gurvich et al., 1999). It is also suggested that desaturation 
at lower temperatures and higher light intensities (hence more photosynthesis) may 
occur due to a higher concentration of dissolved oxygen in the water under these 
conditions (Harris and James, 1969; Harris et al., 1967). A higher degree of saturation at 
high salinity is thought be the result of a protective and adaptive mechanism to 
decrease membrane permeability to higher ion fluxes (Thompson, 1993). 
 
Limits to high lipid productivity  
Several attempts have been made in small-scale indoor as well as in large 
outdoor culture systems to determine the potential yields and productivities of lipids 
and fatty acids that can be expected in scale-up to large-scale production facilities 
(Benemann and Tillett, 1986; Boussiba et al., 1986; Boussiba et al., 1987; Gouveia et al., 
2009; Illman et al., 2000; Lv et al., 2010; Thomas et al., 1984b; Weissman and Tillett, 
1989). A common conclusion was that while promising high lipid content values were 
easily attainable, lipid productivities were often too low for any sustainable and 
practical consideration. Lipid productivity or lipid yield per unit time, is a critical 
variable in evaluating the potential of microalgal species and growth conditions for 
biodiesel production. It is calculated as the product of lipid content with the biomass 
productivity. Growth factors that induce a high lipid content, principally nutrient 
deficiency, in effect lead to slower growth such that biomass and lipid productivities 
are significantly lower than in normal culture conditions, i.e lipid content and lipid 
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productivity are usually mutually exclusive (Griffiths and Harrison, 2009). Thus, in a 
study by Boussiba  et al. (1987) on Nannochloropsis salina cultures in outdoor raceway 
ponds, lipid productivities decreased from 3.0 to 0.9 g.m-2.d-1 in nutrient-replete and 
nutrient-deficient medium respectively. This was principally due to a 74% reduction in 
biomass productivity due to nutrient limitation, since only a marginal increase in lipid 
content from 22 to 25% ADFW was observed.  
There are, however, exceptional cases where both high lipid content and lipid 
productivity could be achieved simultaneously. For example, in a study investigating 
the lipid production of Nannochloropsis sp. grown outdoors in a panel PBR in Italy, 
Rodolfi et al. (2009) not only achieved a lipid productivity in excess of 0.2 g.L-1.d-1 after 
3 days of onset of nutrient-depletion, but also showed that the nitrogen-starved culture 
could maintain higher lipid productivities relative to the nitrogen-replete culture for at 
most 4 days. Upon adopting a 2-stage growth strategy whereby the cells were grown in 
nitrogen-replete conditions and subsequently fed with nitrogen-depleted medium, a 
similar trend was observed, this time with peak lipid productivity, being twice as 
much as the control, occurring on the 2nd day and declining rapidly after the 4th day.   
Similarly, Chlorella vulgaris and Chlorella emersonii grown in low-nitrogen 
medium in a tubular PBR displayed an increase in lipid content of 30% DW and 9% 
DW respectively (Scragg et al., 2002) and although the biomass productivity declined 
appreciably in both nitrogen- depleted cultures, it appears that the accumulation in 
lipid content in these cultures more than offset the loss in biomass such that lipid 
productivities were higher by 24% and 27% for C. vulgaris and C. emersonii respectively.  
 
Conclusions and future research directions 
Microalgal biomass used as a human commodity is not new and has always 
been a reliable alternative to many societal issues such as food supply, nutrition, 
industrial exploration for new compounds and wastewater management. With the 
continual increase in global population, the concurrent depletion of fossil fuels and 
natural resources, and the ensuing economic and environmental crises which 
transcend geographic boundaries, our reliance on microalgae is becoming even more 
pronounced. The recent fuel and economic crisis revived the interest in the microalga- 
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derived biofuel production which was initiated in the 1970’s, only this time, it is 
becoming a more tangible reality than previously thought.  
Production of biofuel from microalgal encompasses a wide range of disciplines 
spanning the engineering, biological and economic domains. Sustainable and reliable 
production of microalgal biomass, and ultimately biodiesel, requires first and foremost 
a proper understanding of the biology of the algae. Only then can appropriate 
strategies be implemented to grow algae on a large scale with sustainably high biomass 
as well as lipid productivity and quality. Of prime concern is the understanding of 
factors affecting algal growth, as well as the environmental, biological and technical 
variables limiting high biomass productivities in outdoor culture systems (Richmond, 
2000; Richmond, 2004a; Richmond, 2004b).  
Current attempts for proof of concept of a viable microalgal biofuel industry are 
still limited to indoor and relatively-small scale pilot studies. Projected annual lipid 
production rates from outdoor cultivation trials fall extremely short of the theoretical 
maximum and of even the best case of unrefined oil production rates calculated from 
realistic facts, which are estimated at 354 t.ha-1.y-1 and 40.7-53.2 t.ha-1.y-1 respectively 
(Weyer et al., 2009). For example, Moheimani and Borowitzka (2006) obtained an 
annual average lipid productivity of 21.9 t.ha-1 from Pleurochrysis carterae biomass 
grown in raceway ponds in Perth, Australia, while Rodolfi et al. (2009) estimated a 
productivity value of 20 t.ha-1 for Nannochloropsis sp. grown via the 2-stage cultivation 
method. There is therefore an urgent need to bridge the gap between observed and 
technically achievable lipid production rates if microalgal oil is to be considered as part 
of the next generation of biofuels. It should be feasible, given that there is much more 
research, development and funding towards improving all aspects of microalgal 
cultivation nowadays. Avenues that are currently being explored are mainly towards: 
innovative and improved culture reactor design, especially hybrid systems which 
combine the best features of both tubular PBRs and open raceways (Olaizola, 2000; 
Pushparaj et al., 1997); a better understanding of algal physiology in outdoor cultures 
(Grobbelaar, 2007; Grobbelaar, 2009b); selective growth conditions which enhances 
both crude biomass, lipid content and other useful compounds (Grobbelaar, 2000; Hu 
et al., 1997; Masojídek et al., 2009; Rodolfi et al., 2009); microalgal species and strain 
selection (Huerlimann et al., 2010; Rodolfi et al., 2009) and genetic and metabolic 
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engineering (Courchesne et al., 2009) for clones which have improved photosynthetic 
efficiency, which are resistant to adverse growth conditions such as high light, high 
temperature, high salinity and high oxygen, while at the same time maintaining a high 
lipid content. Ultimately, the most successful microalgal cultivation endeavour will be 
that where the chosen algal species can thrive in abundance in a highly selective 
environment which can be easily reproduced and maintained at low cost. 
 
Objectives 
The major aims of this study were: 
• To isolate and screen for naturally high lipid-producing indigenous 
microalgal isolates with the potential for outdoor cultivation and high 
biomass and lipid productivity in large-scale cultures, 
• To investigate the effect of environmental parameters such as salinity, 
temperature, light and oxygen, as well as culture age on biomass and 
lipid production in the most promising isolates, 
• To determine the best algal species or strain for growth in outdoor open 
raceway cultures and identify the elements which can potentially limit 
algal growth outdoors, and 
• To compare two commonly used lipid extraction methods on three 
microalgal species of different cell coverings and to investigate the 
sources of error in determining total lipid values by the gravimetric 
method. 
53 
CHAPTER 2 
General materials and methods 
Media preparation 
The nutrient medium used throughout this study is based on Guillard’s F 
medium (Guillard and Ryther, 1962) (Table 6). The recipe was slightly modified by 
susbtituting ferric sequestrene with FeCl3.6H2O and Na2EDTA.2H2O and by omitting 
silicate for green algae cultures. 
Seawater used for the culture medium originated from Hillarys Boat Harbour, 
Perth, Western Australia, and was kept in the dark in storage tanks until further use. 
Purification of the seawater was achieved by treating it with charcoal powder (5 g for 
every 10 L of seawater) overnight, followed by coarse filtration through double 
Whatman No. 1 filter paper and finally by fine filtration through a 0.45 µm 
nitrocellulose filter paper. The treated seawater was then autoclaved at 121 °C (for 20 
min for every 10 L of seawater) and left to cool to room temperature before the 
addition of nutrients and culture inoculation. Before autoclaving, the salinity of the 
seawater was adjusted to the desired concentration and the final salinity was checked 
with an Atago digital refractometer. 
 
Cleaning and sterile techniques 
 Prior to the culturing of microalgae, all new glassware was soaked 
overnight in 10% of 1 M hydrochloric acid to remove any residual chemicals. The 
glassware and other culturing equipment were then washed with Decon-90, a 
phosphate-free detergent, then rinsed 6 times with tap water and 6 times with de-
ionised or distilled water. Old cultures were bleached with 10% sodium hypochlorite 
before thorough washing. Sterile conditions were employed by steam autoclaving all 
culturing equipment and sub-culturing, inoculation, sampling and medium transfer 
was carried out in front of a Bunsen burner flame in a laminar flow hood with the 
benchtop surface cleaned with 70% ethanol.  
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Table 7. F medium based on Guillard’s recipe (Guillard and Ryther, 1962). 
Component 
Stock solution     
(g.L-1.dH2O) 
Quantity per 1 L 
of seawater 
Concentration in final 
medium (M) 
NaNO3 150 1 mL 1.76 x 10-3 
NaH2PO4.H2O 10 1 mL 7.24 x 10-5 
Na2SiO3.9H2O 60 1 mL 2.12 x 10-4 
Trace metals solution (see below) 1 mL - 
Vitamins solution (see below) 0.5 mL - 
Trace metal Stock Solution* 
FeCl3.6H2O - 6.30 g 2.34 x 10-5 
Na2EDTA.2H2O - 8.72 g 2.34 x 10-5 
MnCl2.4H2O 360 1 mL 1.82 x 10-6 
ZnSO4.7H2O 44 1 mL 1.53 x 10-7 
CoCl2.6H2O 20 1 mL 8.40 x 10-8 
CuSO4.5H2O 19.6 1 mL 7.86 x 10-8 
Na2MoO4.2H2O 12.6 1 mL 5.20 x 10-8 
Vitamins Stock Solution** 
Thiamine.HCl 
  
- 400 mg 5.92 x 10-7 
Biotin (vitamin H) 2 1 mL 4.10 x10-9 
Cyanocobalamin 
  
2 1 mL 3.69 x 10-10 
* The EDTA was completely dissolved in 950 mL of dH2O first, followed by the iron chloride. The 
other components are then added one by one and the final volume was brought to 1 L with distilled H2O. 
** Thiamine.HCl was first dissolved in 950 mL of distilled H2O, followed by the other vitamins 
and the final volume was brought to 1 L with distilled H2O. 
 
Culture maintenance- indoors 
The microalgal stock cultures were maintained in 100 mL Erlenmeyer flasks 
stoppered with cotton bungs and were sub-cultured in fresh medium every 3 to 4 
weeks. To loosen cell clumps and to prevent them from sticking to the bottom of the 
flask, 0.5 cm glass beads were added to each culture flask and the cultures were 
manually shaken on a regular basis to keep the algae dislodged and in suspension. The 
cultures were kept in a constant temperature room (25 ± 0.2 0C) equipped with banks of 
cool-white fluorescent lights providing an irradiance of approximately 70 µmol 
photons.m-2.s-1 on a 12:12h L:D cycle. Irradiance was measured with a Licor L1-185B 
light quantum sensor and meter. 
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Culture maintenance-outdoors 
Outdoor cultivation was carried out in open air 1 m2 (2 x 0.5 x 0.2 m L x W x D) 
fibreglass-coated raceway ponds. The cultures were continuously circulated by means 
of a paddlewheel which rotated at a speed of about 28 rpm, generating an average flow 
rate of 20 cm.s-1. Prior to their first use, the internal walls of the ponds and the 
paddlewheels were thoroughly scrubbed with a dilute solution of Decon-90 detergent. 
The ponds were then rinsed and filled to the brim with tap water to which pool 
chlorine pellets (2 mg.L-1 at 700 g.kg-1 chlorine present as calcium hypochlorite) were 
added. The ponds were then operated overnight up to a day with the chlorinated 
water. After the cleaning treatment, the chlorinated water was discarded and the 
ponds were rinsed thoroughly before culture inoculation. 
 
 
Figure 6. 1m2 raceway ponds at Murdoch University, Perth, Western Australia. 
 
Seawater for the outdoor cultures originated from Hillarys Boat Harbour, Perth, 
Western Australia and was stored in two 2000 L fibreglass tanks. At the initial stages of 
experimenting, the seawater was transferred into 20 L carboys and sterilised with 1 mL 
of 12.5% sodium hypochlorite overnight before being poured into the raceway ponds 
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for culture inoculation. In later experiments, the seawater sterilisation was stopped and 
seawater was directly pumped into the raceway ponds. 
Inocula for the outdoor ponds were obtained from the indoor cultures which 
were scaled up in a stepwise fashion, starting from 500 mL volumes to 1 L in 
Erlenmeyer flasks to a final culture volume of 15 L in stirred and aerated carboys. The 
inoculum was then diluted by one tenth in the raceway ponds, resulting in initial cell 
densities ranging between 5-10 x 104 cells.mL-1. The culture volume was kept constant 
at 15 cm (150 L) thereafter and on days with high evaporation rates, the volume was 
topped up with either freshwater or seawater.  
The F medium nutrients were prepared and supplied in the same proportions 
as in the indoor cultures upon inoculation and at each harvest. For Tetraselmis cultures, 
vitamins were omitted and the medium was re-labelled as Fmod.  
The culture conditions were regularly monitoring through cell counting, 
salinity, pH and temperature measurements. Sampling for biomass determinations and 
biochemical analyses was performed as described below. 
 
Analytical procedures 
 
General precautions 
Salts, solutions and solvents of analytical standard were used for the analyses 
and care was always taken to ensure that the glassware, pipette tips, and other 
equipment used for the extractions were well rinsed with distilled water and free of 
dust. 
 
Cell counting 
Cell counting was carried out using a Neubauer haemocytometer. If large cell clumps 
were present, they were broken down by gently homogenizing a small portion of the 
culture in a 15 mL glass tissue grinder with a loose fitting teflon plunger. The algal cells 
were then immobilized by adding one small drop of Lugol’s solution to the sample 
prior to loading the counting chamber. 
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Measurement of growth 
Cell numbers were plotted on a semi-log graph and the doubling time was 
calculated from the best slope obtained during the exponential stage of growth. The 
specific growth rate, µ, was then calculated from the following formula: 
 
 
Culture sampling  
Algal cells were harvested by filtration through 2.5 cm GF/C filter paper on a 
Millipore filtration manifold. The cells were rinsed with equal volumes of isotonic 
ammonium formate to remove residual salt from the filter paper. Because different 
species of algae were grown at different salinities, the concentration of ammonium 
formate was adjusted to match the osmolarity of the algal culture. Thus, 0.65 M 
ammonium formate was used for cultures kept at 3.5% and 7.0% NaCl whereas 2.6 M  
ammonium formate was used for cultures kept at 12.5% NaCl. 
 
Dry weight and ash free dry weight determination 
Prior to sample filtration for dry weight and ash free dry weight (AFDW) 
determination, filter papers were washed 3 times in distilled water, dried and then 
combusted at 450 °C overnight to remove any organic contaminants. The treated filters 
were then used for sampling as described above. For dry weight determination, the 
blotted filters were placed in 5 mL crucibles and dried at 75 °C overnight in a drying 
oven. The filters were then allowed to cool over silica gel and KOH pellets in a 
dessicator before their weights were recorded (to 5 decimal places). For AFDW 
determination, the filters were combusted at 450 °C overnight in a muffle furnace, after 
which the filters were removed and cooled and the AFDW was obtained by calculating 
the difference between the ashed weight and the dry weight.  
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Sample treatment before extraction 
Following filtration, the filter papers were folded in two, blotted gently to 
remove excess water and then stored in aluminium foil in a closed container at –20°C 
until further use. For extraction purposes, the frozen filtered samples were taken out of 
the freezer and placed in individual glass tubes. Liquid nitrogen was then poured into 
each tube to aid in cell rupture. The solidified sample was then left to thaw before 
proceeding with the appropriate extraction procedure. 
 
Total carbohydrates analysis  
The total carbohydrate content was analysed using methods developed by 
Kochert (1978) and Ben-Amotz et al. (1985) and which were optimised by Mercz (1994). 
Depending on the cell density of the microalgal culture, 5 mL up to 10 mL of culture 
was sampled as described above and each filter was placed in an individual glass 
centrifuge tube. With the aid of a glass rod, the filters were homogenised thoroughly in 
2mL of 1 M H2SO4 and the final volume in each tube was made to 5 mL with additional 
1 M H2SO4. The tubes were then stoppered with glass marbles and the samples were 
then placed in a waterbath at 100 °C for 1 h, after which the samples were removed, 
cooled to room temperature and then centrifuged at 1500g for 5 min. Depending on the 
carbohydrate content, 0.5 to 1 mL of each supernatant was transferred into separate 
tubes and the volume was topped up to 2 mL with dH2O. Glucose standards with 
concentrations of 0, 10, 20, 30, 40 and 50 µg of glucose were prepared and topped up to 
2 mL with dH2O. 1mL of 5% (w/v) of phenol solution was added to each tube and the 
resulting solution was well mixed. 5 mL of concentrated H2SO4 was then rapidly added 
to each tube, the mixture was well vortexed and then left to cool down to room 
temperature. The supernatants were carefully decanted into plastic cuvettes and the 
absorbance of each sample and standard was read at an absorbance of 485 nm. The 
total carbohydrates content was determined from the standard curve (Figure 7) and the 
total carbohydrates yield was calculated using the following equation: 
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Figure 7. Typical glucose standard curve used for total carbohydrates determination. 
 
Total protein analysis 
 Total protein determination was based on the adaptation of Lowry’s method 
(Lowry et al., 1951) by Dorsey et al. (1978). The Biuret reagent solution was made fresh 
before each use and was prepared by mixing 20 mL of 200 g.L-1 of Na2C03, 20 mL of 40 
g.L-1 of NaOH and 160 mL of dH2O.  2 mL of 200g.L-1 KNa tartrate and 2 mL of 50 g.L-1 
CuSO4.5H2O were then added to the alkaline solution and the resulting mixture was 
well mixed. The protein standard stock solution was prepared using Bovine Serum 
Albumin Fraction V at a concentration of 500 mg BSA.L-1. Appropriate volumes of the 
protein standard containing 0, 10, 20, 30, 40, 50, 60 and 70 µg of BSA were pipetted into 
individual tubes and topped up to 0.14 mL with dH2O. 5 mL of Biuret reagent was then 
added to each protein standard to make the final volume to 5.14 mL. 
The filtered samples were each homogenized in 20 mL of the Biuret reagent. A 
known volume of the resulting homogenate was then transferred into another tube and 
topped up to 5 mL of Biuret reagent. 0.14 mL of dH2O was then added to make the 
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final volume to 5.14 mL. Glass marbles were placed over the opening of all tubes and 
the samples and protein standards were incubated in a waterbath at 100 °C for 1 h. 
After the heating treatment, 0.5 mL of Folin- Ciocalteus phenol solution (1:1 dilution in 
deionised water) was immediately added to each tube and the mixture was well 
vortexed. The reaction with the folin-phenol solution must be carried out as soon as 
possible since a delay of even a few seconds in complete mixing will lessen the amount 
of colour, thus resulting in lower absorbance values. The samples were left to cool to 
room temperature and then centrifuged at 1500g for 10 min. The supernatants were 
carefully decanted into plastic cuvettes and the absorbance of each sample and each 
standard was read at 660 nm. The total protein content was then calculated from the 
standard curve (Figure 8) and the total protein yield was obtained by using the 
following equation: 
 
 
Chlorophyll a extraction 
 Determination of the total chlorophyll a content of microalgal samples was 
achieved by using cold 90% acetone as extracting solvent (Jeffrey and Humphrey, 
1975). Prior to extraction, a pinch of MgCO3 was added to the cold acetone to remove 
any trace of acids originating from the samples or glassware which might degrade the 
chlorophyll molecules (Jensen, 1978). The thawed filtered samples were then 
thoroughly homogenised in 3 mL of cold acetone- MgCO3, centrifuged at 1500g for 10 
min and the supernatant was transferred into another glass tube. The pellet was re-
extracted and centrifuged as described above. The supernatants were combined and 
kept on ice in the dark. A portion of each chlorophyll extract was then transferred into 
a quartz cuvette and the absorbance of the extracts was read at 664 nm and 647 nm. 
The total chlorophyll a content was then calculated according to the equation derived 
from Jeffrey and Humphrey (1975). 
Chlorophyll a (µg.mL-1) = 11.93E664-1.93E647 
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Figure 8. Typical BSA protein standard curve for total protein determination. 
 
Special precautions to avoid degradation of the pigments were taken during the 
extraction of chlorophylls. The extraction was carried out in dim light, the solvent and 
samples were kept on ice throughout the homogenisation and spectrophotometric 
process. Since the samples were cold, condensation readily occurred on the surface of 
the filled quartz cuvettes and therefore, each cuvette was well wiped before each 
absorbance reading. 
 
Total lipid extraction 
The preferred method for the analysis of total lipids was the Folch method 
(Folch et al., 1957) (see Chapter 5). Microalgal cells on GF/C filter papers were lysed 
with liquid nitrogen and were then thoroughly crushed with 2 mL of methanol. This 
initial crushing with methanol alone helps in a more exhaustive recovery of all forms 
of lipids, especially those bound within the cell membranes (Christie, 1982). 4 mL of 
chloroform were then added and the resulting homogenate was well mixed and then 
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centrifuged at 1500g for 10 min. The supernatant was collected and a second extraction 
using the same volume of 1:2 methanol:chloroform was carried out on the pellet. 
Following centrifugation, the supernatants were combined and the extracts were well 
mixed with one quarter of the total volume with water. The addition of water led to 
phase separation which served 2 purposes: to separate the solvents into two immiscible 
phases while concurrently separating non-lipid material away from the crude lipid 
extracts. Thus, the bottom layer which made up about 60% of the total volume, 
contained chloroform:methanol:water in the approximate ratio of 84:14:1 (v/v/v) 
(Christie, 1982), together with the purified lipids and pigments. The upper aqueous 
layer was composed of chloroform: methanol:water in the ratio 3:48:47 (v/v/v)  and  
would have contained the non-lipid contaminants such as sugars, amino acids and 
salts (Christie, 1982). 
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CHAPTER 3 
Strain selection and physiological studies 
Introduction 
  The use of microalgae as a potential feedstock source for biofuel production 
offers many advantages, namely faster growth rates, high biomass and lipid 
productivities compared to higher plants, as well as non-reliance on food crops. More 
importantly, it offers the added benefit that natural resources of low commercial 
significance can be put into good use, thereby increasing economic diversity and 
revenue. As a prime example, it has often been suggested that arid regions and saline 
water, otherwise unfit for residential purposes, agriculture and pastoral activities, are 
suitable for the mass cultivation of halophilic microalgal species. In Australia, this 
strategy has already been successfully implemented, as illustrated by the Cognis Ltd 
plant (Hutt Lagoon, Western Australia and Whyalla, South Australia) which grows 
Dunaliella salina for the β-carotene production in large shallow hypersaline (> 30% w/v 
NaCl) lagoons (Borowitzka, 1989; Borowitzka and Borowitzka, 1990; Borowitzka et al., 
1984).  
Australia is particularly suited for the large-scale culture of microalgae because 
of its unique landscape, limnological, climatic and ecological features exemplified by: 
a) Vast expanses of unused land, of which c.a. 40% is made up of arid 
regions (Figure 9), 
b) Natural sources of saline water in the form of saline surface lakes and 
underground reservoirs (de Deckker, 1983), 
c) High insolation (15-24 MJ.m-2.d-1) (Figure 10), high mean annual 
temperatures (15-27 °C) (Figure 11), low rainfall across most of the 
continent (< 500 mm. y-1) (Figure 12), and 
d) A diverse marine as well as lentic halophilic phytoplankton population 
(Hammer, 1981). 
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The implementation and establishment of a large-scale microalgal 
biotechnological industry would be beneficial to the Australian economy, especially 
given that an increasing proportion of fertile land is being lost to rising saline 
underground water levels as a result of land clearing and heavy freshwater usage. In 
2002, it was estimated that at least 42% (c.a. 821 000 ha) of Australia’s fertile land has 
been salinised and thus rendered unfit for future agricultural production (Australian 
Bureau of Statistics, 2009). The mass cultivation of halophilic microalgae on these 
converted land areas would thus not only complement the displaced agricultural 
activities but would also potentially benefit from the saline groundwater. 
 
 
Figure 9. Major climatic zones of Australia based on a 30-year record period 
(Courtesy of the Bureau of Meteorology, 2010). 
 
However, limitations that microalgae cultivation in those areas are likely to 
experience are high pan evaporation rates (up to 4 L.y-1, see Figure 13), slow growth 
and low biomass productivities at high salinities, strong photoinhibition at high 
irradiances and high biomass loss through respiration at elevated temperatures 
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(Vonshak and Richmond, 1985). Few microalgae species can tolerate such extreme 
outdoor culture conditions; the key isolates would highly likely be those that are 
already adapted to the harsh environmental growth conditions. Therefore, some of the 
most important criteria against which the selection of microalgae should be carried for 
large-scale cultivation on saline water in arid areas are: 
a) Fast growth in non-fastidious conditions, 
b) High lipid content and biomass productivity, 
c) Tolerance to a wide range of salinities, 
d) Ability to grow at high irradiances, temperature and oxygen 
concentrations, and 
e) Ability to grow as uni-algal cultures in outdoor open ponds for extended 
periods of time. 
Screening of microalgae species from various inland and coastal saline lakes 
around Western Australia has previously been carried out in the early 1990s by Mercz 
(1994). His study showed that some locally isolated microalgae were potential 
candidates for cultivation at salinities ≥ 3.5% NaCl. Another more recent field collection 
of microalgae isolated was thus repeated to collect more wild type isolates. The 
screening was performed in a stepwise fashion, beginning with the isolation of 
microalgae samples from saline lakes in Western Australia, progressing to indoor 
experiments and concluding in the culture of selected strains in outdoor raceway 
ponds.  
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Figure 10. Annual patterns of mean daily solar irradiance across Australia over a 19- 
year period (Courtesy of the Bureau of Meteorology, 2010). 
 
 
Figure 11. Annual patterns of mean daily temperature across Australia over a 30-year 
period (Courtesy of the Bureau of Meteorology, 2010). 
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Figure 12. Annual patterns of mean rainfall levels across Australia over a 30-year 
period (Courtesy of the Bureau of Meteorology, 2010). 
 
 
Figure 13. Annual patterns of pan evaporative losses across Australia over a 10-year 
period (Courtesy of the Bureau of Meteorology, 2010). 
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Materials and methods 
 
Microalgae sampling and isolation 
Water samples were collected from 3 meromictic saline lakes from Rottnest 
Island, Western Australia (32°00 07”S, 115°31 01”E) (Figure 14) in October 2005 and 
streaked on 1% (w/v) Grade A bacteriological agar medium whose salinity was 
adjusted to match that of the water samples. The lake water salinity and temperature 
were measured with a hand-held refractometer and a digital thermometer respectively. 
The growth medium was enriched with 75 g.L-1 NaNO3 and 5 g.L-1 NaH2PO4.H2O, and 
10 mg.L-1 Germanium dioxide (GeO2) was added to half of the prepared agar plates to 
inhibit diatom growth (Lewin, 1966). The plates were left to incubate at 30 µmol 
photons.m-2.s-1 on a 12:12 h L:D cycle at 25 °C and were regularly checked for any 
presence of microalgae or other microorganisms. Plates that showed heavy bacterial 
contamination were re-streaked in an attempt to separate any microalgae cells that 
might be present on the plates. After 17 days of incubation, small colonies could be 
seen and some of the cells were transferred to clean agar plates enriched with twice the 
amount of nitrate and phosphate. Single cell colonies obtained through repeated 
streaking and single cell isolation via micropipetting were then transferred using a 
sterile loop from the agar plates into liquid F½ and F medium of the appropriate 
salinity in 10 mL McCartney bottles for further growth. The liquid cultures were kept 
at 70 µmol photons.m-2.s-1 on a 12:12 h L:D cycle at 25 °C and were shaken manually 
once a day. 
 
Characterisation and preliminary selection 
Microalgae cells from healthy cultures were primarily characterised according 
to their size, shape and motility (Table 7). Identification was based on the overall shape 
(filamentous, coccoid, rod-like), presence/absence of flagella, pyrenoids and other 
distinctive features using some key reference phytoplankton identification books 
(Butcher, 1959; Carmelo and Grethe, 1997; Round et al., 1990). For distinction between 
similar pennate diatom cells, the diatom cells were centrifuged and heated with 10 mL 
of concentrated nitric acid for 5 min. The treated cell suspension was then allowed to 
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cool, after which 50 mL of distilled water was added. The sample was centrifuged, 
washed 4 times with distilled water and made up to 5 mL. A few drops of the frustule 
sample was then placed on a microscope slide and gently heated to dryness on a hot 
plate. Permanent slides were prepared by placing a drop of Depex resin mounting 
solution on the cover slide, inverting this on the dried slides and gently heating the 
slides until the mountant has set. Frustules were then examined using a compound 
microscope under brighfield and Normarski mode. 
 
 
Figure 14. Sampling locations of microalgae specimen from Rottnest Island, Western 
Australia. 
 
In parallel with the identification work, viable liquid cultures were scaled up 
and grown through 1 growth cycle in 75 mL of F medium in 100 mL Erlenmeyer flask 
at 70 µmol photons.m-2.s-1 on a 12:12 h L:D cycle at 25 °C. Their growth rate, lipid 
content and ease of culturing were then determined for further selection. 
Cells from clumpy and settling cultures, such as the diatom cultures and some 
green algal cultures, were regularly shaken by hand and 4 mm glass beads were added 
to the flasks to enhance cell dislodgement from the glass surface. Prior to counting, 
cells clumps were thoroughly homogenised either by using a glass homogeniser with a 
loose fitting teflon plunger or by blowing small air bubbles vigorously through the cell 
sample with compressed air through a narrow bore plastic pipette tip. Growth rate and 
lipid content were determined as described in Chapter 2.  
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Microscopic visualisation of lipid droplets in the algal cells was carried out by 
using the Nile Red fluorescent dye. The dye was prepared by dissolving 10 mg of Nile 
Red powder (Sigma Aldrich) in 100 mL of reagent-grade acetone to give a final 
concentration of 100 µg.mL-1 (Dempster and Sommerfeld, 1998). 12.5 µL of the Nile Red 
stock solution was then mixed with 1 mL of fresh algal suspension and the cells were 
viewed under an Olympus compound microscope using UV light (UV filter 460-490 
nm). Lipid droplets were seen as bright golden spots which, under prolonged exposure 
to the UV light (> 5 s), faded rapidly due to degradation of the dye. 
 
Microalgal physiology 
The growth rate, biochemical composition and photosynthesis rate of 5 of the 
most promising strains from the screening process was investigated at different 
salinities, irradiances, temperatures and oxygen concentrations. Tetraselmis sp. MUR 
167 and MUR 219, and the diatom Amphora coffeaeformis MUR 158 (from the Murdoch 
University Algae Culture Collection) which had been previously identified by (Mercz, 
1994) as potential candidates for biofuel production were also included in this study 
for comparison. Tetraselmis sp. MUR 167 and A. coffeaeformis MUR 158 were isolated 
from lakes in Western Australia in the early 1990s. The prasinophyte was isolated from 
a sediment sample at a salinity of 6.8% NaCl from Pink Lake from Rottnest Island 
while the diatom was sampled from sediments at a salinity of 15% NaCl from Hutt 
Lagoon. No collection data were available for Tetraselmis sp. MUR 219.  
 This experiment was carried out in 2 phases: (a) salinity tolerance determined 
by measuring the growth rate, biochemical composition and lipid profile over 1 growth 
cycle and (b) photosynthetic activity under a combination of different light, 
temperature, oxygen and salinity levels. 
 Salinity tolerance 
The 7 isolates were grown at 3, 5, 7, 9 and 11% (w/v) NaCl in 200 mL of F 
medium in 250 mL Erlenmeyer flasks in duplicates in batch mode. The cultures were 
kept at 70 µmol photons.m-2.s-1 on a 12:12 h L:D cycle at 25 °C and samples for 
biochemical analysis were taken at the late exponential phase of growth (day 7) and 
stationary phases (day 18). Cell counts, calculation of growth rate and biochemical 
analyses were performed as outlined in Chapter 2. 
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Photosynthesis 
Tetraselmis MUR 167, 219, 230, 232 and 233 were grown at 3 temperatures (15, 
25 and 35 °C) and 3 salinities (3.5, 7 and 9% w/v NaCl) at 70 µmol photons.m-2.s-1 on a 
12:12 h L:D cycle and the cell densities were kept constant at 100 x 104 cells.mL-1 by 
daily dilution.  After a period of adjustment to the new growth conditions (> 5 days), 
the rate of oxygen evolution and consumption of the above experimental cultures was 
investigated using a Clark-type polarographic oxygen electrode (Rank Brothers, 
Bottisham, U.K.). The electrode was fitted with a water jacket through which 
temperature-controlled water was continuously recirculated using a recirculating 
constant-temperature waterbath. Light was supplied from a quartz halogen bulb from 
a  projector and the irradia nce in the electrode cha mber wa s mea sured using a 4 π 
sensor connected to a Walz PAM control unit (Walz, Germany). The electrodes were 
calibrated prior to each experiment using pure N2 gas and air-saturated distilled water. 
The oxygen concentration in the air-saturated water was determined using Carpenter’s 
tables (Gilbert et al., 1968). The rate of oxygen evolution was recorded via a Powerlab 
data acquisition device (ADInstruments) and analysed using the Chart4 software 
(ADInstruments) (Figure 15). 
Photosynthesis was measured at low (2.08-3.02 mg.L-1) and high (10.4-15.1 
mg.L-1) [O2] and at sub-saturating and saturating light dependent intensities. The latter 
light intensities were determined from the rapid light curve generated for each strain. 
Rapid light curves were obtained by reading the PS II relative electron transport rate 
(rETR) from 0 to 2200 µmol photons.m-2.s-1 by pulse amplitude modulated (PAM) 
fluorometry using a Water Emitter Detector unit (WaterPAM) which was connected to 
a Walz PAM Universal Control unit (Omerhodzic, 2009).  
 
Outdoor trials 
Four strains of Tetraselmis were cultured in Fmod medium at 7% NaCl in 1 m2 
outdoor open raceway ponds between January and March 2009 as outlined in Chapter 
4 and the performance of each strain in non-axenic growth conditions were monitored 
and compared.  
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Figure 15. Snapshot of a typical oxygen evolution curve illustrating calibration, 
photosynthetic and dark respiration runs using the Chart4 software 
(ADInstruments). 
 
Results 
 
Isolation, characterisation and preliminary selection 
At the time of sampling, the salinity at Lake Bagdad, Herschell Lake and 
Government House Lake ranged between 6.4 and 13.1% NaCl and the average water 
temperature was 20 °C. Similar salinity and temperature profiles of these lakes at the 
same time of the year have been reported previously (Bunn and Edward, 1984; Mercz, 
1994). Plating of the lake water samples on nitrate- and phosphate- enriched agar 
resulted in the growth of various algal types, of which green algae, diatoms and 
cyanobacteria were dominant. Of the main genera of green algae identified, i.e. 
Tetraselmis, Dunaliella and Nannochloropsis (Figure 16), Tetraselmis was the most 
frequently encountered and showed good motility and healthy growth upon repeated 
streaking on agar and cultivation in liquid medium. Diatom identification was more 
difficult, given that there were cells of various sizes and shapes (similar, but with 
subtle differences, as shown in Figure 17), even in colonies supposedly originating 
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from single cells. Nevertheless, 3 types of pennate diatoms were distinguished and 
they were tentatively classified as Nitzschia, Navicula and Amphora/Cymbella spp. 
 
 
Figure 16. Four of the most common microalgal cell types isolated from Rottnest 
Island: Dunaliella (a), Tetraselmis (b), Navicula (c) and Nannochloropsis (d). 
Intracellular lipid droplets were seen as fluorescent golden spots when stained with 
Nile Red [b(ii)- d(ii)].  
 
Selection of microalgal isolates at this point was influenced by a combination of 
factors. A large number of isolates were unable to sustain growth in liquid medium, 
either as a result of rapid cyanobacterial contamination or weak growth upon transfer 
from agar to liquid. These isolates were therefore no longer considered. In contrast, 
Tetraselmis and some of the diatom strains were particularly hardy and grew fast upon 
transfer into the liquid medium. They also displayed the largest cell size, as compared 
to the rest of the isolates. Tetraselmis strains were by far the easiest to grow and 
maintain because the cells were fully motile and homogeneously distributed 
throughout the water column. Even if they settled and adhered to the glass surface, 
they were easily dislodged with the aid of the glass beads. On the other hand, the 
diatom isolates adhered more strongly and uniformly to the glass surface, requiring 
continuous and vigorous shaking (which often damaged the cells) to keep the cells in 
suspension. The Dunaliella and Nannochloropsis isolates grew poorly in liquid medium 
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and this was obvious by the delayed growth and very low cell numbers. Given their 
poor growth, coupled with their small size relative to the Tetraselmis and the diatoms, 
they were deemed unsuitable for further experimentation. Therefore, based on the 
growth in liquid medium, cell size, motility and ease of culture, further research was 
focused on the Tetraselmis and diatom isolates. 
 
Figure 17. Cleaned diatom frustules from one of the Amphora/Cymbella isolates. 
Arrows indicate variations in the indentation and concavity/convexity of the pennate 
frustules. 
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Table 8. Characteristics of lake conditions and cell features of microalgal isolates originating from Rottnest Island, Western Australia. 
Location Salinity (% NaCl) Water Temperature (°C) ISO # MUR # Classification Size (µm)         
(W x L) 
Motility 
     Chlorophyceae   
Herschell Lake 6.4 21.6 48 
 
Nannochloropsis 3 x 3 - 
Herschell Lake 6.4 21.6 49 233 Tetraselmis 10 x 13 + 
Herschell Lake 6.4 21.6 2 230 Tetraselmis 10 x 13 - 
Herschell Lake 6.4 21.6 5  Tetraselmis 10 x 13 + 
Lake Bagdad 7.3 19.7 1 
 
Tetraselmis 10 x 13 + 
Lake Bagdad 7.3 19.7 17 
 
Tetraselmis 10 x 13 - 
Lake Bagdad 7.3 19.7 35  Tetraselmis 10 x 13 + 
Lake Bagdad 7.3 19.7 36 
 
Tetraselmis 10 x 13 - 
Lake Bagdad 9.7 20.1 38  Dunaliella 5 x 10 - 
Lake Bagdad 9.7 20.1 39 
 
Tetraselmis 10 x 13 + 
Lake Bagdad 9.9 20.1 8 
 
Tetraselmis 10 x 13 + 
Lake Bagdad 9.9 20.1 18 
 
Dunaliella 5 x 10 - 
Lake Bagdad 12.4 21.4 43  Dunaliella 5 x 10 - 
Lake Bagdad 12.4 21.4 26 
 
Dunaliella 5 x 10 + 
Herschell Lake 12.6 22.0 16 
 
Tetraselmis 10 x 13 + 
Herschell Lake 12.6 20.8 25  Nannochloropsis 3 x 3 - 
Government House Lake 12.6 20.8 27 232 Tetraselmis 10 x 13 + 
Government House Lake 12.6 20.8 34 
 
Dunaliella 5 x 10 + 
Herschell Lake 13.1 22.0 15 
 
Tetraselmis 10 x 13 + 
South West* NA NA 13 231 Tetraselmis 10 x 13 + 
South West* NA NA 20 
 
Nannochloropsis 3 x 3 - 
South West* NA NA 33 
 
Dunaliella 5 x 10 - 
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Table 9. Characteristics of lake conditions and cell features of microalgal isolates originating from Rottnest Island, Western Australia 
(continued). 
     Bacillariophyceae   
Herschell Lake 6.4 21.6 40 
 
Amphora/ Cymbella 6 x 8 - 
Herschell Lake 6.4 21.6 52  Amphora/ Cymbella 3 x 12 - 
Lake Bagdad 7.3 19.7 3 
 
Amphora/ Cymbella 5 x 10 - 
Lake Bagdad 7.3 19.7 29 
 
Amphora/ Cymbella 5 x 15 - 
Lake Bagdad 7.3 19.7 32  Amphora/ Cymbella 5 x 15 - 
Lake Bagdad 9.7 20.1 41 
 
Amphora/ Cymbella 7 x 10 - 
Lake Bagdad 9.7 20.1 42  Amphora/ Cymbella 4 x 6 - 
Lake Bagdad 9.9 20.1 24 
 
Nitzschia 5 x 15 - 
Lake Bagdad 9.9 20.1 28 
 
Navicula 5 x 15 - 
Lake Bagdad 9.9 20.1 31  Navicula 4 x 10 - 
Lake Bagdad 12.2 21.4 10 
 
Nitzschia 7 x 25 - 
Lake Bagdad 12.2 21.4 21  Amphora/ Cymbella 5 x 10 - 
Lake Bagdad 12.4 21.4 23 
 
Amphora/ Cymbella 5 x 12 - 
Lake Bagdad 12.4 21.5 51  Amphora/ Cymbella 8 x 18 - 
Herschell Lake 12.6 22.0 45 
 
Amphora/ Cymbella 5 x10 - 
Herschell Lake 13.1 22.0 46 
 
Amphora/ Cymbella 5 x 15 - 
South West* NA NA 6  Nitzschia 3 x 15 - 
* No environmental data was obtained from this sampling site. 
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Fourteen Tetraselmis and 19 diatom isolates were grown in batch mode for 25 
days, during which the growth rate and lipid content were determined. Daily 
observation of the cultures in the first few days indicated good growth for all isolates. 
However, the sticky and clumpy nature of the diatoms became more apparent as the 
cultures aged and sampling and cell counts became progressively more laborious and 
inaccurate (Figure 18); stronger homogenisation in an attempt to dissociate the diatom 
cells from each other often resulted in cell breakage and bubbling air through the cell 
sample was inefficient. As a consequence, no reliable growth rate data could be 
obtained from the diatom cultures.  Tetraselmis cultures, on the other hand, were easier 
to handle and grew well, with growth rates ranging between 0.17 and 0.69 d-1 (Table 8). 
 
Figure 18. Growth curves of diatom isolates, illustrating variability in cell counts 
due to extensive clumping and sticking as cultures aged. 
 
Lipid content at the early stationary phase differed between the 2 phyla. At this 
stage in the growth cycle, the lipid content of the Tetraselmis strains were close to half 
of that of the diatoms, ranging between 15 and 20% of dry weight in most cases (Figure 
19). In contrast, the diatom total lipid content was greater than 15% of dry weight, with 
the exception of ISO 19 which had less than 12% of total lipids. A total lipid content as 
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high as 38% of dry weight was recorded for one of the diatom isolates, thus illustrating 
the great potential of diatoms as high lipid producers. However, despite these high 
lipid values, the diatom isolates were not suitable for further investigation because of 
their very sticky nature which can make cultivation, maintenance and sampling very 
difficult, especially at a large scale. Based on all the above results, the Tetraselmis strains 
were the most promising and they were therefore selected for further more detailed 
screening experiments. All Tetraselmis cultures from this point onwards were 
maintained and subcultured at 7% NaCl unless stated otherwise. 
 
Effect of salinity on growth and biochemical composition 
Tetraselmis MUR 167 and 219 and A. coffeaeformis MUR 158 from the Murdoch 
University Algae Culture Collection, and Tetraselmis MUR 230, 231, 232 and 233 
recently isolated from the saline lakes were grown at 3, 5, 7, 9 and 11% NaCl and their 
growth and biochemical composition were monitored over 1 growth cycle. Despite the 
lack of a salinity pre-conditioning step prior to this experiment, all isolates adapted 
quickly upon transfer from 7% NaCl to lower and higher salinities, resulting in a rapid 
increase in cell density within the first 5 days following inoculation (Figure 20). 
However, the higher the salinity, the lower the maximum cell number and at 11% 
NaCl, growth was markedly inhibited, especially for Tetraselmis MUR 167, 219 and 231 
and A. coffeaeformis MUR 158.  
Table 10. Growth rates of Tetraselmis isolates originating from Rottnest Island, 
Western Australia. 
ISO # Specific growth rate, µ (d-1) 
1 0.17 
2 0.20 
5 0.69 
8 0.28 
11 0.43 
13 0.39 
15 0.17 
16 0.17 
17 0.23 
27 0.35 
35 0.32 
36 0.28 
39 0.28 
49 NA 
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Figure 19. Total lipid content at early stationary phase of diatom and Tetraselmis 
isolates originating from Rottnest Island, Western Australia. Bars represent range of 
lipid content from duplicates. 
 
The growth rate was similarly affected by the changes in salinity, being highest 
at low salinities and lowest at 9 and 11% NaCl. The highest specific growth rate of 1.16 
d-1 was observed in Tetraselmis MUR 231 at 3% NaCl, while the lowest growth rate (0.15 
d-1) was recorded for A. coffeaeformis MUR 158 at 11% NaCl. However, while the effect 
of increasing salinity was obvious on all strains, not all cultures responded in the same 
manner over the salinity range and 3 typical growth rate patterns (Figure 21) could be 
distinguished: (1) a stepwise decline (Tetraselmis MUR 231 and A. coffeaeformis MUR 
158); (2) high growth rates at 3 and 7% NaCl and declining steadily thereafter 
(Tetraselmis MUR 219 and MUR 233), and (3) a fairly flat line curving downwards at 
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11% NaCl (MUR 167 and MUR 230). Tetraselmis MUR 232 was the least affected by the 
salt treatment and maintained a fairly constant growth rate ranging between 0.5 and 
0.75 d-1 across the whole salinity range (Figure 21).  
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Figure 20. Growth curves of Tetraselmis strains (MUR 230- 233, 167 and 219) and A. 
coffeaeformis MUR 158 over a range of salinities. Samples for biochemical 
composition analysis were taken on day 7 and day 18 at the late-exponential and 
stationary phases respectively. 
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Figure 21. Specific growth rates of Tetraselmis strains (MUR 230- 233, 167 and 219) 
and A. coffeaeformis MUR 158 grown over a range of salinities. 
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Total organic content (ash-free dry weight per cell) was equally impacted as a 
direct consequence of salinity on growth rates. Slow growing cells were generally 
characterised by high organic content whereas cells with faster growth rates were 
lighter (Figure 22). Thus, a gradual rise in total organic content was observed with 
increasing salinity in all strains and the highest biomass accumulation occurred at 11% 
NaCl, regardless of growth stage (Figure 23). The steady growth rates over the salinity 
range as described previously for Tetraselmis MUR 232 was, on the other hand, 
counterbalanced by a 3-fold decrease in cellular AFDW when the salinity changed 
from 3 to 9% NaCl. The ash content of all cultures increased with increasing salinity, 
making up to 70% of the weight of dry cells at 11% NaCl and remained unchanged 
throughout the growth period (Figure 24). 
It is of particular interest that at the extreme high salinity (11% NaCl), the 
organic content of Tetraselmis MUR 167 and MUR 219 were at least twice as much as 
the AFDW content of the other Tetraselmis strains, with maximum values of 2520 and 
2590 pg.cell-1 recorded respectively for Tetraselmis MUR 167 and MUR 219 at the 
exponential phase and slightly lower in the stationary phase (Figure 23). This could be 
indicative of a stronger salt inhibition effect resulting from prolonged adaptation (> 10 
years) to stable but sub-optimal culture growth conditions used in the culture 
collection (i.e. < 70 µmol photons.m-2.s-1, ~ 18 °C, bi-annual subculturing). 
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Figure 22. Change in organic content as a function of growth rate in Tetraselmis 
strains and A.coffeaeformis MUR 158. 
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Figure 23. Cell organic content of Tetraselmis strains (MUR 230-233, 167 and 219) and 
A. coffeaeformis MUR 158 at exponential (■) and stationary (□) phases. (mean ± S.E, 
n=4 filters). 
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Figure 24. Ash content of Tetraselmis strains (MUR 230-233, 167 and 219) and A. 
coffeaeformis MUR 158 over a range of salinity at exponential and stationary phase.  
 
Biochemical composition 
No significant changes associated with an increase in salinity was observed in 
the biochemical composition of Tetraselmis cells and variations in the relative 
proportions of proteins, carbohydrates and lipids were mainly attributed to growth 
stages rather than to the effect of salt. Overall, lipids in all Tetraselmis strains were most 
abundant at the late- exponential phase, making up 25-50% of the organic biomass 
(AFDW) while protein and carbohydrates remained comparatively low (≤ 30% of 
AFDW) (Figure 25). As the cells progressed into the stationary phase and became 
nutrient-depleted, slightly more protein was formed at the expense of carbohydrate 
while the lipid pool remained almost unchanged (Figure 26). At this stage in the 
growth cycle, proteins and lipids each made up 20-35% of AFDW while carbohydrates 
made up less than 15% of the remainder of the organic biomass (Figure 25).  
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Tetraselmis MUR 231 had the highest lipid content at the early stages of growth, 
with a mean of 48% of lipids per AFDW produced across the whole salinity range, 
followed closely by Tetraselmis MUR 230 with 46 % of lipids per AFDW (Figure 25). 
However, the latter strain seemed to have a high tolerance to salinity since it 
maintained high lipid levels across the salinity range throughout the whole growth 
cycle and lost only 13% of its lipid content as the culture aged (Figure 25 and Figure 
27). In contrast, the lipid content of Tetraselmis MUR 231 decreased by 21% in the 
stationary phase and at this particular growth stage, an increase in salinity led to a 
marked decline in lipid content between 3 and 9% NaCl (Figure 27). Tetraselmis MUR 
232 lost virtually none of it lipid content throughout the experiment (average of 30% of 
AFDW at late-exponential phase and 29.1% of AFDW at stationary phase across the 
salinity range) and seemed to have utilised carbohydrates rather than lipids as a source 
of energy for further protein synthesis in the later stages of growth (Figure 27). Of all 
Tetraselmis strains, Tetraselmis MUR 167 contained the least amount of lipids, with 
maximum lipid contents reaching only 27 and 20% of AFDW at late-exponential and 
stationary phases respectively.  
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Figure 25. Biochemical composition of Tetraselmis strains (MUR 230-233, 167 and 
219) and A. coffeaeformis MUR 158 over a range of salinity at late-exponential phase. 
Protein (■), carbohydrates (□) and lipids ( ). (mean and range, n=2 filters). 
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Figure 26. Relationship between protein, carbohydrate and lipid contents of 
Tetraselmis strains (MUR 230- 233, 167 and 219) (○) and A. coffeaeformis MUR 158 (●) 
at late-exponential and stationary phases of growth. Regression lines are fitted to 
Tetraselmis values only and represent the general trend of the data points. 
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Figure 27. Biochemical composition of Tetraselmis strains (MUR 230- 233, 167 and 
219) and A. coffeaeformis MUR 158 over a range of salinity at stationary phase. 
Protein (■), carbohydrates (□) and lipids ( ). (mean and range, n=2). 
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This remarkably high lipid content in the diatom was however achieved at the 
slowest growth rate (0.15 d-1) so that the overall lipid productivity, calculated at 7.2 
mg.L-1.d-1, was in fact the lowest recorded during this experiment (Figure 28). Given 
that Tetraselmis lipid content did not fluctuate markedly over the salinity range, the 
final lipid productivity was mainly influenced by the specific growth rates so that 
similar trends as illustrated in Figure 21 for growth rates were obtained. Thus, high 
lipid productivities were obtained at 3- 7% NaCl and declined thereafter (Figure 28). 
Tetraselmis MUR 231 was the most productive at 3 % NaCl, yielding 87 mg lipids.L-1.d-1, 
followed by MUR 233 which produced 60 mg lipids.L-1.d-1 at the same salinity, whereas 
MUR 219 and MUR 232 were both most productive at 5% NaCl. Of the 3 strains that 
showed consistent trends in lipid productivity across the salinity range, i.e.  Tetraselmis 
MUR 167, 230 and 232, MUR 230 was superior as it sustained lipid productivities 1.5-2 
times (between 35 and 50 mg lipids.L-1.d-1) greater than the other 2 strains at salinities 
below 11% NaCl.  
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Figure 28. Lipid productivity of Tetraselmis strains (MUR 230- 233, 167 and 219) and 
A. coffeaeformis MUR 158 over a range of salinity. 
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Photosynthesis 
Photosynthetic rates of Tetraselmis were investigated in order to further identify 
the most productive Tetraselmis strains. Five Tetraselmis strains were adapted to a range 
of salinities and temperatures and their photosynthetic and respiratory activity was 
determined under a combination of light and oxygen levels. Sub-saturating and 
saturating light intensities were set at set at 100 and 1000 µmol photons.m-2.s-1 
respectively according to the rapid light curve of each strain (Figure 29). 
There was no consistent pattern in the effect of salt concentrations on the 
chlorophyll a content over the temperature range investigated (Figure 30). chlorophyll 
a content of Tetraselmis MUR 232 and MUR 233 was least affected by salinity at 
temperatures ≤ 25 °C whereas an inverse pattern was observed in Tetraselmis MUR 167 
and MUR 219, i.e. more stable chlorophyll a content across the salinity range at higher 
temperatures.   
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Figure 29. Light curves of 5 Tetraselmis strains. MUR 167 (), MUR 219 (■), MUR 
230 (●), MUR 232 (○) and MUR 233 (▼). (mean ± S.E., n=4). 
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Figure 30. Chlorophyll a content of 5 Tetraselmis strains grown at 3.5 % NaCl (●), 7.0 
% NaCl (○), 9.0 % NaCl (▼) and over a range of temperatures. (mean ± S.E) (n=8, 
except for MUR 232 for which n=4 at 3.5% NaCl at 15 °C). 
 
At low light (100 µmol photons.m-2.s-1) and low [O2], photosynthesis of the 5 
strains was low and seldom exceeded 100 µmol O2.mg-1 Chl a.h-1 (left panel in Figure 
31). Tetraselmis MUR 167 maintained a fairly steady photosynthetic activity from 15°C 
to 35 °C despite a slight decrease in the rate of oxygen evolution at 7% and 9% NaCl. In 
comparison, the photosynthesis in Tetraselmis MUR 219 was strongly inhibited at both 
3.5% and 7% NaCl at 35 °C. At this temperature, cells maintained at 9% NaCl were 
adversely affected by the combination of high temperature and salinity and the culture 
collapsed a few days after inoculation and no photosynthetic rates was obtained from 
this strain for this particular treatment. Tetraselmis MUR 230, 232 and 233 were most 
efficient at photosynthesising at low light and at 25 and 35 °C but at these 
temperatures, an increase in salinity did not lead to any appreciable differences in 
photosynthetic activity. At 15 °C however, photosynthetic activity was inhibited in all 3 
strains and an increase in salinity further declined the rate of oxygen evolution. At this 
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low temperature, the most efficient of the three strains was MUR 233 which maintained 
high and similar photosynthetic activity at both 3% and 7% NaCl (post-hoc 1-way 
ANOVA, P > 0.05), followed by MUR 230 and finally by MUR 232 (left panel in Figure 
31).  
An increase in dissolved [O2] in the Tetraselmis cultures resulted in a decrease in 
photosynthesis, with the most inhibiting effect being observed in cultures maintained 
at 25 and 35 °C (right panel in Figure 31) for which the rates were at least 50% less than 
those recorded at lower [O2]. Photosynthetic rates at 15°C were however unaffected by 
the change in dissolved [O2] and at this particular combination of light, temperature 
and [O2], Tetraselmis MUR 167 was most efficient at maintaining high photosynthetic 
rates across the salinity  
A 10-fold increase in irradiance resulted in enhanced photosynthesis in all 
strains at both low and high [O2] (Figure 32), with Tetraselmis MUR 232 and 233 
showing slightly better response to the increase in light intensity at 25 and 35°C 
compared to the other strains. The effect of salinity, however, was more pronounced at  
high irradiance. In most cultures, photosynthesis was highest at 3.5% NaCl, regardless 
of temperature and oxygen levels and the most efficient strain at this salinity was 
Tetraselmis MUR 233 which increased its photosynthetic rate 3-fold to a maximum of 
309 ± 8.72 µmol O2.mg-1.Chl a.h-1 (left panel in Figure 32). Once again, Tetraselmis MUR 
230, 232 and 233 were the most productive strains at 25 and 35°C, followed closely by 
Tetraselmis MUR 167. Photosynthetic rates at 25°C were fairly constant across the 
salinity range but at 35 °C, an increase in salinity led to a slight decline in 
photosynthetic rates in all strains except for MUR 232 for which photosynthesis at 9% 
NaCl occurred at the same rate as at 3.5% NaCl. Photosynthesis was clearly inhibited at 
15°C in all strains except for Tetraselmis MUR 167 and MUR 219 and the inhibition 
effect was further accentuated at 7 and 9% NaCl.  Tetraselmis MUR 219 differed from all 
the other strains in that it maintained low but fairly similar photosynthetic activity 
across both temperature and salinity ranges, with only a significant drop in 
photosynthesis being observed at 9% NaCl at 15°C range.  
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Figure 31. Gross photosynthetic rates of 5 Tetraselmis strains at 100 µmol photons.m-
2.s-1, 2 dissolved oxygen levels and over a range of salinity and temperature. 3.5 % 
NaCl (■), 7.0 % NaCl (□) and 9.0 % NaCl ( ). (mean ± S.E, n=8). 
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Photosynthesis at high dissolved [O2] was equally enhanced by up to 3 times 
upon exposure to high light and was highest at 3.5% NaCl in most cases. At high [O2], 
photosynthesis rates and patterns across the salinity range at 15°C resembled those 
obtained at low [O2] whereas photosynthesis at higher temperatures were significantly 
lower (right panel in Figure 32). Of the 5 strains, Tetraselmis MUR 167 seemed the most 
tolerant to high light and high dissolved [O2] since it maintained high photosynthetic 
rates at 3.5% NaCl and yielded fairly similar rates at 7 and 9% NaCl at both 15 and 25 
°C (right panel in Figure 32). At 35 °C however, photosynthesis in this strain was 
inhibited with increasing salinity whereas photosynthesis in Tetraselmis MUR 232 
remained unchanged at the same temperature (post- hoc 1-way ANOVA, P < 0.05).  
The combined effect of salinity and temperature on respiration is shown in 
Figure 33. Respiration rates were measured from cultures maintained at 70 µmol 
photons.m-2.s-1 on a 12:12 h L:D cycle and were highest at 9% NaCl at both 25 °C and 35 
°C in all cultures except in Tetraselmis MUR 167 and 219 grown at 25 °C where no 
significant difference in respiration was observed across the salinity range (post-hoc 1- 
way ANOVA, P > 0.05). 
The relevance of all these results can be seen when the possible prevailing 
outdoor growth conditions are considered. Open outdoor raceway cultures in Perth, 
WA, are often exposed to light irradiances well in excess of 1000 µmol photons.m-2.s-1, 
to high oxygen levels (at least 12 mg.L-1 on warm sunny days) and to a wide range of 
temperatures, especially in winter where water temperature often plummets to below 5 
°C at night and rises up to the mid-20s during the day (data not shown). Under these 
growth conditions, Tetraselmis MUR 219 would be less likely to be chosen for outdoor 
culture since it was the least efficient at maintaining high photosynthetic rates under 
the various combinations of environmental parameters. Tetraselmis MUR 230, 232 and 
233 are likely to dominate at all salinities if maintained at temperatures close to 25 °C 
and would persist well between 3.5% NaCl and 7% NaCl in summer. On the other 
hand, Tetraselmis MUR 167 would be the preferred strain for outdoor culturing since it 
is capable of maintaining high photosynthetic rates at high oxygen levels over a broad 
range of temperatures (15-35 °C) at salinities up to 9% NaCl and at both high and low 
light. 
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Figure 32. Gross photosynthetic rates of 5 Tetraselmis strains at 1000 µmol 
photons.m-2.s-1, 2 dissolved oxygen levels and over a range of salinity and 
temperature. 3.5 % NaCl (■), 7.0 % NaCl (□) and 9.0 % NaCl ( ). (mean ± S.E, n=8). 
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Figure 33. Respiration rates of 5 Tetraselmis strains at 25 and 35°C and at 3.5 % NaCl 
(■), 7.0 % NaCl (□) and 9.0 % NaCl ( ).(mean ± S.E, n=4). 
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Outdoor cultivation- strain selection  
Four Tetraselmis strains were selected based on their overall performance from 
the indoor experiments and were grown in parallel in 1m2 outdoor raceway ponds for 
2½ months in summer 2009. The cultures were maintained in semi-continuous mode 
with Fmod medium (no vitamins added) at 7% NaCl and at a depth of 20 cm (200 L) and 
the cell density was maintained between 20 and 60 x 104 cells.mL-1. Under this set of 
growth conditions, Tetraselmis MUR 167 displayed the highest specific mean growth 
rate (0.50 ± 0.06 d-1) and the highest mean biomass productivity (10.52 ± 2.00 g 
(AFDW).m-2.d-1) (Figure 34 and Table 9). The overall performance of the culture was, 
however, mainly characterised by slow growth and irregular cell density patterns 
(Figure 34).  
In comparison, Tetraselmis MUR 230 and MUR 233 cultures were well adapted 
to the outdoor growth conditions and both strains displayed a uniform growth pattern 
throughout the experimental period (Figure 34 and Figure 35). Tetraselmis MUR 230 
appeared to be more sensitive to temperature fluctuations, whereby lower water 
temperatures on previous days possibly led to better growth (Figure 35). However, it 
was faster-growing and heavier than Tetraselmis MUR 233 and hence, yielded 
significantly more biomass than the latter strain (Table 9).  
In contrast, Tetraselmis MUR 231 was the least productive (mean specific growth 
rate = 0.27 ± 0.04 d-1 and mean AFDW productivity = 5.46 ± 2.65 g.m-2.d-1 for the 
duration of the experiment) and was unable to adapt to the outdoor culture conditions 
(Figure 35). This particular strain showed signs of collapse from an early stage, i.e. 
paler culture, clumping, very low or no growth rates accompanied by significant 
biomass accumulation by the cells and rapid onset of diatom contamination.  
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Figure 34. Semi-continuous culture of Tetraselmis MUR 167 and MUR 230 in outdoor 
raceway ponds between January and March 2009. Cell density (-●-); total organic 
content (x); specific growth rate () and AFDW productivity (●). Note: both strains 
were inoculated from outdoor-adapted cultures. Culture depth- 20 cm; salinity- 7% 
NaCl; pH- unregulated. 
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Figure 35. Semi-continuous culture of Tetraselmis MUR 231 and MUR 233 in outdoor 
raceway ponds between January and March 2009. Cell density (-●-); total organic 
content (x); specific growth rate () and AFDW productivity (●); diatom 
contamination (-□-). Note: both strains were inoculated from indoor-adapted 
cultures. Culture depth- 20 cm; salinity- 7% NaCl; pH- unregulated. 
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Table 11. Mean growth rates and organic biomass productivity of 4 Tetraselmis 
strains cultured in semi-continuous mode in outdoor raceway ponds between 
January and March 2009. (mean ± S.E, unequal n across strains). 
Tetraselmis 
MUR # 
Specific growth 
rate, µ (d-1) 
Cell AFDW content 
(pg.cell-1) 
AFDW productivity 
(g.m-2.d-1) 
167* 0.50 ± 0.06a 543.66 ± 48.18 10.52 ± 2.00 
230* 0.44 ± 0.03b 508.12 ± 27.09 10.88 ± 1.07a 
231** 0.27 ± 0.04a,b 568.06 ± 100.75 5.46 ± 2.65a 
233** 0.35 ± 0.04a 422.99 ± 37.24 6.25 ± 0.70a 
* Inoculated from outdoor culture; ** Inoculated from indoor culture 
a, b Significant differences between cultures (P < 0.05), as determined by Dunn’s method (1-way ANOVA 
on ranks) and Mann-Whitney U test. 
 
 
Discussion 
 
Isolation, characterisation and preliminary selection 
The aim of this study was to isolate wild microalgae species possessing the 
following features for large-scale cultivation in saline water: ease of culture and scale-
up, non-sticky, fast growth in a relatively simple growth medium, tolerance to a wide 
range of salinity and to a combination of high temperature, salinity, light and oxygen. 
To this end, the sampling location was focused on saline lakes. Saline lakes are highly 
selective aquatic environments often characterised by variable and high salinity (> 
seawater salinity) and high temperature (20-30 °C), high pH (7.8-10.6) and alkalinity, 
high phosphate and silicate but low nitrate content (Hammer, 1981). Despite their 
seemingly hostile and barren environment, salt lakes contain a well-adapted microflora 
(Borowitzka, 1981) which can sustain occasionally high primary productivity at high 
photosynthetic efficiencies (up to 8% of PAR) in the euphotic zone (Hammer, 1981).  
The dominant microalgae genera inhabiting most saline lakes around the world 
(USA, Southern Europe, Central Asia, Africa, Australia) are the green algae, especially 
the flagellated types (e.g. Dunaliella), a large proportion of benthic diatoms and a range 
of nitrogen-fixing cyanobacteria (Barclay et al., 1986; Hammer, 1981; Kawabata et al., 
1997; López-González et al., 1998; Mercz, 1994; Thomas et al., 1984b). Diatoms, 
especially the benthic pennate types such as Nitzschia, Navicula, Amphora and 
Amphiprora, are the most frequently encountered, making up almost 60% of the entire 
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salt lake phytoplankton population at times (Sheehan et al., 1998), possibly due to the 
high silicate load (Hammer, 1981). 
The microalgae assemblage obtained from Rottnest Island and the south west 
region of Western Australia corresponded to the phytoplankton community of saline 
lakes described above, but like Mercz (1994), the only persisting species which grew 
well on both agar and liquid medium were the Tetraselmis spp. and a large number of 
pennate benthic diatoms.  The diatoms showed great lipid production potential by 
virtue of their high lipid content. However, being benthic, they showed strong 
adhesion to the culture vessel wall and/or formed thick clumps with no free cells in 
suspension in the water column. Although some of these diatoms, such as Cyclotella 
and Amphora (Weissman and Goebel, 1986) have been cultured successfully with high 
short-term biomass productivities in outdoor raceway ponds, personal experience with 
an Amphora outdoor raceway culture (Chapter 4 in this study) showed that cell 
clumping still persists out of doors and worsens in the early stages of culture collapse, 
resulting in a more difficult monitoring and maintenance regime. Cell adhesion could 
potentially be controlled through the alteration and reduction of specific medium 
constituents such as calcium or iron salts (Cooksey, 1981; Geesey et al., 2000; Walach 
and Pirt, 1986), but this would most likely lead to reduced growth rates, as was shown 
upon a reduction in iron concentration for Chlorella (Walach and Pirt, 1986), and for 
Nitzschia communis when the CaCl2 concentration was reduced from 7.6 to 0.037 g.L-1 
(Dempster and Sommerfeld, 1998). Alternatively, addition of adhesion inhibitors such 
as cycloheximide or tunicamycin (Cooksey and Cooksey, 1986) and anti-fouling agents 
to the medium could be considered but would be undesirable from an economical as 
well as environmental point of view. Therefore, based on practical considerations, 
benthic diatoms seem unsuitable for large-scale cultivation.  
 
Tetraselmis - basic characteristics 
Tetraselmis, on the other hand, displayed several desirable features which 
makes it one of the most suitable candidates for outdoor large-scale cultivation. 
Tetraselmis is a quadriflagellate naked chlorophyte belonging to the Prasinophyceae. 
Species from this class are typically characterised by the absence of a cell wall having, 
instead, elaborate layers of scales that are formed and cemented together in the Golgi 
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apparatus and deposited on the flagellar and cell surfaces (Becker, 1991; Van den Hoek 
et al., 1995). Compared to other wall-less flagellates, it is more robust and often 
dominates in laboratory-mixed cultures (Regan and Ivancic, 1984) and because of its 
simple nutrient requirements (no vitamins required and different sources of nitrogen 
can be used), ease of culture, fast growth and high lipid content, it is commonly used 
as a food source for zooplankton, shellfish and crustacean larvae (Dunstan et al., 1992; 
Fábregas et al., 1996; Ferreira et al., 2009; Griffith et al., 1973; Wikfors et al., 1996).  
Tetraselmis is a euryhaline alga and is commonly found in fresh, brackish and 
marine environments (Butcher, 1959; Van den Hoek et al., 1995) and even in 
hypersaline lakes (Kawabata et al., 1997; López-González et al., 1998; Mercz, 1994) and 
can tolerate temperatures between 2 and 35 °C (Regan, 1988). Its wide salinity tolerance 
is mainly due to its ability to regulate its internal osmotic pressure in response to 
changes in external osmotic pressure by producing the compatible solute mannitol 
(Ben-Amotz and Avron, 1983a; Kirst, 1977, 1988a). Mannitol formation in Tetraselmis is 
facilitated by mannitol-1-phosphatase whose activity is maximum at pH 7 (Ashino-
Fuse and Ikawa, 1981), and occurs through photosynthesis in light, or from starch in 
the dark either as a response to salinity upshocks (Hellebust, 1976a) or as a normal 
primary photosynthetic product (Craigie et al., 1966; Iwamoto and Shiraiwa, 2005). 
Beside active osmolyte production, Tetraselmis species possess a highly efficient and 
active Na+ efflux pump which is assisted by Na+-ATPase, the activity of the latter being 
enhanced by high internal [Na+] (Kirst, 1977; Strizh et al., 2004). It is also possible that 
Tetraselmis produces dimethyl sulfoniopropionate (DSMP), a dimethyl sulfide (DMS) 
precursor, alongside mannitol during long periods of stress and especially under high 
salinities (Dickson and Kirst, 1986) and in nitrogen-deficient medium (Gröne and Kirst, 
1992). 
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Effect of salinity on growth and biochemical composition 
 
Growth 
The results obtained in this present study showed appreciable differences in 
growth in response to increasing salinity, especially within the Tetraselmis genus. 
Overall, all strains showed good growth over the salinity range tested, reflecting their 
natural adaptation to the wide range of salinities that occur in the saline lakes as a 
result of seasonal influences (Brearley, 2005; Bunn and Edward, 1984; Hodgkin, 1959). 
At the salinity range investigated (3-11% NaCl), specific growth rates did not exceed 
1.2 d-1, which is in agreement with most growth rate values reported over a similar 
salinity range for Tetraselmis viridis (Strizh et al., 2004), Tetraselmis MUR 168 and 
Amphora coffeaeformis MUR 158 (Mercz, 1994), Dunaliella viridis (Jiménez and Niell, 
1991), Porphyridium cruentum (Cohen et al., 1988) and for 34 benthic halophilic diatoms 
(Clavero et al., 2000). Mercz, 1994, however, reported much lower growth rates for A. 
coffeaeformis MUR 158 (maximum of 0.5 and 0.8 d-1 at 3.5% NaCl at 20 and 30 °C 
respectively), the most likely reason being a considerably lower silicate concentration 
in his modified  Johnson’s J/10 medium (6 times less than used in this present study). 
The decline in growth rates as from 5-7% NaCl and the intra-specific variability 
observed in Tetraselmis was also reported for Amphora, Nitzschia, Entomoneis, Navicula 
and other benthic euryhaline diatoms over the same salinity range by Clavero and her 
colleagues (2000), as well as at a lower salinity range (0-60 mS.cm-1 between 20 °C and 
35 °C) by Tadros and Johansen (1988). This seem to indicate that growth optima for 
many euryhaline microalgal species may actually be at, or, near seawater salinity and 
that survival at higher salinities is largely a function of efficient osmoregulatory 
mechanisms.  There is widespread evidence that the growth optimum averaging to 1.5 
d-1 for Tetraselmis is close or below seawater salinity (Fábregas et al., 1984; Ghezelbash et 
al., 2008; Hellebust, 1976b; Ronquillo et al., 1997; Serdar et al., 2007; Strizh et al., 2004) 
with a maximum growth rate of 1.7 d-1 reported by Reitan anc co-workers (1994) for 
Tetraselmis sp. grown in seawater. However, it is also possible that high growth rates 
exceeding 1.0 d-1 is achieved at 7% NaCl, as seen from the outdoor culture of MUR 230 
in the present study, hence illustrating the great potential that Tetraselmis holds for 
outdoor large-scale cultivation, given the right growth conditions. 
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The reduced growth at higher salinities in both prasinophyte and diatom 
strains was most likely due to a prolonged imbalance between photosynthesis and 
respiration, with respiration being more stimulated by the osmotic stress and 
accompanied by only partial recovery in photosynthesis following osmotic shock 
(Hellebust, 1976a, 1976b; Vonshak and Richmond, 1981; Zeng and Vonshak, 1998). 
Photosynthesis in cells exposed to high salinities would have continued, albeit at a 
reduced rate, and this is supported by the lower photosynthetic rates, the lower growth 
rates and the concomitant increase in cell organic biomass observed at high salinities. 
Similar observations have been reported for Dunaliella viridis (Jiménez and Niell, 1991), 
Isochrysis sp. T-ISO (CS 177), Nannochloropsis oculata (CS 170) and Nitzschia frustulum 
(Renaud and Parry, 1994). Presumably, most of the energy would have been diverted 
from cell division to osmoregulatory processes such as mannitol formation (at least in 
Tetraselmis) or active ion influx/efflux, as well as towards the formation of storage 
products (Fogg, 1964). The increase in ash content to some degree confirmed active 
ionic adjustment mechanisms within the cells (Kirst, 1977; Richmond, 1986; Strizh et al., 
2004), whereas the accumulation of compatible solutes, at least in Tetraselmis, is yet to 
be determined. 
 
Biochemical composition 
 
Growth stage  
 The pattern in the biochemical composition at the late-exponential and 
stationary phases for the prasinophytes and diatom were in disagreement with those 
reported in the literature. It was expected that proteins would be the main cell 
constituent at the late-exponential phase due to higher nutrient concentrations, while 
the relative carbohydrate and lipid content would be more or less variable, depending 
on the algal species and strains (Ben-Amotz et al., 1985; Brown and Jeffrey, 1992; 
Collyer and Fogg, 1954; Fábregas et al., 2001; Fernández-Reiriz et al., 1989; Otero and 
Fábregas, 1997; Piorreck et al., 1984a; Renaud et al., 1994; Taguchi et al., 1987; Tahiri et 
al., 2000; Wikfors, 1986; Zhu et al., 1997). For example, in a study investigating the 
biochemical composition of Tetraselmis suecica over one growth cycle, Pusceddu and 
Fabiano (1996) showed a distinct increase in protein content from 35% to close to 50% 
107 
of the organic matter within the first 5 days of inoculation. During that time, the 
amount of lipids declined steadily from 42% to 25% of the organic matter while 
carbohydrate levels remained below 22% of the organic matter. As the cells progressed 
into the stationary phase, the protein, lipid and carbohydrate level stabilised to 60%, 
25% and 15% of the organic matter respectively. Utting (1985) also reported a high 
protein content at the initial stage of growth in a different T. suecica strain. However, in 
this strain, carbohydrate and lipid production was much more pronounced as the 
culture aged such that after 13 days of growth, the protein level was greatly reduced 
while the carbohydrate, and lipid content to a lesser extent, increased markedly. 
Similarly, protein content in 3 marine diatoms, Chaetoceros gracilis, Hantzschia sp. and 
Cyclotella sp. was much higher than carbohydrate and lipid contents in the early stage 
of growth, and as the cells transited into the stationary phase, the lipid content 
increased markedly at the expense of both protein and carbohydrates (Taguchi et al., 
1987). Thus, it is clear that culture senescence results in a shift in the relative 
proportions of proteins, carbohydrates and lipids and that protein levels are usually 
high at the beginning of the growth phase. In this present study, lipids were the major 
fractions and there were only marginal changes in the protein level as the cells grew 
older. 
The variations of the present data compared to those from the literature 
probably reflect inconsistencies either in the harvesting time or the analytical methods, 
or a combination of both factors. Sampling on day 7 may have been too late to witness 
any distinct differences between young and older cells and probably should have been 
carried out earlier (Figure 20). Alternatively, the time of sampling of each culture flask 
at each growth stage could have played a crucial role, for it is known that cell 
composition of microalgae usually follows a diurnal harmonic pattern (Sukenik and 
Carmeli, 1990), with carbohydrates predominantly being used for protein synthesis at 
night (Ogbonna and Tanaka, 1996). Thus, sampling from duplicate flasks at different 
times of the day (which in fact happened due to the large number of samples) would 
have possibly resulted in slightly different biochemical composition whose real value 
would have been nullified upon pooling of the duplicate analytical results. It could 
also have been that the growth conditions were conducive for a more stable 
biochemical composition pattern, as shown for Thalassiosira pseudonana whose 
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biochemical composition was much more stable from log to stationary phase when 
grown at 100 µmol photons.m-2.s-1 on a 24:0 h L:D cycle than when grown on a 12:12 h 
L:D cycle (Brown et al., 1996). Likewise, a more stable total lipid pattern in batch 
cultures of 2 diatoms Melosira varians and Stephanodiscus binderanus was observed when 
they were both grown on a 16:8 h L:D cycle as compared to a 12:12 h L:D cycle (Sicko-
Goad and Andresen, 1991).  
A repeat of this experiment, without the salinity factor but taking into 
consideration the above factors, would be necessary to verify the real biochemical 
composition of the halophilic Tetraselmis strains and A. coffeaeformis MUR 158. 
 
Effect of salinity  
An increase in salinity between 0 to 3.5% NaCl generally result in a decrease in 
protein content in most microalgae species such as Isochrysis sp., Nannochloropsis 
oculata, Nitzschia (frustulum) and Botryococcus braunii (Ben-Amotz et al., 1985; Renaud 
and Parry, 1994) and Tetraselmis MUR 167 (McCulloch, 1988). Fábregas et al. (1984), on 
the other hand, reported enhanced protein production with increasing salinity over the 
same salinity range while no change was observed for T. suecica and Isochrysis galbana 
by Utting (1985). Over the same salinity range, carbohydrate content was little affected, 
whereas lipid production was slightly more sensitive to the osmotic changes, as 
observed by the rise in lipid content in Nannochloropsis oculata and Isochrysis sp. 
(Renaud and Parry, 1994), B. braunii and Nannochloris sp. (Ben-Amotz et al., 1985), D. 
tertiolecta ATCC 30929 (Takagi et al., 2006) and the slight decrease from 13.2% to 11.2% 
of AFDW in Tetraselmis suecica (Utting, 1985).  
Few other studies, however, have investigated the effect of salinities greater 
than that of seawater on the biochemical composition of halophilic microalgae. (Al-
Hasan et al., 1990) reported an increase in total lipids in the marine diatom Navicula sp. 
(KCCA/B600) from 2.9 to 9.9% NaCl while McCulloch (1988) reported only a marginal 
increase in protein and lipid content of Tetraselmis MUR 167 from 7 up to 10.5% NaCl. 
Mercz (1994) showed that at 20 °C, a clear increase in lipid content from 25 to 60% of 
AFDW in Tetraselmis MUR 168 was observed at salinities between 3 and 11% NaCl, 
whereas only a 15% increase was observed in A. coffeaeformis MUR 158. In comparison, 
the protein and carbohydrate content of all the Tetraselmis strains and A. coffeaeformis 
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MUR 158 in this study remained fairly stable across the whole salinity range, where 
only a marginal increase in lipid content was observed in the Tetraselmis strains, while 
the A. coffeaeformis MUR 158 produced significantly more lipids at higher salinities. The 
stark differences, at least in the trend in lipid content of the algae strains used in this 
study and in Mercz’s, could partially be explained by the temperature differences at 
which the cultures were kept. The culture temperature used in the current study was 
25 °C whereas his cultures were kept at 20 and 30 °C and his study showed that with 
increasing temperature, the effect of salinity on lipid content was in fact reduced such 
that lipid levels were more uniform across the salinity range of 0.88% to 11% NaCl at 
30 °C. It is also worth noting that for Tetraselmis, the lipid content is  usually in the 
range of 5-20% of AFDW at 7% NaCl (Mercz, 1994) as well as at seawater salinity 
(Fernández-Reiriz et al., 1989; Utting, 1985; Whyte, 1987), while for A. coffeaeformis MUR 
158, lipid remained below 40% of AFDW, regardless of salinity (Mercz, 1994). It 
therefore appears that the constant pattern in biochemical constituents from 3 to 11% 
NaCl and the high lipid content as observed in this study are not only due to the 
influence of high salinity but also to  a combination of other environmental conditions 
under which the cells were grown. 
The absence in any significant effect of salinity on biochemical composition 
could also have been due to carbon limitation, since addition of carbon dioxide has 
been shown to result in more pronounced changes in the relative proportions of the 
biochemical compounds. For example, carbon dioxide increased the protein content in 
Chaetoceros cf. wighamii and lowered the carbohydrate content, while no effect was seen 
on the lipid content (de Castro Araújo and Garcia, 2005). Likewise, upon carbon 
dioxide addition to cultures of several algal representatives, a large increase in protein 
content was observed in prymnesiophytes and cryptomonads, and overall across algal 
classes, the protein content increased, while lipid content remained unchanged and 
carbohydrate decreased (Brown et al., 1997).  
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Photosynthesis 
High oxygen concentrations, by far, had the most adverse impact on 
photosynthesis in Tetraselmis. The lower photosynthetic rates at high [O2] was mainly 
due to enhanced photorespiration which occurs when the oxygenase activity of the 
enzyme RuBisCO is promoted in the presence of higher [O2] relative to [CO2] (Beardall 
et al., 2003). High [O2] in mass microalgal cultures almost inevitably leads to significant 
reductions in biomass productivity (Vonshak et al., 1996) and the photorespiratory 
effect is usually worsened by high temperature, which increases the oxygenase activity, 
and by high light (Beardall et al., 2003; Bhagwat, 2005). A somewhat different response 
in photorespiration at high light (right panel in Figure 31 c.f. also right panel in Figure 
32) was observed in the Tetraselmis strains. The cause of this improvement in 
photosynthetic activity is yet to be determined, although it is suspected that the level of 
[O2] (corresponding to 160% air saturation) was not sufficient to lead to a significant 
reduction in oxygen evolution, in contrast with the study carried out by Tredici and 
Materassi (1992) who found that photosynthesis in Spirulina was completely inhibited 
at a [O2] close to 200% air saturation.  
An increase in salinity clearly led to reduced photosynthetic rates in Tetraselmis, 
which could have arisen from any or a combination of the following processes: 
a) Inhibition of electron flow between photosystem I and II (Lu and 
Vonshak, 2002; Satoh et al., 1983), 
b) Inhibition of electron flow on the water side of photosystem II due to low 
water availability (Satoh et al., 1983), and  
c) Inefficient transfer of light energy between pigment molecules (Satoh et 
al., 1983).   
Alternatively, the chloroplast integrity and structure could have been 
compromised at higher salinities, resulting in smaller and more dispersed lamellae, as 
described for D. salina by Al-Hasan and others (1987). Another plausible explanation 
for reduced photosynthesis as well as for the observed respiration, would be that the 
osmoregulatory processes in Tetraselmis would have been more active at the higher 
salinities, with more energy being required either to produce more mannitol, or to 
maintain ionic and metabolic balance (Hellebust, 1976a, 1976b). 
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The marked improvement in photosynthesis at higher temperatures, especially 
at the light–saturating irradiance of 1000 µmol photons.m-2.s-1 at any given salinity is 
reminiscent of the highly specialised environment from which the isolates originated 
from and also partially indicates that photosynthetic activity at high salinity was 
enhanced at high temperature, a feature also observed in D. salina (Henley et al., 2002) 
and sea ice microalgae (Arrigo and Sullivan, 1992). The improved photosynthetic 
activity at higher temperatures and salinities could have been due to enhanced activity 
of both intra and extracellular carbonic anhydrase with a specific affinity for high salt 
concentrations (Dionisio-Sese and Miyachi, 1992). The photosynthetic response of 
Tetraselmis MUR 232 and MUR 233 seemed particularly more tolerant to the various 
combinations of light, temperature and oxygen as compared to the other strains. This is 
further supported by higher α, Pmax and Ik values (Table 10) obtained for the same 2 
strains by Langlhofer (2008). 
Outdoor cultivation 
 The average biomass productivity of the Tetraselmis strains in the 
outdoor ponds in summer 2009 averaged 8.3 g (AFDW).m-2.d-1 or 13.2 g (DW).m-2.d-1, 
which compares favourably with the reported biomass productivities from a variety of 
outdoor raceway cultures grown in summer from different locations. For example, an 
average of 11 g (DW).m-2.d-1 was attained in Nodularia cultures in Firenze, Italy 
(Pushparaj et al., 1995), 12.8 g (DW).m-2.d-1 for Spirulina platensis in Malaga, southern 
Spain (Jiménez et al., 2003b) during summer in the northern hemisphere, and 13.5 g 
(DW).m-2.d-1 for Spirulina in Musina, South Africa during summer in the southern 
hemisphere (Grobbelaar, 2009a). A much higher mean biomass productivity of 32.2 g 
(DW).m-2.d-1 has been achieved in summer from the coccolithophore Pleurochrysis 
carterae between January and March 2004 by Moheimani and Borowitzka (2006) and 
later outdoor cultures of Tetraselmis MUR 230 and MUR 233 under improved growth 
conditions have also yielded much greater biomass productivities than reported in this 
present study (Isdepsky, personal communication). Therefore, not only can Tetraselmis 
sustain reasonably high biomass productivities even under unoptimised growth 
conditions, but it has the true potential to be on par with other more productive 
outdoor raceway cultures.  
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Strain selection within the Tetraselmis genus 
The results obtained from these experiments on Tetraselmis strains showed high 
intraspecific variability within this genus. Strain variation arises from genotypic and 
phenotypic selective pressures and can lead to a wide array of physiological traits 
within one genus. It is even possible, and there is evidence to support this, that 
different clones from the same water mass or from different water masses behave 
differently (Brand, 1981), as is suspected for Tetraselmis MUR 230 and MUR 233 which 
originated from the lake (Table 7). Strain variation also arises through 
anthropogenically- imposed selective growth conditions as is seen in algal culture 
collections where some algae can undergo changes in the life history or physiology 
such as changes in maximum growth rate or decline in photosynthetic efficiency 
(Lakeman et al., 2009). This was observed to some extent in the long-term indoor 
cultures of Tetraselmis MUR 167 and MUR 219 which displayed slower growth and 
reduced photosynthesis under different environmental conditions.   
Strain selection therefore plays a vital role in the microalgal cultivation (Jiménez et al., 
2003a; Vonshak, 1997) and the work carried out so far on the different Tetraselmis 
strains has shown some promising results and has potentially identified the most 
suitable strains for outdoor large-scale cultivation for biodiesel production. The 
performance of each Tetraselmis strain, combined with photosynthetic Pmax, Ik and α 
values from a previous work on the same Tetraselmis strains by Langlhofer (2008) is 
summarised in Table 10. Upon assessment of the overall performance of each strain 
with respect to each environmental variable tested, it can be appreciated that 
Tetraselmis MUR 230 and MUR 233 hold great potential for long-term cultivation 
outdoors for biofuel production. 
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Table 12. Ranking of Tetraselmis strains according to some investigated 
physiological traits desirable for outdoor cultivation in open ponds.  
Parameter MUR 167 
MUR 
219 
MUR 
230 
MUR 
231 
MUR 
232 
MUR 
233 
Initial slope of P-I 
curve, α* 
3.14 3.84 5.45 NA 3.84 4.59 
Pmax 265 275 450 NA 470 715 
Ik 84.39 71.61 82.57 NA 122.40 155.77 
Salinity tolerance +++ ++ +++ + +++ ++ 
Temperature tolerance +++ + +++ NA ++ +++ 
Light tolerance ++ + +++ NA +++ +++ 
Oxygen tolerance +++ + ++ NA ++ +++ 
Lipid productivity + ++ +++ +++ + ++ 
Outdoor performance ++ NA +++ - NA +++ 
* Unit = µmol O2.mg-1 Chl a.h-1.( µmol photons.m-2.s-1)-1  
NA- not available 
 
Conclusions 
In summary, the outcome of the strain selection study showed that: 
• The phytoplankton community in saline lakes from Western Australia is 
well adapted to the high temperature, high light and high salinity 
conditions and is a reliable source of promising isolates of microalgae for 
large-scale cultivation in saline water, 
• Of the many diatoms and green algae sampled, Tetraselmis was the easiest 
and most convenient to maintain and scale-up and displayed high growth 
rates and high lipid content in excess of 20% of AFDW throughout the 
growth cycle at salinities greater than 3% NaCl,   
• All Tetraselmis isolates performed similarly under environmental 
conditions but differed in their degree of tolerance high light, 
temperature, oxygen and salinity, with Tetraselmis MUR 230 and MUR 233 
being the most promising candidates for outdoor cultivation in saline 
water, and 
• There is a need for constant screening of wild isolates to maintain 
heterogeneity in physiological traits as well as to identify other strains 
with higher tolerance to extreme environmental conditions.  
114 
CHAPTER 4 
Outdoor cultivation 
Introduction 
The upscaling of unialgal cultures in outdoor open culture systems is often a 
challenging process which relies heavily on the complex interplay and fine balance 
between weather conditions, water chemistry (salinity, turbidity, pH, dissolved 
oxygen, chemicals), biological contamination and operational factors (pond design, 
hydrodynamics and mixing, dilution/harvesting frequency). One of the main 
challenges of large-scale cultivation of microalgae in outdoor raceway ponds is that 
biomass productivities obtained over extended periods of time are low, ranging 
between 10-37 g (DW).m-2.d-1 (Goldman, 1980; Grobbelaar, 2009c; Pulz, 2001) while 
higher biomass productivities between 30 and 40 g (DW).m-2.d-1 have been achieved 
only on a short-term basis (Goldman, 1980). 
Growth in outdoor culture systems is largely dependent on the intensity of 
incident light and on air temperature, which under daily and seasonal weather and 
climatological conditions can fluctuate appreciably from one extreme to another. For 
example, in Perth, Western Australia, the average daily incident light on an outdoor 
pond culture surface can be as low as 90 µmol photons.m-2.s-1 on cloudy days and 20-
fold higher on clear sunny days, while water temperature fluctuates between close to 0 
°C to 20 °C in winter and between 15 °C to a maximum of 35 °C in summer 
(measurements taken from current study over a 2-year period). Optimum cell growth 
and biomass productivity are obtained when both light and temperature levels are 
appropriate for maximal photosynthesis; however, it is rare that the profiles of these 2 
parameters are in synchrony for optimal culture performance. For example, the 
increase in water temperature in an outdoor culture system is much slower than the 
increase in light intensity in the morning due to the thermal inertia of the water mass 
(Vonshak and Torzillo, 2004). In this particular scenario, low water temperature, 
coupled with high dissolved oxygen concentration resulting from early onset of 
photosynthesis, can lead to photoinhibition which ultimately translates to lower 
biomass productivity (Torzillo et al., 1998). A combination of high light and high 
temperature ideally enhances algal growth; however high light can be inhibitory 
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(Vonshak and Guy, 1992) and enhanced photosynthesis can lead to photorespiration 
processes due to the high accumulation of dissolved oxygen, especially in closed 
photobioreactors (Grobbelaar, 2000; Vonshak et al., 1996). 
Temperature control can be achieved by strategically locating the open ponds 
in regions where the air temperature is conducive for optimum algal growth; in most 
cases, regions characterised by a Mediterranean or desert climate have been primarily 
chosen due to the high temperature ranges. In such locations, the water temperature is 
mainly regulated by the cooling effect resulting from the evaporative losses during the 
day while early in the morning, the cultures may be heated temporarily to boost 
photosynthetic activity in the first few hours of light (Vonshak et al., 2001). The 
downside of culturing microalgae in such hot regions are that rainfall is scarce and 
evaporation rates are high such that the cultures lose substantial amounts of water and 
in the case of cultivation of marine species and halophilic species, this inevitably leads 
to an increase in salinity if saline water is used to replace evaporative losses, which will 
enhance osmotic stress on microalgae cells.  
Microalgae cultures grown in outdoor open ponds are often referred to as 
intensive cultures because of the high cell densities employed to maintain species 
dominance by the desired algae, to maximise biomass productivity and to make 
harvesting of the biomass easier (Richmond et al., 1990). However, intensive microalgal 
cultures grown under high light and high temperature are most of the time 
oversaturated with dissolved oxygen which effectively reduces the photosynthetic 
capacity of the cells and therefore significantly reduces the biomass yield (Tredici and 
Materassi, 1992; Weissman et al., 1988). Another effect of pH in the biological aspect of 
the culture is that by optimising the water chemistry of the culture, it can help ensure 
that the desired algal species remains the dominant species (Goldman et al., 1982c) and 
that other foreign algal species are either eliminated or kept at low densities. 
Culture collapse is most often associated with poor water quality which results 
from: (1) accumulation of cellular metabolites, (2) imbalance in nutrients and minerals, 
(3) increased turbidity from cell debris and clumps, dust, pollen and foreign airborne 
particles and insects, (4) incorrect pH and (5) fouling from other microalgae, 
zooplankton and pathogens such as fungi, viruses and bacteria. Frequent dilution or 
medium changes help to restore the water quality as the number of foreign particles, 
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competing microalgae and predators are washed out, the pH is restored, chemicals and 
cellular metabolites are diluted and flushed out. Proper mixing and pond design also 
ensure that the esufficient turbulence is created and maintained so as to prevent cell- 
settling, to circulate them between the photic zone and light- limited/dark zones of the 
ponds, thereby creating a light/dark effect which is purported to enhance 
photosynthesis, to prevent formation of nutritional and gaseous gradients and to 
decrease boundary layer around the cells, thus enhancing nutrient uptake and 
exudation of metabolites (Grobbelaar, 2000).  
Successful establishment of microalgae cultures in an outdoor setting therefore 
relies heavily on the ability of the desired algal species or strain to tolerate and thrive 
in the outdoor unstable growth conditions. From the indoor strain comparison study 
and from the glasshouse cultivation trials by Mercz (1994), it was hypothesised that 
Tetraselmis, as well as the diatom Amphora coffeaeformis, could be suitable candidates for 
cultivation in outdoor open raceway ponds for biodiesel production. A series of 
experiments were thus carried out in outdoor raceway ponds to investigate differences 
in species and strain tolerance to the outdoor growth conditions. In so doing, it was 
also possible to investigate some of the most important and practical parameters that 
limited growth in the cultures. The aim of this chapter was therefore to explore the 
factors limiting growth and biomass productivity in outdoor raceway ponds using 
halophilic algae recently isolated locally. 
 
Materials and methods 
 
Inoculation 
Prior to culture inoculation, the ponds were cleaned according to procedures 
outlined in Chapter 2. The ponds were then inoculated with 10 up to 50% of final 
culture volume with already established cultures either from indoor cultures or from 
existing raceway outdoor cultures. The initial culture depth was kept at 10 cm (100 L) 
until the culture was dense enough to provide sufficient biomass for experimentation. 
More medium was subsequently added until the desired depth/cell density was 
reached. 
117 
The Fmod culture medium, as described in Chapter 2, was used throughout this 
study. Where large amounts of chemicals such as sodium nitrate, phosphate and 
sodium chloride were required, technical-grade reagents and commercial pool salt (for 
NaCl) were used to reduce costs. Amphora coffeaeformis MUR 158 was cultured in Fmod + 
Si medium at 3.5 % NaCl while the Tetraselmis strains were maintained in Fmod at 7% 
NaCl, except for those which were undergoing salinity treatments.  
 
Table 13. Treatments and timeframe of experiments carried out on Tetraselmis sp. 
MUR 167 and 230 in outdoor raceway ponds. 
Treatment 
name Treatment description Season- Year 
MUR 167 I Kept at ≤ 7% NaCl Spring- summer 2008/2009 
MUR 167 II Various cell densities Spring- summer 2008/2009 
MUR 167 IIIa Kept at 7% NaCl Autumn- winter 2008, 
MUR 167 IIIs Kept at 7% NaCl Spring-summer 2008 
MUR 167 IV Cultured with fresh seawater Spring- summer 2008/2009 
MUR 167 V Kept at ≥ 7% NaCl Autumn- winter 2008 
MUR 230 I Various cell densities Spring- summer 2008/2009 
MUR 230 II With CO2 Summer- autumn 2009 
MUR 230 III Kept at 7% NaCl Spring- summer 2008 
MUR 230 IV Kept at ≤ 7% NaCl Spring-summer 2008 
MUR 233 Kept at 7% NaCl Summer 2009 
 
Culture management 
On monitoring days, records of cell counts, water level, pH, salinity and water 
temperature were taken. Evaporative losses were made up with tapwater to restore the 
salinity and on rainy days, salt was added as frequently as possible to maintain a 
constant level of salinity, but this was not always successful, especially on days with 
extended heavy rain. On harvesting/culture dilution days, the same pond monitoring 
procedures were followed, with the addition of medium change. After determining the 
dilution level based on the cell number (e.g. half of a 150 L culture at 80 x 104 cells.mL-1 
would be removed and topped-up with fresh medium to restore the cell density to 40 
104 cells.mL-1), the appropriate volume of culture was drained with the paddlewheels 
still in motion to keep the cells in suspension. After the required culture volume was 
discarded, the paddlewheels were stopped so that the water level could be properly 
determined and seawater was used to top up the culture to the required volume. 
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Nutrients solutions were then added separately and the appropriate quantity of NaCl 
was uniformly sprinkled over the culture. The uniform mixing of the water and 
nutrients, and the gradual dissolution of the salt crystals were achieved upon setting 
the paddlewheels in motion again. After ensuring thorough mixing of the water 
column, cell counts were performed once again. Several treatments were carried out 
over a 2-year period and a summary of the treatment codes and respective treatment 
description is provided in Table 11. 
 
Analytical techniques 
Cell counts, AFDW determination and lipid analysis were performed as 
outlined in Chapter 2. Total N and P analysis was carried out by the Murdoch 
University Marine and Freshwater Research Laboratory according to methods as given 
in (Strickland and Parsons, 1972). Dissolved [NO3-] and [PO43-] from the culture filtrate 
was measured using commercial aquarium [NO3-] and [ PO43-] kits which measure 
nutrient concentration against a colour chart (API, Aquarium Pharmaceuticals). 
 
Results 
 
Species selection 
Experimentation in the outdoor raceway ponds began with the inoculation of 
Tetraselmis MUR 167 and Amphora coffeaeformis MUR 158 in adjacent ponds in summer 
2007. Both cultures were maintained in batch mode until cell density started to decline, 
upon which time semi-continuous culture mode was initiated. The aim was to 
maintain the cell density in both ponds as high as possible to ensure dominance by the 
algal species in their respective pond (Vonshak et al., 1983; Richmond et al., 1990); 
however, frequent dilution at cell densities above 70 x 104 cells.mL-1 resulted in further 
declines in cell number in both cultures and after two months the diatom culture 
showed extensive clumping and collapsed while on the other hand, growth in 
Tetraselmis culture still persisted, albeit at a slow rate, until amoeba contamination 
settled in and the culture gradually collapsed (Figure 36). A second attempt to grow 
the diatom, this time keeping the cell density between 30 and 70 x 104 cells.mL-1, lasted 
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only 1 month as Tetraselmis cells from the adjacent pond gradually settled in and 
eventually outcompeted the diatom culture (Figure 36). A third attempt to grow the 
diatom only, this time in winter 2007, resulted in markedly delayed growth and after 1 
month, the culture was once again overtaken by Tetraselmis cells, although no 
Tetraselmis was being cultivated in the adjacent pond. While every effort was taken to 
clean the diatom pond thoroughly before the third inoculation and, given that both 
ponds were left inoperational and dry for 2 months, the source of Tetraselmis 
contamination was unclear. It was suspected that the surrounding sandy ground could 
have harboured some of the green algal cells originating from leaks from the previous 
culture and that raindrops and strong wind propelled some of the cells into the diatom 
raceway pond. 
It is interesting to note that on almost every occasion, the growth rate displayed 
by A. coffeaeformis MUR 158 was up to 4.5 times faster than Tetraselmis sp. MUR 167 
(µA.coffeaeformis= 0.99 and 0.77 d-1, µTetraselmis= 0.22 and 0.29 d-1 on the 1st and 2nd culture 
attempts respectively). However, sustained growth of this diatom species would 
require silicate in non-limiting quantities, as indicated by the spike in growth in the 2nd 
week of February 2007 when more silicate was added. This would incur additional 
costs; furthermore, the recurring contamination and overtaking of the diatom culture 
by Tetraselmis sp. MUR 167 at 3.5% NaCl showed that cultivation at seawater salinity is 
a clear advantage to the green alga and that by far, Tetraselmis is the most robust of the 
two species at both low (3.5% NaCl) and high (7.0% NaCl) salinities. Further research 
therefore concentrated on Tetraselmis. 
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Figure 36. Growth comparison between Amphora coffeaeformis MUR 158 and 
Tetraselmis MUR 167 in batch and semi-continuous mode in outdoor 1 m2 raceway 
ponds. Air (····) and water (−) temperature; cell density: A. coffeaeformis MUR 158 (◊) 
and Tetraselmis MUR 167 (●).  
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Effect of salinity 
The high salt-tolerance displayed by Tetraselmis in the indoor salinity 
experiment was investigated in outdoor culture conditions and at various times of the 
year using 2 strains- MUR 167 and MUR 230. Both strains were cultured in outdoor 
raceway ponds and different salinity treatments were applied to each strain.  
In autumn 2008, Tetraselmis MUR 167 cells maintained at 7- 12% NaCl 
(experimental) displayed similar mean cell densities (80 x 104 cells.mL-1) and similar 
mean growth rates of 0.10 ± 0.01 d-1 (t-test, P > 0.05) to those kept at 7% NaCl (control) 
(Figure 37 and Figure 38). Above 12% NaCl however, a gradual decline in cell density 
and specific growth rate were observed until a maximum salinity value of 14% NaCl 
was reached. At this point, the culture showed signs of collapse (i.e., settling of cells, 
extensive clumping, no growth) but quickly recovered within 4 days upon restoring 
the salinity back to 7% NaCl (Figure 37). Overall, the organic content of cells kept at ≥ 
7% NaCl was 33% less than that of the cells in the control pond, resulting in an overall 
AFDW productivity of 1.50 ± 0.18 g.m-2.d-1 in the high saline pond compared to 2.45 ± 
0.35 g.m-2.d-1 in the control pond. 
A second salinity experiment was run in summer 2008-2009 from a freshly 
inoculated Tetraselmis MUR 167 culture originated from an indoor culture. This time, 
the initial salt concentration was set to seawater salinity (~3.5% NaCl) and the specific 
growth rates, cell organic content and AFDW and lipid productivities were monitored 
and compared with those obtained from a control pond kept at 7% NaCl (Figure 39). 
Both cultures displayed similar trends in all measured parameters and yielded similar 
lipid productivities averaging to 1.17 ± 0.34 g.m-2.d-1 (t-test, P > 0.05), despite the fact 
that cells kept below 7% NaCl were 1.5 times heavier and multiplied 1.5 times faster 
than those cultured at 7% NaCl (Figure 40). The former culture was however more 
productive in terms of biomass, yielding 5.71 ± 0.26 g.m-2.d-1 compared to 3.28 ± 0.27 
g.m-2.d-1 from the control pond. 
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Figure 37. Growth and productivity of Tetraselmis MUR 167 in different salinity 
treatments in outdoor raceway ponds between March and June 2008. % NaCl (-); cell 
density (-●-); AFDW productivity (●). 
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Figure 38. Specific growth rates and cell organic content of Tetraselmis MUR 167 
grown over a range of salinity in outdoor raceway ponds between March and June 
2008. Control (●) and experimental (○). 
 
When the same treatment was applied to Tetraselmis MUR 230, a similar trend 
in specific growth rates was observed,  i.e. faster growth (mean µ = 0.31 ± 0.05 d-1 
compared to 0.23 ± 0.02 d-1 for the control pond) at lower salinities (Figure 41). Cells 
kept at < 7% NaCl were only 6% heavier than those from the control culture (Figure 
42). While there was no significant statistical difference in the organic biomass and 
lipid productivities between both ponds (t-test, P < 0.05), the pond operated at < 7% 
NaCl was slightly more productive, with AFDW and lipid productivities of 7.58 ± 2.13 
and 1.59 ± 0.59 g.m-2.d-1 respectively, as compared to the control culture which yielded 
an AFDW productivity of 4.84 ± 0.88 g.m-2.d-1 and a lipid productivity of 1.29 ± 0.33 g.m-
2.d-1 (Figure 41). 
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Figure 39. Growth and productivity of Tetraselmis MUR 167 at different salinity 
treatments in outdoor raceway ponds between November 2008 and January 2009. % 
NaCl (-); cell density (-●-); AFDW (●) and lipid (○) productivity. Note: inoculum 
originated from indoor cultures. 
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Figure 40. Specific growth rates and cell organic content of Tetraselmis sp. MUR 167 
grown over a range of salinity in outdoor raceway ponds between November 2008 
and January 2009. Control (●) and experimental (○). 
 
In summary, this series of experiments showed that Tetraselmis is able to 
withstand the outdoor growth conditions and that it can be cultured over a range of 
salinity up to 12% NaCl without collapsing and without large differences in culture 
outputs. Growth and biomass productivity were clearly favored at salinities below 7% 
NaCl, as shown in Figure 43, but declined appreciably beyond 9% NaCl, and is in 
agreement with the observations made indoors. However, contrary to the large 
increase in cellular organic matter obtained at salinities greater than 7% NaCl in the 
indoor salinity experiment (Figure 22 in Chapter 3), cell biomass accumulation in the 
outdoor ponds decreased with increasing salinity, with only a partial increase being 
observed beyond 12% NaCl. Worth noting was the trend with time in the biomass and 
lipid productivities in all ponds inoculated from indoor cultures (Figure 39 and Figure 
41). A peak in productivities was always observed at the beginning of the experiment 
and gradually leveled to more stable values, thereby clearly illustrating a period of 
adaptation by the cells upon transfer to the outdoor culture conditions. 
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Figure 41. Growth and productivity of Tetraselmis sp. MUR 230 at different salinity 
treatments in outdoor raceway ponds between November and December 2008. % 
NaCl (-); cell density (-●-); AFDW (●) and lipid (○) productivity. Note: inoculum 
originated from indoor cultures. 
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Figure 42. Specific growth rates and cell organic content of Tetraselmis MUR 230 
grown over a range of salinity in outdoor raceway ponds between November 2008 
and December 2009. Control (●) and experimental (○). 
 
Effect of cell density and light  
A short term experiment investigating the effect of cell density and culture 
depth was carried out on Tetraselmis MUR 230 between November 2008 and March 
2009. This experiment is flawed in many ways because (1) the control pond was 
contaminated with diatoms from an early stage (data not shown) and therefore no 
reliable comparison between the control and experimental ponds under the same 
weather conditions could be made, (2) culture was lost twice due to a faulty drainage 
plug and (3) the cell density and depth were altered at the same time (Figure 44) such 
that the effect of light on growth could not be related independently to either 
parameter. Despite these experimental problems and inconsistencies, some data 
interpretation was still possible and more importantly, the effect of cell density with 
regards to growth was apparent. 
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Figure 43. Effect of salinity on growth rate, cell organic content and ADFW 
productivity of Tetraselmis sp. in outdoor raceway ponds. MUR 167 I (), MUR 167 
IIIs (▼), MUR 167 IIIa 2008 (●), MUR 167 V (○), MUR 230 III (■) and MUR 230 IV (□). 
 
Exceptionally high growth rates approaching 0.9 d-1 were obtained when initial 
cell densities were lowest (< 30 x 104 cells.mL-1) (Figure 44). The concomitant effect of 
reducing the culture density by half and increasing the culture depth from 15 to 20 cm 
led to significantly faster growth and more cellular organic content in the cells (T-test, 
P< 0.05), despite the fact that at 20 cm the mean daily irradiance was lower than at 15 
cm (Table 12). The overall effect was a more productive culture, with biomass 
productivity improving by 37% to a final average value of 10.38 ± 1.14 g.m-2.d-1 (Table 
12). Statistical analysis, however, indicated that the difference between the two 
treatments was not significant at the 0.05 level, possibly due to the uneven number of 
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samples between treatments and the spread of the productivity values during that 
timeframe (Figure 44). 
 
Table 14. Effect of pond and cell density on growth rate, cell organic content and 
AFDW productivity of Tetraselmis MUR 230 cultured in semi-continuous mode in 
an outdoor raceway pond in summer 2009. 
Depth (cm) 15 20 
Mean daily total irradiance (W.m-2) 48295.8 ± 971.5 42491.0 ± 1175.7 
Mean air temperature (°C) 19.5 ± 0.4 23.5 ± 0.5 
Mean water temperature (°C) 19.1 ± 0.3 21.4 ± 0.3 
Mean cell density (x104 cells.mL-1) 70.7 ± 2.1 34.3 ± 1.3 
Specific growth rate, µ (d-1) 0.31 ± 0.05 0.44 ± 0.03 
Cell AFDW content (pg.cell-1) 293.2 ± 13.8 508.1 ± 27.1 
AFDW productivity (g.m-2.d-1) 7.58 ± 2.13 10.38 ± 1.14 
 
The cell density/specific growth rate relationship was further investigated 
based on data obtained from other treatments using several Tetraselmis strains at 
different times of the year.  From Figure 45, it can be seen that specific growth rates 
were markedly higher at cell concentrations below 40 x 104 cells.mL-1 (equivalent to 
biomass concentrations of 41-325 mg (DW).L-1 and an areal density of 6.15-48.8 g 
(DW).m-2) with occasional peaks at 1.16 d-1. From the same graph, it was also evident 
that cell growth was strongly correlated with seasonal changes, with growth rates 
being highest in summer at a mean of 0.37 ± 0.02 d-1 whereas growth was 3.8 times 
lower in winter, while no significant differences in growth rates was observed between 
spring (mean growth rate = 0.21 ± 0.02 d-1) and autumn (mean growth rate = 0.25 ± 0.03 
d-1) (P< 0.05). 
Further classification of the above data by irradiance and temperature range 
illustrated the strong dependence of cell growth on the outdoor light and temperature 
regimes in all cultures, regardless of culture treatments (Figure 46). Cell growth and 
biomass productivities increased appreciably with increasing irradiance and 
temperature, the effect of higher irradiance being somewhat less prominent, possibly 
as a result of light-limitation in the dense cultures. The effect of temperature, on the 
other hand, was more pronounced.   
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Figure 44. Semi-continuous culture of Tetraselmis MUR 230 at different cell 
densities and depth in outdoor raceway pond between spring 2008 and autumn 2009.  
Air (····) and water (−) temperature; Cell density (−●−) and cell organic content (x). 
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Figure 45. Effect of starting cell concentration on the specific growth rate in cultures 
maintained in semi-continuous culture mode at different times in a year.  MUR 167 I 
(□), MUR 167 II (▼), MUR 167 III (●), MUR 167 V (○), MUR 230 I (■), MUR 230 II (♦) 
and MUR 233 (). 
 
Cell growth was clearly limited at water temperatures below 15 °C but 
increased steadily to a maximum mean of 0.37 ± 0.02 d-1 on warmer periods and no 
growth saturation or inhibition were detected at the highest temperature recorded in 
the ponds (Table 13). Similarly, organic biomass productivity was limited to below 5.0 
g.m-2.d-1 at temperatures below 20 °C (Table 13 and Figure 46), while a 10-degree rise in 
median temperature from 12.5 to 22.5 °C led to a 3-fold increase in biomass 
productivity to a maximum mean of 8.37 ± 0.74 g (AFDW).m-2.d-1 (Table 13).  
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Figure 46. Effect of irradiance and temperature on specific growth rates and AFDW productivity of Tetraselmis sp. strains cultured in outdoor 
raceway ponds. MUR 167 I (), MUR 167 II (■), MUR 167 III (○), MUR 167 V (▼), MUR 230 I (●), MUR 230 II (□), MUR 233 (♦).
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Table 15. Specific growth rates and AFDW productivity of Tetraselmis MUR 167, 230 
and 233 as a function of water temperature in outdoor raceway ponds. 
Temperature range (°C) Specific growth rate, µ (d
-1) 
(mean ± S.E) (n) 
AFDW productivity 
(g.m-2.d-1) 
(mean ± S.E) (n) 
10-15 0.11 ± 0.01 (47) 2.75 ± 0.45 (43) 
15-20 0.24 ± 0.02 (120) 4.86 ± 0.41 (79) 
20-25 0.37 ± 0.02 (112) 8.37 ± 0.74 (77) 
 
Nutrients 
In November 2008, the residual total nitrogen (N) and total phosphorus (P) in 
the culture medium filtrate prior to dilution was determined on 3 consecutive 
Mondays in 6 Tetraselmis cultures (Figure 47). The aim of the nutrient analysis was to 
determine the amount of N and P left in the culture medium after a few days of growth 
and also to determine the degree of association between the residual [Ntotal] and [Ptotal] 
and the growth rate. At the end of each growth cycle, N and P were still detected from 
the culture filtrate, with N being three orders higher than P (Figure 47). No consistent 
trend between growth rates and residual [Ntotal] and [Ptotal] was observed; the degree of 
association was almost negligible for both nutrients (R2 << 0.025) (Figure 48). This 
suggests that either the cultures were already nutrient-depleted 3 days after medium 
renewal, or that cell growth and nutrient assimilation were more strongly influenced 
by other factors.  
To determine the rate of NO3- and  PO43-assimilation by Tetraselmis in the ponds, 
dissolved [NO3-] and [ PO43-] was measured over a 5 h period during the day from a 
control Tetraselmis MUR 167 culture on the 2nd January 2009. Immediately after culture 
dilution and medium renewal, the initial dissolved [NO3-] and [ PO43-] in the culture 
medium were at 105 and 4.3 mg.L-1 respectively. By 2 pm, [NO3-] and [ PO43-] levels 
have decreased to 70 and 0.5 mg.L-1 respectively and by 4 pm, NO3- was depleted to ¼ 
of the original concentration while no  PO43- was detected in the culture filtrate. It 
therefore appeared that the Tetraselmis culture was already NO3- and  PO43- depleted by 
the end of the day so that nutrients for growth on the subsequent days would have to 
have originated mostly from within the cells. This would mean that the residual [Ntotal] 
and [Ptotal] observed in the culture medium filtrate would have arisen from other N and 
P sources. Of the two essential nutrients, phosphorus was the main limiting nutrient 
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since it impacted on growth rate to a greater extent as compared to nitrogen (Figure 48) 
and since it was at very low concentrations at all times within the culture medium 
(Figure 47). 
 
pH and CO2 
The effect of pH regulation and inorganic carbon supply through the addition 
of carbon dioxide to Tetralsemis MUR 230 was investigated in the summer/early 
autumn 2009. The inoculum for the experimental pond originated from a previous 
Tetraselmis MUR 230 outdoor pond which was subsequently considered as the control 
pond for this experiment. Once the cell density in the experimental pond stabilised, 
semi-continuous culture mode was initiated and pure carbon dioxide was injected into 
the respective pond. The gas inflow (6 L.min-1) was regulated by a pH controller which 
effectively decreased the pH range by 2 units and maintained the culture pH between 
6.8 and 8.0, the optimum range for Tetraselmis being between 7-8 (Fábregas et al., 1987; 
Meseck, 2007). One drawback in the experimental design of this study was that while 
all culture parameters were kept the same for both ponds, the culture depth in the 
experimental pond (CO2-enriched) was increased to 25 cm because the same pond was 
being used for another study running in parallel (data not shown). This was only 
permitted because the cell density in both experimental and control ponds were kept at 
the same level (Table 14) and at the same time it was assumed that the effect of light 
penetration through an additional 5 cm of culture was negligible, as previously shown 
(Table 12). 
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Figure 47. Total N and total P concentration (µg.L-1) in culture medium prior to 
harvest of Tetraselmis cultures. See Table 11 for treatment description. 
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Figure 48. Effect of residual total N and P concentration in the culture medium on 
the specific growth rate of Tetraselmis. MUR 167 I (●), MUR 167 II (○), MUR 167 III 
(▼), MUR 167 IV(), MUR 230 I (■) and MUR 230 II (□). Straight represent line of 
best fit for all data points. Dotted lines represent 95% confidence interval.  
 
Despite the difference in culture depth, addition of CO2 and maintaining the 
culture pH close to 7 did not lead to any improvement in any of the growth 
parameters, except for a 5% increase in specific growth rate (Table 14). However, it was 
observed that the pattern in specific growth rates and cell organic content over the 
experimental period was more stable in the CO2-enriched pond (Figure 49), a desirable 
feature for the sustained and reliable production of algal biomass on a large-scale. It 
was further shown that continued supplied of CO2 in the Tetraselmis cultures in the 
outdoor ponds eventually resulted in improved  biomass productivities and that 
moreover, contamination from other microalgae was easily avoided or eliminated by 
maintaining the pH close to 7 (Isdepsky, personal communication). 
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Water quality and contamination 
Seawater used for the majority of this work has been obtained from clear waters 
via a submerged water pump approximately 100 m from the groin off Hillarys Boat 
Harbour (Perth, WA) and stored in large aerated seawater tanks in the dark for 
extended periods of time (> 4 months). This passive form of seawater treatment 
resulted in clean water that was mostly free of other microalgae and other 
microorganisms. However, in a large-scale microalgal facility, seawater most likely 
would be pumped directly from the sea and transferred to the algal pond with minimal 
or even no treatment, hence the risk of contamination by phytoplankton and 
zooplankton would be much higher. An experiment was thus set-up to determine the 
tolerance of Tetraselmis sp. MUR 167 to regular inputs of fresh seawater from a 
different location. Two ponds were set up and kept at 7% NaCl and in semi-continuous 
culture mode. The seawater used for the control pond originated from a fresh batch 
collected from Hillarys Boat Harbour which was kept in an outdoor 22 000 L dark 
seawater tank for less than 1 week. The seawater used for the experimental pond was 
collected once a week off the jetty less than 50 m away from the beach front at Coogee 
Beach (Perth, WA) and kept in dark un-aerated 20 L carboys for less than 5 days. The 
seawater from this particular location was expected to be slightly more polluted due to 
its proximity with the Fremantle Harbour, which is the main sea port of Western 
Australia.  
 
Table 16. Culture and growth parameters of Tetraselmis MUR 230 with and without 
the addition of carbon dioxide in the raceway pond cultures. 
Parameters - CO2 + CO2 
pH 9.3 - 10.0 6.8 - 8.0 
Mean cell density (x104.mL-1) 34.5 ± 1.3 36.1 ± 1.6 
Specific growth rate, µ (d-1) 0.44 ± 0.03 0.49 ± 0.03 
Cell AFDW content (pg.cell-1) 508.1 ± 37.1 440.7 ± 33.8 
AFDW productivity (g.m-2.d-1) 10.9 ± 1.1 10.7 ± 1.1 
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Pennate diatom contamination was observed in both ponds from the 3rd week 
of cultivation and persisted longer in the control pond where no major effect on 
Tetraselmis growth was observed (Figure 50). In the experimental pond however, the 
Tetraselmis cells were not dividing as fast as in the control pond and the onset of 
diatom contamination was accompanied by large fluctuations in the pH and in an 
irregular but steady decline in Tetraselmis growth. By the end of the 1st week of 
December 2008, a number of foreign organisms, mainly invertebrates and amoebas, as 
well as filamentous algae and bacteria (Figure 51) were present in appreciable 
quantities and slowly invaded the culture.  Microscopic observation did not reveal any 
grazing activity; rather, the invertebrates present were foraging around the Tetraselmis 
cells and concentrated around the mucilaginous layer and the decline in Tetraselmis 
numbers was mostly due to cell death or cell entrapment in the thick mucilaginous 
layer illustrated in Figure 51c. Further culture dilutions did not lead to recovery in the 
culture health but rather resulted in cell washout. 
Another aspect of biological contamination that was observed from several 
outdoor trials was that diatoms capable of tolerating a salinity of 7% NaCl were the 
main contaminants and that their appearance and duration in the outdoor ponds was 
quite unpredictable (Figure 52). Furthermore, they displayed higher growth rates (0.5 
to a maximum of 1.2 d-1) than Tetraselmis most of the time, in spite of the low cell 
densities (Figure 52). It therefore seems that diatom contamination could be a 
prevailing concern in outdoor Tetraselmis cultures maintained at 7% NaCl and even if 
they do not overtake the green alga, their presence in the water column and the 
periodic peaks in their growth will most likely result in an imbalance in the water 
chemistry, as well as inaccurate biomass productivity determinations. 
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Figure 49. Comparison of growth and biomass productivity parameters of 
Tetraselmis sp. MUR 230 with and without CO2 between January and March 2009. 
Air (····) and water (−) temperature; Cell density (−●−) and cell organic content (x); pH 
(◊). 
140 
 
Figure 50. Effect of different seawater sources on culture health of Tetraselmis sp. 
MUR 167. Air (····) and water (−) temperature; Cell density for Tetraselmis (−●−) and 
diatom (□). 
 
141 
 
Figure 51. Contaminants originating from freshly collected seawater used in 
Tetraselmis sp. MUR 167 outdoor culture. Unidentified invertebrates (a) and (b), 
cyanobacterial filaments and diatoms (c) and amoeba (d). Note also the presence of 
mucilaginous matrix trapping the Tetraselmis cells in (c). 
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Figure 52. Diatom contamination in several Tetraselmis outdoor pond cultures. Air 
(····) and water (−) temperature; Cell density and specific growth rate for Tetraselmis 
(−●−) and diatom (□). See Table 11 for treatment description. 
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Discussion 
 
Cell density and light 
The initial rationale used for keeping high cell densities in the outdoor 
Tetraselmis ponds was to reduce the likelihood of contamination and to maintain high 
harvest concentrations. However, as it was progressively realised, high cell densities 
did not correlate to high biomass productivities but rather, led to prolonged lag phases 
after medium renewals which resulted in unstable growth and in low or even no 
biomass output. Reducing the starting and standing cell density to ≤ 50 x 10 4 cells.mL-1 
(ca. 400 mg (DW).L-1 or 60 g.m-2) dramatically improved the culture productivity, as 
more light became available to a larger proportion of cells, resulting in more 
photosynthesis, heavier cells and faster division rates which ultimately translated into 
better biomass productivities, irrespective of seasons. The observed decline in growth 
rates (and consequently of biomass productivities) at high cell concentrations is typical 
of all types of microalgal cultures and is fundamentally caused by an increase in the 
mutual shading effect in denser cultures (Chrismadha and Borowitzka, 1994; Hu et al., 
1996; Hu and Richmond, 1994; Richmond, 1992; Richmond et al., 1980).  
An average biomass concentration of 400 mg (DW).L-1 for Tetraselmis seems 
appropriate for cultivation in the outdoor open raceway ponds, and is in line with 
biomass concentrations used by Laws  et al. (1986b) and Camacho et al. (1990) for other 
Tetraselmis species grown in outdoor open cultures and for other algae as well 
(Grobbelaar, 2009a; Jiménez et al., 2003a; Moreno et al., 2003). This nominal biomass 
concentration value however is close to, but not the actual optimal cell density, since 
the latter fluctuates appreciably with respect to seasons as well as with mixing speeds, 
being higher in summer and at fast stirring speeds (ca. 50 cm.s-1) (Richmond, 1992). It is 
therefore strongly recommended that further work on the Tetraselmis outdoor cultures 
should concentrate at determining the optimum cell density and optimum mixing 
speed at each season at which equilibrium between high growth rates and high 
biomass output rates is reached. 
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Temperature 
Temperature was the next most important environmental factor governing 
Tetraselmis growth and productivity in the outdoor raceway ponds. Temperatures 
lower than ≤ 15 °C were potentially growth limiting, and this is partially supported by 
the indoor photosynthesis experiment which showed reduced photosynthetic rates at 
15 °C. The same indoor experiment also showed that photosynthesis was significantly 
enhanced at 25 °C up to 35 °C and, given that biomass productivities were significantly 
higher at warmer water temperatures, it could be hypothesised that Tetraselmis growth 
could still be sustained at water temperatures greater than 30 °C.  
In comparison with fully optimised and well-controlled open raceway cultures 
of Dunaliella salina kept at 12.5% NaCl (García-González et al., 2003) and Anabaena sp. 
kept at seawater salinity (Moreno et al., 2003) in southern Spain, the unoptimised 
Tetraselmis cultures in this present study were significantly more productive over the 
same temperature range. For example, an annual mean biomass productivity achieved 
close to 1.3 g (DW).m-2.d-1 for D. salina was achieved at water temperatures between 15-
32°C (García-González et al., 2003) while biomass productivities for Anabaena equalled 
to 4.9 and 6.4 g (DW).m-2.d-1 at 20 °C and 25 °C respectively (Moreno et al., 2003).  In 
contrast, the biomass productivity achieved for Tetraselmis at a temperature range of 
20-25 °C was 8.7 g (AFDW).m-2.d-1, or 13.4 g (DW).m-2.d-1 (Table 13), 2.4 times and 10 
times as much as for Anabaena and D.salina respectively. This higher productivity of the 
Tetraselmis cultures can possibly be attributed to higher average irradiances in Perth as 
compared to those in southern Spain. 
 
Salinity 
The main distinguishing feature of this outdoor study on Tetraselmis was that it 
was maintained at 7% NaCl for more than 2 years without any culture loss. This is 
probably the first study ever to successfully grow Tetraselmis at salinities higher than 
seawater, given that no such study has ever been published and that cultivation of 
Tetraselmis is normally carried out in seawater (Chini Zittelli et al., 2006; Fábregas et al., 
2001; Herman, 1991; Laws et al., 1986a; Olaizola et al., 1991).  
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While growth and biomass productivities from the Tetraselmis outdoor cultures 
were clearly inhibited at salinities above 9% NaCl, only slight changes in growth and 
biomass output were observed between 3 and 7% NaCl (Figure 43) and, given that only 
diatoms were the only persistent algal contaminant observed throughout the whole 
experimental period, maintaining the cultures at 7% NaCl obviously creates a unique 
ecological and commercial niche for this alga. The prospect of expanding this 
cultivation strategy using this alga on a large scale is even more alluring given that at 
7% NaCl, it performs as well as other Tetraselmis species and microalgae grown on 
seawater. For example, long-term cultivation over different seasons have yielded 
growth rates between 0.2-1.6 d-1 and a mean AFDW productivity of 5.3 g.m-2.d-1 (8.5 g 
(DW).m-2.d-1)  in summer, with occasionally high biomass productivities between 10 
and 35 g (AFDW).m-2.d-1 (roughly equivalent to 16-56 g (DW).m-2.d-1). Similar growth 
rates and biomass productivities, but at seawater salinity, have been reported for 
Pleurochrysis carterae previously grown at the same location and in the same culture 
system and depth (Moheimani and Borowitzka, 2007), and for other Tetraselmis species 
(Chini Zittelli et al., 2006; Fábregas et al., 2001; Herman, 1991; Laws et al., 1986a; 
Olaizola et al., 1991; Thomas et al., 1984a). In an attempt to grow Muriellopsis sp. in 
slightly saline water in outdoor open raceway cultures, Blanco et al. (2007) reported a 
maximum biomass output rate of 13 g (DW).m-2.d-1 at salinities below 1.2% NaCl and 
increasing the NaCl concentration further in the Muriellopsis sp. culture led to reduced 
growth. Lipid productivities reported in this outdoor culture were however one order 
of magnitude less than those reported for Pleurochrysis carterae (Moheimani and 
Borowitzka, 2006) and Nannochloropsis sp. (Rodolfi et al., 2009) and also less than those 
obtained from the indoor cultures (Figure 28). The reason for such low productivities 
has yet to be determined and this could possibly indicate that another cultivation 
strategy would be required to induce more lipid production in the outdoor cells.   
Given that the cultivation methodology employed in this study was the bare 
minimum for culture maintenance, it is strongly believed that with the appropriate 
cultivation strategy, such as operating at the optimum cell density, supplying the 
correct dosage of nutrients etc, Tetraselmis could well represent the next large-scale 
cultured microalga with year-round high biomass productivities. Its potential use as a 
biodiesel feedstock is however not well established yet, given the low lipid 
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productivities achieved in this study. While the lipid content was unaffected by 
changes in salinity between 3 and 7% NaCl, the mean lipid productivities obtained in 
spring 2008 remained low between 1.17-1.59 g.m-2.d-1 (7.8-10.6 mg.L-1.d-1). In contrast, 
Weissman and Goebel (1986) reported a lipid productivity of 4.2 g.m-2.d-1 for 
Tetraselmis, while mean lipid productivities of 81 and 117 mg.L-1.d-1 were achieved at 
the end of the summer and in mid-summer respectively by Nannochloropsis grown 
under nutrient-replete conditions in a flat alveolar panel photobioreactor (Rodolfi et al., 
2009). While comparison between photobioreactor and raceway pond productivity 
results is not reliable due to entirely different mode of operation etc, it is nevertheless 
useful to gauge the biodiesel-production potential of raceway ponds against that of 
closed photobioreactors to gain an overview of the current advances and to bridge the 
gap between the two different cultivation systems.   
The decrease in cell organic content with respect to increasing salinity is in 
conflict with the indoor results, suggesting different adaptation strategies occurring in 
the outdoor cultures. It is believed that outdoor cultures, unlike those kept at low light 
and constant temperature, were light- and temperature- stressed on a daily basis and 
that the addition of salinity stress would have further reduced the physiological state 
of the cells. Respiration in outdoor cultures play a critical role in biomass loss and in 
the relative well-being of the cultures, as shown in outdoor cultures of Coelastrum 
sphaericum (Grobbelaar and Soeder, 1985) and Spirulina (Torzillo et al., 1991). 
Respiration rates are high at high irradiance and high temperatures, but is even more 
enhanced when the cultures are maintained at suboptimal temperatures, as would be 
the case in large outdoor cultures where water temperature is seldom controlled. For 
Spirulina, a combination of high light at low cell concentration and suboptimal 
temperature led to 23% biomass loss, with the majority of the carbohydrate synthesised 
during the day being converted to carbon dioxide rather than to protein (Torzillo et al., 
1991). Additional stress such as high salinity, in the absence of compensating strategies 
(e.g. nutrient supply, shading, temperature regulation etc), would further enhance 
respiration and reduce photosynthesis, especially at high light (Zeng and Vonshak, 
1998). Given that pH in the Tetraselmis MUR 167 culture decreased from a mean of 9.8 
to 9.0 when the salt concentration was increased from 10 to 14% NaCl (pH curve not 
shown), and given the large difference in light and temperature regimes between the 
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indoor and outdoor cultures, it is thus seem highly likely that the decrease in cellular 
biomass at high salinity in the outdoor ponds was due to higher respiration rates. This 
suggests that unless culture strategies are in place to curb respiration rates, the upper 
salinity limit at which Tetraselmis can still retain its high physiological activities would 
be close to 9% NaCl. 
 
Nutrients 
The aim of analysing the residual total N and total P in the culture medium was 
to determine the amount of N and P left in the culture under the current dilution 
frequency (once every 3 days). While the numbers indicate that N and P were still 
present in the water, further relevant and necessary data interpretation such as the rate 
and extent of N and P uptake cannot be made at this point for a number of reasons. 
Firstly, determination of nutrient uptake rates would have required N and P values 
taken both after and before culture dilution. While this was actually carried out for this 
study (i.e. on the 10th , 16th  and 22nd of November 2008), the samples were not taken on 
successive dilution days such that the N and P values recorded at the beginning of each 
growth cycle could not be related with the next N and P values. Also, the source of 
residual N and P in the culture filtrates is unknown; both elements could have derived 
from either insufficient uptake of NO3- and  PO43- supplied upon medium renewal, or 
from regeneration of soluble inorganic and organic (e.g. amino acids, phospholipids, 
nucleic acids) compounds from dead cells or from the seawater. It is strongly believed 
that the residual N and P originated from sources other than NO3- and PO43- since it 
was shown that these two compounds were readily, and almost completely, absorbed 
within 5 h of addition to one of the Tetraselmis cultures. This would therefore mean that 
correlating any data to the [Ntotal] and [PTotal] herein reported would be of limited 
significance and use, and this is indirectly supported by the weak correlation between 
growth rates and residual [Ntotal] and [PTotal], as shown in Figure 48. In spite of this, the 
data yield some useful clues which warrant further consideration for more efficient 
future nutrient dosage in the Tetraselmis cultures.  
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One important observation made was that residual N was much more 
abundant than residual P, yielding a N:P ratio > 150 at all times. Considering that the 
N:P ratio of the F medium is 11, it can be appreciated that the Tetraselmis cells were 
clearly limited by low phosphorus in the culture medium; this would explain the fast 
rate and complete uptake of phosphate as mentioned earlier. A similar observation in 
indoor cultures of Tetraselmis suecica was also observed by Carballo-Cárdenas et al. 
(2003) who used a N:P ratio of 7.2 in their modified F/2 medium. After 16 days in batch 
cultivation mode, nitrate was still detected in the medium whereas no phosphate was 
present. Addition of excess nitrate and phosphate on three consecutive occasions over 
the exponential phase yielded the same result. Further confirmation was provided by 
the same authors that Tetraselmis, when left in phosphate-buffered medium, did indeed 
assimilate phosphate rapidly and stored it into the cells as polyphosphate, a form of 
phosphate which acts as storage P reservoir (Kuhl, 1962; Powell et al., 2008). The 
disappearance of phosphate from the culture medium in this present study could thus 
be interpreted in 2 ways: either Tetraselmis is capable of luxurious uptake of 
phosphorus, whereby it can assimilate phosphorus in excess of its actual needs and use 
it for growth when phosphorus supply is depleted, or perhaps the amount of 
phosphorus as recommended by the F medium recipe was too low for outdoor cultures 
such that the cells were phosphorus-limited for the majority of the time.  
There is much evidence to believe that the outdoor Tetraselmis cultures were N 
and P limited, even after medium renewal. From the literature, higher N:P ratios have 
been used for non-limiting growth and optimum product formation in Tetraselmis. For 
example, Wikfors (1986) reported a N:P ratios of 50 for maximum biomass and lipid 
yield from Tetraselmis, while N:P ratio of 20 (Ho et al., 2003) and 25 (Molina Grima et al., 
1991) have been employed in semi-continuous mode for non-limiting growth of 
Tetraselmis. These findings, coupled with the fact that the N:P ratio of the F medium is 
much below the recently revised Redfield ratio of 20-50 (Geider and La Roche, 2002), 
suggest that the nutrient input and regime for the Tetraselmis strains employed in this 
study should be revisited and optimised prior to future experiments in outdoor ponds. 
Furthermore, as Hu  et al. (1996) demonstrated, standard nutrient media recipes used 
in laboratories are not designed for high and ultra-high cell density cultures, as 
nutrient depletion may rapidly occur in intensive outdoor cultures grown in such 
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media. In order to maintain nutrient sufficiency in their outdoor Spirulina cultures, 
they added twice the amount of sodium nitrate as recommended for the Zarouk 
medium and replaced the entire culture medium with fresh medium every 6-4 days. 
Therefore, a possible useful strategy that could be employed to maintain 
nutrient sufficiency in the present Tetraselmis outdoor cultures could be to increase the 
NaNO3 concentration from 1.8 to 2.0 mM ([NaNO3] at which nitrogen assimilation was 
most efficient in T. suecica (Fábregas et al., 1985a) and adjust the PO43- concentration 
accordingly, and to add nutrients more frequently so that the likelihood of the 
Tetraselmis cells becoming nutrient-deprived is reduced. Increasing the dilution 
frequency, and therefore nutrient input, is largely dependent on the growth rate; under 
the current culture management regime for Tetraselmis, a 3-day dilution cycle seems to 
result in a stable growth pattern and it is strongly believed that with better culturing 
strategies (optimum cell/areal density, nutrient supply, pH regulation, better mixing 
etc), production rates at this dilution frequency can match that obtained by Laws et al. 
(1986) who reported maximum biomass productivity in Tetraselmis suecica cultures at a 
3-day dilution cycle. 
Also worth mentioning is that the full complement of the Fmod medium may not 
be necessary, as shown by Okauchi and Kawamura (1997) in the optimisation of the 
culture medium composition for the cultivation of Tetraselmis tetrathele. By determining 
the growth rate of T. tetrathele by the sequential removal of each nutrient of the F 
medium, they found that the essential nutrients were NaNO3, NaH2PO4.2H2O, Fe-
EDTA and MnCl2.4H2O and that the rest of the minerals were supplied from the 
seawater in sufficient quantities. Comparison of cell production rates (cells.d-1) 
between their simplified medium and the original F medium did not show any 
significant difference, hence indicating the possibility of growing Tetraselmis on a 
minimal number of nutrient ingredients.  
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pH and CO2 
pH control and CO2 addition to an intensive outdoor microalgal culture are of 
prime importance, especially in unialgal cultures. pH plays a critical role in species 
dominance within a mixed phytoplankton population (Goldman et al., 1982a; Goldman 
et al., 1982c) and the addition of carbon dioxide ensures that the photoautotrophic algae 
do not become carbon-limited while controlled input of carbon dioxide leads to 
significant improvements in biomass productivities (Chrismadha and Borowitzka, 
1994; Olaizola et al., 1991). 
The lack of improvement in the growth rate and biomass productivity of 
Tetraselmis MUR 230 with regards to carbon dioxide addition and pH regulation as 
seen at the time of this study was quite unexpected. While Goldman et al. (1982c) 
reported that some species can be rather pH-insensitive between pH 7-10 and to carbon 
dioxide input, several studies on Tetraselmis have showed that it responds well to both 
parameters. For example, growth rates of Tetraselmis chuii grown in outdoor mCARs 
(model circulating algal raceways) improved 4-fold to a maximum of 0.8 doublings.d-1 
when a CO2 concentration of 2.4 mM or higher was added to the culture and when the 
pH was maintained at 8.14 (Olaizola et al., 1991). This was consequently accompanied 
by a five-fold increase in biomass productivity. Similarly, Meseck et al. (2007) reported 
a 47% increase in growth rate up to a maximum of 0.44 d-1 when carbon dioxide was 
added to indoor T. chuii cultures.  
Given that further cultivation of the same Tetraselmis MUR 230 culture under 
carbon dioxide treatment and pH control eventually yielded better growth rates and 
productivities (Isdepsky, personal communication), it seems that the delay in the 
response to these 2 parameters could be due to a slow adaptation to a less alkaline 
environment (pH 9-10) to which the cells were accommodated to. At this pH range in 
the highly saline medium, the main source of inorganic carbon would be in the form of 
CO32- and HCO3-, such that carbon uptake would depend largely on the activity of the 
extracellular carbonic anhydrase found on the surface of the Tetraselmis cell (Rigobello-
Masini et al., 2003). A sudden shift in the relative proportions of HCO3- and CO2 via 
CO2 addition and pH control would require a transition period for the enzymes 
involved in carbon uptake to adjust to higher carbon dioxide concentrations. This 
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transition period and adaptation process would have been slower outdoors due light 
and nutrient limitation (Beardall et al., 1998; Meseck et al., 2007). 
Despite the lag in the response to CO2 addition and pH regulation, further 
treatment of the Tetraselmis culture with CO2 at the optimum pH range resulted in a 
more regular growth pattern and in higher growth rates and productivities, as well as 
in a more stable culture where contamination by other microalgae and protozoa was 
more easily controlled (Isdepsky, personal communication). 
 
Contamination and species selection  
Contamination by other microalgae is a common and unavoidable feature of 
open outdoor microalgal cultures. Diatoms, cyanobacteria and green algae such as 
Chlorella and Scenedesmus are commonly encountered in freshwater culture systems 
(Goldman, 1980; Richmond et al., 1990) while the marine analogs are mainly diatoms 
such as Phaeodactylum tricornutum, Nitzschia and Skeletonema (de Pauw et al., 1980; 
Goldman and Ryther, 1975). Given the high pH range (9-10) and ambient temperatures 
of 15-25 °C prevailing most of the time in the outdoor ponds, there was a concern for 
invasion by Phaeodactylum tricornutum which tends to overtake other marine species 
under these specific abiotic conditions (de Pauw et al., 1980; Goldman et al., 1982c; 
Goldman and Ryther, 1976; Persoone and Claus, 1980; Regan and Ivancic, 1984). In 
spite of the fact that Regan and Ivancic (1984) reported its presence even at 10% NaCl, 
it was not found at 7% NaCl and apart from unidentified diatoms and filamentous 
algae which were at much lower concentrations than Tetraselmis, no species 
competition was observed in the ponds, therefore suggesting that keeping a salinity 7% 
NaCl is a useful strategy in maintaining dominance by Tetraselmis. 
One interesting aspect related to outdoor diatom growth either under the 
controlled growth of the A. coffeaeformis MUR 158 culture or as diatom contaminants in 
the Tetraselmis cultures is that on many occasions, the diatoms doubled much faster 
than Tetraselmis, indicating that given the right growth conditions, diatoms could as 
well represent potential candidates for outdoor cultivation. However, A. coffeaeformis 
MUR 158 is unlikely to be considered for further experimentation simply because its 
optimum salinity range is below 5% NaCl (as determined from the indoor experiment) 
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and at this salinity range in the outdoor settings, Tetraselmis is a much better 
competitor, as proven by the repeated overtaking of the diatom culture (Figure 36) and 
by the slightly higher biomass productivity (Figure 39). 
On the other hand, the diatom contaminants seemed more suitable for the 
purpose of this study, given that some of them persisted for at least 3 months in the 
Tetraselmis cultures, illustrating their adaptation to the highly selective environment in 
the raceway pond (i.e. high salinity, fluctuating light and temperature, high oxygen 
etc). However, there is much doubt in their usefulness and commercial potential for 
several reasons. Firstly, the high growth rates were achieved at low diatom cell 
densities such that, in the mixed cultures, a large proportion of the incident light would 
have been absorbed by Tetraselmis. In other words, the diatoms thrived better at lower 
photon flux densities, which is in accordance with the general conclusion put forward 
by Falkowski and Owens (1980), Richardson  et al. (1983) and Ryther (1956) that 
diatoms have a relatively low saturating irradiance Ik as compared to green algae. 
Therefore, the likelihood of diatom cultures being light-inhibited in areas of high 
insolation is higher than for green algae. Also, like A. coffeaeformis MUR 158, they were 
smaller than Tetraselmis and formed clumps (Figure 51c). While the clumping tendency 
would have been desirable for harvesting, it would have made mass-cultivation more 
challenging due to fouling of the pond walls and paddlewheels and to inefficient use of 
light and nutrients. Additionally, as pointed out earlier, cultivation of these diatoms 
would most likely require a silicate source which would impose additional costs. In 
contrast, Tetraselmis has minimal nutrient requirements (Okauchi and Kawamura, 1997; 
Regan and Ivancic, 1984) and is therefore comparatively more suited for large-scale 
cultivation. 
 
Water quality 
The cause for the collapse of the Tetraselmis culture fed with fresh seawater 
from Coogee Beach was not determined; however, it is suspected that Tetraselmis 
growth was inhibited by factors such as harmful chemicals or pathogens present in the 
water rather than by the presence of other microalgae and invertebrates, although the 
thick mucilaginous matrix could have been caused by the diatoms. This exercise was 
particularly useful in many ways: 
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a) It highlights the need for careful water chemical analysis prior to using 
untreated seawater from new sources, 
b) It emphasises the need for early detection and prevention of 
contamination and poor water quality because once the integrity of the 
culture health is compromised, it is very difficult to re-establish good 
growth. For instance, the gradual slow Tetraselmis growth led to smaller 
dilution volumes and longer periods between harvests, which in effect 
resulted in the accumulation of potentially harmful substances, cell 
debris, exopolysaccharides, bacteria and other microorganisms. Larger 
dilution volumes would have probably resulted in Tetraselmis cell 
washout,  
c) The addition of salt to a final salinity of 7% NaCl eliminated potential 
indigenous Tetraselmis grazers, 
d) The appearance and establishment of amoebae in particular, initially 
considered as a real nuisance, was in fact a good indicator of quickly 
deteriorating culture health as it was often followed by a complete pond 
clean-up and re-inoculation, and finally,  
e) It provided the opportunity to appreciate the rate and gravity at which 
culture deterioration in outdoor ponds can actually take place. In the 
present situation, cell growth was already impeded by the end of the first 
week and this was accompanied by a gradual and irregular decline in pH, 
thereby indicating that pH is a useful indicator for monitoring culture 
health. 
 
 
 
 
 
 
 
154 
Conclusions 
 
The primary purpose of this outdoor study was to test the viability of selected 
algal species from indoor experiments in outdoor open raceway ponds and to identify 
factors limiting growth in the outdoor ponds. The diatom A. coffaeformis MUR 158 was 
not a suitable candidate in comparison with Tetraselmis, despite the high growth rates it 
displayed on a few occasions.  
Tetraselmis, on the other hand, proved to be a very robust species for outdoor 
cultivation, tolerating salinities between 3 and 12% NaCl without any culture collapse, 
recovering quickly from adverse conditions such as salinity shocks and periodic break 
downs and performing well under the outdoor climatic conditions. Mean growth rates 
in summer reached 0.37 d-1 while in winter, they plummeted to 0.11 d-1. The annual 
average AFDW productivity attained was 5.3 g.m-2.d-1 (8.5 g (DW).m-2.d-1). High 
biomass productivity ranging between 15 and 35 g (AFDW).m-2.d-1 (24- 56 g (DW).m-
2.d-1) and growth rates as high as 1.2 d-1 were achieved in summer at 7% NaCl and cell 
densities lower than 50 x 104 cells.mL-1, or biomass concentrations close to or below 400 
mg (DW).L-1 (60 g (DW).m-2), making these Tetraselmis cultures one of the most 
productive simply- managed raceway cultures to date. Lipid productivities however, 
were low and further research is needed to maximise the lipid content under the 
outdoor conditions. 
Under the current management regime, it is highly likely that all Tetraselmis 
cultures were N, P and C limited, especially without any carbon dioxide input and pH 
regulation. A combination of nutrient limitation and light limitation due to dense 
cultures were suspected to be the main reasons for low growth rates and biomass 
outputs. Contamination by other microalgae or zooplankton caused minimal 
disruption in the overall cultivation period. However, water quality and therefore, 
seawater source, proved to be a stronger determining factor in the overall culture 
health.  
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This study is the first of its kind to show that Tetraselmis can be successfully 
grown for extended periods of time at 7% NaCl or higher over the whole year under a 
simple culture management protocol on a simple medium recipe without any carbon 
dioxide addition. Tetraselmis shows strong promise as a candidate with a unique 
ecological and commercial niche for large-scale cultivation of microalgae in saline 
water on arid land and as such, further research and culture optimisation is strongly 
recommended. Key future research areas towards optimising the Tetraselmis outdoor 
cultures should include: 
a) Developing a cost-effective nutrient recipe and determining the right 
nutrient input rate so that cultures are never nutrient-limited,  
b) Determining the optimum cell or areal density at which biomass 
productivity is highest,  
c) A thorough study of the factors affecting photosynthesis and respiration 
in the cultures kept at 7% NaCl so that biomass output is maximised, 
d) Determining the outdoor environmental factors regulating lipid synthesis 
so that lipid productivity can be increased, and 
e) Automation of the harvesting and monitoring process to facilitate and 
accelerate data generation and analysis. 
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CHAPTER 5 
Laboratory lipid extraction methodology  
Introduction 
During the course of this long-term study, it was realised that some lipid values 
varied dramatically. Although the modified Folch method (Folch et al., 1957) was 
employed throughout this study and particular care was taken to keep all analytical 
steps and equipment conditions stable (e.g. cleaned glassware, analytical grade 
solvents, same solvent ratio, etc.), on a few occasions, unusually  low or high lipid 
yields were obtained, making comparison and data analysis almost impossible. 
Reports of inconsistencies in microalgal lipid values and comparison of 
different lipid extraction methods for algae are sparse, unlike in the fields of fish 
research and food production where differences in lipid values and extraction methods 
have often been reported, compared and addressed (Barthet et al., 2002; Brooks et al., 
1998; Honeycutt et al., 1995; Manirakiza et al., 2001; Pérez-Palacios et al., 2008; Randall et 
al., 1991; Smedes, 1999; Smedes and Askland, 1999; Smedes and Thomasen, 1996). The 
rigor with which lipid extraction has been examined in these kind of studies is due to 
the fact that on one part, fish and other seafood lipid extracts are often used as 
important bioindicators of organic pollutants in the water (Landrum and Fisher, 1999; 
Randall et al., 1991) and on the other, that the amount of fat content in food is part of 
the regulatory process in food production. These studies, amongst many others, have 
highlighted several factors such as sample matrix (dry versus wet; low or high fat 
content etc), sample mass and solvent types as possible sources of error in estimating 
the lipid content. However, analytical equipment and handling techniques, which are 
equally important, are seldom or scarcely mentioned, especially when methods and 
laboratory protocols have already been established, followed and cited without 
criticism, or when methods are adjusted to accommodate for the resources and time 
available. For example, the use of plastic containers or apparatus other than Teflon is 
not recommended because plasticisers (usually diesters of phthalic acid) can easily 
leach into the organic solvent and may appear as spurious peaks on chromatograms 
(Christie, 1982; Kates, 1972). Many investigators are unaware of this fact and readily 
use disposable plastic tubes in which extraction is carried out and often the extracted 
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material and solvents are left in these tubes overnight or longer (personal observations 
from different laboratories). Kates (1972) further recommended that analytical solvents 
be distilled and kept for short periods of time so as to remove or avoid the formation of 
deleterious contaminants within the solvents. This is not commonly practised, or at 
least not mentioned in publications. Even in this present study, this was not done due 
to limited access to chemical equipment and high usage of solvents. 
Assessment of the possible reasons for variable and unusual lipid yields during 
this study led to a re-evaluation of the steps involved during the extraction of the 
microalgal samples. Cell lysis and the solvent system used were of particular concern 
and a brief appraisal of each component is provided below. 
 
Cell disruption technique 
Algae have a wide variety of cell coverings and walls, some of which are 
extremely difficult to rupture or break. The extent of cell breakage and lysis are often 
an overlooked but important factor that can contribute to low lipid yields, especially in 
algae. Cell lysis methods vary widely and include mechanical/physical disruption such 
as bead milling, mortar and pestle or sand (Cerón-García et al., 2008; Chisti and Moo-
Young, 1986; Hedenskog and Ebbinghaus, 1972; Lee et al., 1998), sonication, 
microwave, osmosis (Lee et al., 2010), temperature shock (heat or freezing) and 
chemical techniques (Cooney et al., 2009). The choice of a cell lysis technique is often 
governed by the amount of sample material, the number of samples, type of 
material/cell wall and the quality of the recovered extract (Lee et al., 1998). Ideally, the 
cell disruption technique should only rupture the cell wall/membrane of the organism 
and leave all of the biochemical constituents in their original bioactive state. Many 
forms of cell disruption such as sonication, microwave and heat alter the integrity of 
heat-labile substances, and should be avoided unless special precautions are taken to 
protect the compounds from degradation.  
In the present study, microalgal cells were lysed by manually grinding the 
liquid nitrogen pre-treated samples with a glass rod. It was decided that the samples 
would be treated individually and that the cell rupture and extraction procedure 
would take place in the same glass tube so as to minimise transfer and loss of lipid 
material and solvent volume. Pre-treatment of the samples with liquid nitrogen 
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resulted in the majority of the cells being ruptured and complete cell lysis was ensured 
(and checked under the microscope) upon thorough crushing of the filter paper and 
algae in methanol with a glass rod. On occasions when liquid nitrogen was not 
available, acid-washed sand or plain crushing was employed, and complete cell 
breakage was verified under the microscope before proceeding with the lipid 
extraction. Therefore, it could be safely assumed that erroneous lipid yields were not a 
consequence of poor cell breakage and this was not further examined. 
 
Solvent composition 
Lipids are typically distinguished from other water-soluble cellular components 
by their hydrophobicity and by their instantaneous solubility in solvents (Lundberg, 
1984). As such, a range of solvents such as hydrocbarbons (e.g. pentane or hexane), 
alcohols (isopropanol, ethanol, methanol), ethers (e.g. diethyl ether) and halogenated 
compounds (e.g. chloroform, dichloromethane) and a number of solvent systems 
combining these solvents have been used in lipid studies. Because lipids from natural 
biological materials consists of a wide mixture of lipid compounds of different 
polarities, it follows that different solvents will extract lipids according to their polarity 
and that therefore different solvent and solvent systems can potentially yield dissimilar 
lipid yields and profiles, an occurrence often observed in lipid studies comparing 
solvent systems of differing polarities (Brooks et al., 1998; Manirakiza et al., 2001; 
Molina-Grima et al., 1994; Pérez-Palacios et al., 2008; Undeland et al., 1998). 
Interestingly, such studies, and many others, have often highlighted the superiority of 
the methanol/chloroform/water solvent systems over other solvent mixtures, e.g. 
alkane/alcohol/water systems. The advantages that this particular solvent system offers 
are that:  
a) the high polarity of methanol effectively overcomes and disrupts the tight 
bilayer arrangement of biological membranes, leaving the polar and non-
polar ends of lipid molecules conveniently exposed for further reaction 
(Randall et al., 1991), 
b) The degree of extraction can be enhanced further by sequential addition 
of the solvents. For example, initial homogenisation of the sample in the 
presence of methanol only is purported to enhance the recovery of lipids 
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(Christie, 1982; Erickson, 1993). Conversely, the addition of a mixture of 
chloroform and water could lead to slightly lower lipid yield as the 
disruptive power of the methanol is dampened by the more apolar 
chloroform (Smedes and Thomasen, 1996), 
c) the synergistic effect of the methanol/ chloroform systems increases the 
solubility of triglycerides and high molecular weight fatty acids (e.g. 
heptacosanoic acid, C27H54O2) beyond expected from the solubility in each 
component solvent (Schmid and Hunter, 1971), 
d) the solubility of water in chloroform dramatically increases from 0.1% to 
6.5% when mixed with methanol (Schmid, 1973), thus making the solvent 
system even more exhaustive,  
e) addition of excess water leads to instant phase separation which 
effectively and conveniently isolates most of the lipids in the lower 
chloroform layer and the water-soluble contaminants (e.g. sugars and free 
amino acids) in the upper water/methanol layer which can be discarded 
(Schmid, 1973). 
However, the pitfalls associated with such solvent system are that chloroform, 
being a rather unstable molecule, may decompose and react in many ways with the 
functional groups of lipid components and also, chloroform and methanol are 
hazardous and toxic chemicals (Schmid et al., 1973b). Furthermore, the use of 
methanol, which is a powerful polar solvent, can lead to significant co-extraction of 
non-lipid material, thus resulting in overestimation of lipid content (Dodds et al., 2004; 
Randall et al., 1991). 
 Schmid et al. (1979a) recognised that the enhanced extractive power of solvents 
is not a unique property displayed by the methanol/chloroform solvent system but that 
other, less harmful and more stable binary solvent systems, toluene/ethanol (6:4) 
system for instance, as determined by the solubility parameter theory, should be used. 
However, 37 years later, the methanol/chloroform/water system still remains the most 
commonly employed, largely because most scientists across many disciplines still cite 
and employ the two most popular lipid extraction methods: the Folch et al. method 
(1957) and the Bligh and Dyer (1959). Both methods are very similar to each other in 
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that they use the methanol/chloroform/water ternary solvent system to extract and 
purify the lipids from the sample matrix. 
The main difference between the two methods lies in the relative proportions of 
the solvent system components, with the Folch solvent system containing methanol, 
chloroform and water in the ratio of 1:2:0.8 (v/v/v) respectively, while the ratio is  
2:2:1.8 (v/v/v) in the Bligh and Dyer method. When Bligh and Dyer (1959) compared 
their improved lipid extraction method with that of Folch et al., the results showed 
negligible difference in the total lipids recovered from both solvent systems. A similar 
conclusion was obtained when the two solvent systems were tested on a range of plant 
tissue types (Fishwick and Wright, 1977). However, more often, variations in total lipid 
yields between the two methods have been reported (Chaiyawat et al., 1991; Iverson et 
al., 2001; Pérez-Palacios et al., 2008) which are most likely due to the different solvent 
ratios; but there is also strong evidence that factors other than the solvent ratios 
contribute to differences in the degree of lipid recovery. 
 
Nature of sample matrix 
It has been demonstrated in a number of studies that the fat and moisture 
content of the sample have a large influence on the extraction efficiency of the solvent 
system. It appears that the degree of extraction of the Bligh and Dyer method is higher 
for lean samples (<2% fat content) in which the level of triglycerides is lower relative to 
the level of phospholipids. Lipid extraction comparison studies in lean and fat fish 
(Chaiyawat et al., 1991; Jensen et al., 2003) as well as meat products of varying fat 
content (Pérez-Palacios et al., 2008) confirmed that the Bligh and Dyer method, or 
rather, a higher proportion of methanol in the solvent mixture gives a better lipid 
recovery from lean tissue, presumably due to a better extraction of the polar lipids. 
However, at higher fat content, the methanol: chloroform 1:2 (v/v) solvent system 
prevails, due to the higher extractive power of chloroform towards the more nonpolar 
lipids, thus resulting in a significant underestimation of the total lipid yield by the 
Bligh and Dyer solvent system (Iverson et al., 2001; Pérez-Palacios et al., 2008). 
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Water content in solvent system 
Seldom mentioned, and often overlooked by many, the adjustment of the water 
content in the overall extraction system is a key determining step in the recovery of 
lipids. This was recognised and highlighted by both Folch and his colleagues (1957) 
and by Bligh and Dyer (1959) as well, and they all recommended adjusting the final 
water volume by taking into consideration the water content originating from the 
sample. This advice is often unconsciously ignored as lipid investigators add water as 
dictated by the final solvent and water mixture from the respective method. Incorrect 
water content can result in highly inaccurate lipid yields and lipid quality for several 
reasons. The effect of water is paradoxical: too little water does not effectively wash the 
chloroform layer and can result in significant amount of impurities being left in the 
organic phase, while on the other hand, too much water can increase the solubility of 
the non-lipid contaminants (e.g. amino acids, sugars, proteins), resulting in the same 
effect and consequently leading to an underestimation of total lipids (Nelson, 1993). 
Additionally, excess water often leads to emulsions which are sometimes hard to 
dissolve, thus making the recovery of the organic phase very time-consuming, 
inaccurate and sometimes impossible (Smedes and Askland, 1999; Trevino and Lee, 
1990). 
 
Solvent to tissue ratio 
The degree of extractability of any solvent system depends largely on the lipid 
load and on the quantity of the material to be analysed. Paradoxically, while a large 
volume of solvent is preferred to ensure complete solubility of the lipids into the liquid 
phase, it also favours the extraction and carry-over of non-lipid contaminants into the 
organic (chloroform) phase, and if the methanol/water content is high, it can also result 
in less nonpolar lipid being extracted into the chloroform layer (Nelson, 1993). On the 
other hand, too little solvent relative to the amount of sample will result in inadequate 
extraction of the lipids (Chaiyawat et al., 1991; Trevino and Lee, 1990) and this would 
have to be rectified by additional extractions of the residue. Even so, there is a 
possibility that during the first incomplete extraction, lipids are adsorbed by the 
sample matrix or they get irreversibly bound and trapped by proteins which have been 
denatured during the extraction process (Smedes and Thomasen, 1996) such that 
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subsequent extractions would not release the remaining lipids. Folch et al. (1957) 
recommended a minimum ratio of 1:20 (w/v) sample to solvent, while Smedes and 
Thomasen (1996) and Trevino (1990) demonstrated that at least twice as much solvent 
as sample intake would be necessary to reach a stable level in the extraction yield. In 
the optimisation of the lipid analysis procedure for his studies, Mercz (1994) 
recommended repeatedly extracting the sample residue until no green colour remained 
in the pellets (i.e. all chlorophylls and hopefully all solvent-soluble compounds have 
been removed by the solvents).  
In order to determine the extent of the aforementioned solvent-related 
problems on lipid recovery from microalgae, the lipid content of 3 microalgal species of 
different cell covering was analysed using a modified version of Folch et al. method 
and the Kates and Volcani’s modified Bligh and Dyer version (Kates and Volcani, 
1966). Additionally, the effect of gravimetric determination of total lipids on the final 
lipid yield was assessed. 
 
Materials and methods 
 
Microalgal culturing 
Three representative microalgal species were used in this study: the 
chlorophyte Dunaliella salina MUR 41, the prasinophyte Tetraselmis sp. MUR 230 and 
the diatom Amphora coffeaeformis MUR 158. Dunaliella salina is a naked cell without any 
cell wall, whereas Tetraselmis sp. MUR 230 has a cell wall which is made up of fused-
organic scales and A. coffeaeformis MUR 158 cell contents are encased in silica frustules. 
All three species were grown indoors and harvested as outlined in Chapter 2 (General 
Materials and Methods). Samples from all three cultures were taken during the 
exponential phase and at the early stationary phase. The samples were harvested and 
prepared for lipid analysis as described in Chapter 2. 
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Extraction method 
Frozen samples were separated into individual glass tubes, to which a 0.5 mL of 
liquid nitrogen was added to lyse the microalgal cells. The hardened filter was left to 
soften and then quickly crushed into a paste with a glass rod. Lipid extraction then 
followed at room temperature as detailed below. 
 
Modified Bligh and Dyer method 
The procedure followed for the Bligh and Dyer method was based on the 
modified Kates and Volcani version (Kates and Volcani, 1966) which was further 
modified by Mercz (1994). Prior to mixing the solvents with the sample, a stock solvent 
mix containing methanol, chloroform and deionised water in the ratio of 2:1:0.8 (v/v/v) 
was prepared and thoroughly mixed. 1 mL of the solvent mix was then pipetted into 
each tube and the algae+filter paste was well homogenised with the solvent with the 
glass rod. An additional 2 mL of the solvent mix were added and the mixture was well 
stirred, followed by a last 1 mL of the solvent mix which was used to wash the glass 
rod. The crude extract was then vortexed for 5 s and then centrifuged at 2000g for 10 
min or until a compact pellet was formed. The supernatant was decanted into another 
clean glass tube and the pellet was extracted with another 4 mL of solvent mix, 
vortexed and centrifuged again. 3.4 mL of the solvent mix was then added to the 
combined supernatants to adjust the solvent volume to 11.4 mL. 3 mL of chloroform 
was then added to each tube and mixed well, followed by 3 mL of deionised water 
which immediately led to phase separation. The mixture was vigorously vortexed to 
ensure that the water penetrated through the insoluble organic layer. The samples 
were then left to stand and equilibriate into distinctive organic and aqueous phases at 4 
°C in the dark overnight. The next day, the aqueous top layer was carefully pipetted 
out, 5 drops of toluene were mixed with the organic (chloroform) phase and the latter 
was then carefully transferred into a 7 mL pre-weighed vial. The lipids were 
evaporated at 37 °C under a stream of nitrogen gas to dryness. The vials were then 
stored overnight over dry silica gel and KOH pellets and the weight of the lipids were 
determined to 5 decimal places the next day. Straight after weighing, the lipids were 
resuspended in chloroform to make a stock solution with a final concentration of 4 µg 
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total lipids.µL-1. The vials were tightly closed with aluminium-lined caps and stored at 
-4 °C for subsequent thin layer chromatography. 
Modified Folch et al. method 
1 mL of methanol was added to each crushed algae + filter paste and the 
mixture was thoroughly homogenised with a glass rod before another millilitre of 
methanol was added and well mixed again. 3 mL of chloroform were then added, well 
mixed with the methanol and algae mixture, followed by a last millilitre of chloroform 
which was used to rinse the glass rod. The crude lipid extract was then vortexed for 5 s 
and then centrifuged at 2000g for 5 min or until a compact pellet was formed. The 
supernatant was then transferred into another clean glass tube and the pellet was re-
extracted with 6 mL of methanol: chloroform (1:2 v/v) solvent mix, followed by 
centrifugation. The first and second supernatants were combined, to which 3 mL of 
deionised water was added for phase separation.  The mixture was vigorously 
vortexed to ensure that the water penetrated through the insoluble organic layer. The 
samples were then left to stand and equilibriate into distinctive organic and aqueous 
phases at 4 °C in the dark overnight. The next day, the aqueous top layer was carefully 
pipetted out, 5 drops of toluene were mixed with the organic (chloroform) phase and 
the latter was then carefully transferred into a pre-weighed 7 mL vial. The lipids were 
evaporated at 37 °C under a stream of nitrogen gas to dryness. The vials were then 
stored overnight over dry silica gel and KOH pellets and the weight of the lipids were 
determined to 5 decimal places the next day. Straight after weighing, the lipids were 
resuspended in chloroform to make a stock solution with a final concentration of 4 µg 
total lipids.µL-1. The vials were tightly closed with aluminium-lined caps and stored at 
-4 °C for subsequent thin layer chromatography. 
 
Thin layer chromatography (TLC) 
Thin layer chromatography of the lipid samples as extracted above were run for 
qualitative purposes only as more thorough and detailed lipid quantification was 
beyond the scope of this study. Precoated 20 x 20 cm aluminium back Merck silica gel 
TLC plates were activated at 120 °C for 1 h in a drying oven prior to sample 
application. After activation, the TLC plates were removed from the oven and left to 
cool to room temperature in a glass tank with dry silica gel and then were transferred 
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between glass plates to the fume hood. The glass plates ensured that the TLC sheets 
remained flat and that the silica layer remained protected from moisture, volatile 
impurities and from physical damage. Fresh petroleum spirit, ethyl ether and acetic 
acid in the ratio of 70:30:1, as used by (Maloney, 1996) and (Yu et al., 2009), were mixed 
in a TLC tank and left to stand for 1 h to allow the solvent vapours to equilibriate in the 
tank. Saturation of the tank air with the solvent vapours was accelerated by the 
placement of a fitted filter paper in the tank. Meanwhile, ca. 400 µg of total lipids from 
each lipid sample were applied as discrete spots along the TLC baseline which was 
drawn 1.5 cm from the base of the TLC sheet. Commercial olive oil (Ollo Olive Oil, 
Mitolo Group) and pure lipid standards were also included in the TLC run to aid in 
spot identification. Authentic phospholipid standard mix was obtained from Sigma- 
Aldrich while authentic neutral lipid standards were obtained from Nu-Chek Prep, Inc. 
The composition and quantities of the respective lipid standards are detailed in Table 
15.  
 
Table 17.  Composition and final concentration of authentic lipid standards used for 
thin layer chromatography. 
Name Quantity (mg) 
Final concentration (µg. µL-1) 
(dissolved in chloroform) 
Phospholipid mix 
L- α- lysophosphatidylcholine 0.6 ~ 4 
L- α- phosphatidylcholine 3.0 ~ 4 
L- α- phosphatidylethanolamine 2.4 ~ 4 
L- α- phosphatidylinositol, ammonium 
salt from glycine wax 
1.8 ~ 4 
Neutral lipids 
Monolein (monoglyceride) 20 ~ 20 
Diolein (diglyceride) 20 ~ 20 
Oleyl oleate (wax ester) 20 ~ 20 
TLC reference standard mix  ~ 100, of which: 
Cholesterol 20 ~ 20 
Cholesteryl oleate 20 ~ 20 
Triolein (Triglyceride) 20 ~ 20 
Oleic acid (Free fatty acid) 20 ~ 20 
Methyl oleate (methyl ester) 20 ~ 20 
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The loaded TLC plates were placed in the solvent tank and the tank was 
covered with a glass cover and left undisturbed until the solvent front reached the 
solvent line. The plates were then quickly removed, left to dry in the fume hood and 
were subsequently developed in another chamber which was saturated with iodine 
vapour. The latter reacted with all the eluted lipid classes, which appeared as brown 
spots on the plates. Following colour development, the plates were removed from the 
chamber and the lipid classes were identified by their Rf values according to (Ackman, 
1991). 
 
Factors potentially affecting total lipid recovery 
To determine the effect of insufficient solvent volume with regards to sample 
load, 5, 10, 15 and 20 mL of Tetraselmis sp. MUR 230 from outdoor cultures were 
harvested and prepared for lipid analysis as detailed above. For this experiment, the 
modified Folch et al. method was used and the same total volume of 15 mL of 
methanol, chloroform and deionised water (4:8:3 v/v/v) was used to extract all of the 
algal volumes filtered.  During the weighing of the vials loaded with the dried lipids, it 
was difficult to obtain stable readings (analytical weighing balance (Mettler) from the 7 
mL vials sometimes took more than 2 minutes to stabilise) and therefore, different set 
of readings were taken at different times of the day as well as at the same time on 
different days. The lipids were re-suspended in chloroform, transferred and dried into 
smaller 2 mL vials and the total lipids weights were determined once again, using the 
same weighing regime as outlined above. 
Special precautions were taken throughout to reduce the inadvertent inclusion 
of errors: tubes with the crude lipid extracts were capped or closed with glass marbles 
to prevent solvent evaporation; the outer wall of each lipid vial was carefully wiped 
with lint-free (Kimwipes, Kimberly-Clark) paper to remove any traces of moisture 
before weighing; the room temperature was set at 23 °C at all times; the KOH and silica 
pellets were changed frequently to ensure a hygroscopic environment in the dessicator 
and finally, gravimetric readings were taken when there was minimal air and human 
movement around the analytical balance. 
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 Results 
 
The growth of D. salina MUR 41, Tetraselmis sp. MUR 230 and A. coffeaeformis 
MUR 158 over one growth cycle in batch mode is shown in Figure 53. The diatoms 
were the slowest growing and for this reason, were sampled at a later date compared 
to the chlorophytes for both exponential and stationary phases. Consequently, both D. 
salina MUR 41 and Tetraselmis sp. MUR 230 were sampled on Day 7 and Day 16 for the 
exponential and stationary phases respectively, while the harvest of the diatoms at the 
same growth stages was delayed by 2 days. 
 
Comparison between extraction methods 
 
D. salina MUR 41 
With regards to the lipid content, D. salina MUR 41 cells behaved like other 
Dunaliella species reported in the literature, in that their lipid content was highest in the 
exponential phase as compared to the stationary phase, irrespective of extraction 
method (Figure 54). The degree of maximum lipid recovery was, however, affected by 
the extraction method used. Overall, the modified Bligh and Dyer method was more 
efficient at extracting lipids from the naked Dunaliella cells, resulting in 20% and 2.8% 
more lipids being extracted as compared to the modified Folch et al. method at the 
exponential and stationary phase respectively. However, while a clear distinction 
between the extraction efficiency of the two methods could be seen from cells 
harvested during the exponential phase, the degree of lipid recovery from stationary-
phase cells were similar for both methods (P < 0.05, t-test, n = 5), probably suggesting 
that the modified Bligh and Dyer method has limited usefulness in extracting lipid 
fractions of nonpolar nature, which are expected to make a larger contribution to the 
total lipid content at the stationary phase. 
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Tetraselmis sp. MUR 230 
When the modified Bligh and Dyer method was applied, a similar decline in 
lipid content, as observed in D. salina MUR 41, was evident as the cells shifted from the 
actively growing stage to the stationary phase (Figure 54). The change in lipid content 
was much more subtle though, with only a 7% decrease in lipid yield occuring, while 
the drop in lipid content in D. salina MUR 41 was approximately four times greater. 
Extraction in exponentially-grown cells by the modified Folch et al. method again 
resulted in a lipid yield 11.6% less than that obtained by the modified Bligh and Dyer 
method. 
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Figure 53. Batch mode culture of D. salina MUR 41 (●), Tetraselmis sp. MUR 230 (○) 
and A. coffeaeformis MUR 158 (▼). Arrows indicate sampling day for cells at the 
exponential phase. Mean ± S.E (n=4). 
 
However, with cells at stationary phase, it appears that the extraction efficiency 
of the modified Folch et al. method was slightly superior for the prasinophyte, with 4% 
more lipids being recovered as compared to the exponential phase, although no 
statistically significant difference could be detected between the two sets of data (P > 
0.05, t-test, n = 5). 
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A. coffeaeformis MUR 158 
Regardless of extraction methods, total lipid yields remained at 27% and 33% of 
AFDW in the diatom cells throughout the whole growth cycle, possibly as a result of 
slow growth (specific growth rate, µ= 0.23, as compared to 0.39 and 0.53 for Tetraselmis 
sp. MUR 230 and D. salina MUR 41 respectively) (Figure 54). The difference in the 
degree of lipid recovery between both methods was marginal (up to 5%), the 
discrepancy being significant in exponentially-grown cells (P< 0.05, t-test, n = 5) but 
almost non-distinguishable when older cells were analysed (P > 0.05, t-test, n = 5). 
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Figure 54.  Total lipid content of D. salina MUR 41, Tetraselmis sp. MUR 230 and A. 
coffeaeformis MUR 158 at exponential and stationary phases. Lipids were analysed 
by the modified Bligh and Dyer (  ) and the modified Folch et al. method (  ). 
Mean ± S.E. (n = 5). 
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Interestingly, while the modified Bligh and Dyer method showed a slight 
decrease in lipid content over the growth cycle, the modified Folch et al. method 
showed the opposite trend, yielding 3% lipids more in the stationary phase as 
compared to the exponential phase, although the difference was not statistically 
significant  (P > 0.05, t-test, n = 5) (Figure 54). 
When considering the overall extraction efficiency of the two methods, it is 
clear that the modified Bligh and Dyer method had a higher degree of lipid recovery, 
especially with cells harvested during the exponential phase. On the other hand, there 
seemed to be no difference between the modified Bligh and Dyer method and the 
modified Folch et al. method when both methods were applied to cells from the 
stationary phase. It appeared that the modified Folch et al. method was slightly more 
efficient in extracting the total lipids from old cells, indicating the possible influence of 
the ratio of solvents in effectively extracting all lipid fractions from the microalgal cells.  
Thin layer chromatograms of the lipid samples revealed the presence of the 
same classes of lipids in all three microalgal species (Figure 55 and Figure 56). Dense 
spots were interpreted as concentrated amounts of the same lipid molecules while the 
large spread of a particular spot was considered to be result of lipids from the same 
class (homologs) but having slightly different polarities. Thus, on the basis of spot 
intensity and shape definition, appreciable differences could be seen between 
microalgal species, growth phases and between extraction methods.  
Of the 3 microalgal species investigated, D. salina MUR 41 had the least amount 
of triglycerides, regardless of growth stage and extraction method. The triglyceride 
class of Tetraselmis sp. MUR 230 seemed to consist of a wide range of homologs and the 
modified Folch et al. method was more exhaustive in extracting this class of lipids in 
this particular species (Figure 56), since the triglyceride spots were more intense and 
more defined, as compared with the ones obtained from the modified Bligh and Dyer 
method (Figure 55). A distinct accumulation (greater than the chlorophytes) of 
triglycerides was observed in A. coffeaeformis MUR 158 as the diatom cells transited 
from the exponential to the stationary phase.  
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Figure 55. TLC plate showing lipid classes from D. salina MUR 41, Tetraselmis sp. 
MUR 230 and A. coffeaeformis MUR 158 cells extracted by the modified Bligh and 
Dyer method. Lipid classes of commercial olive oil and authentic lipid standards 
were used for lipid band identification. E = exponential phase, S = stationary phase. 
 
Figure 56. TLC plate showing lipid classes from D. salina MUR 41, Tetraselmis sp. 
MUR 230 and A. coffeaeformis MUR 158 cells extracted by the modified Folch et al. 
method. Lipid classes of commercial olive oil and authentic lipid standards were 
used for lipid band identification. E = exponential phase, S = stationary phase. 
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Free fatty acids were also major components of all algal lipid extracts, followed by 
smaller quantities of diglyceride homologs, pigments, sterols/cholesterol, 
monoglycerides/ polar lipids and finally by trace amounts of unidentified highly non-
polar compounds which eluted close to the solvent line (Figure 55 and Figure 56). 
 
Factors influencing lipid extraction efficiencies 
 
Ratio of solvent volume to sample size  
During the extraction of the lipids of Tetraselmis sp. MUR 230 in this set of 
experiments, particular attention was paid to the colour of the pellet as it was used as a 
visual indicator for the completeness of the degree of lipid extraction. It was assumed 
that a white pellet remaining after solvent extraction indicated that all solvent-soluble 
compounds were removed, while the presence of a slight green colour indicated 
incomplete lipid recovery. Upon extracting all samples twice, the supernatant from the 
2nd extract from the 5 mL (2.09 ± 0.003 mg AFDW) culture volume was clear and the 
pellet was white, while the supernatants and pellets from the rest of the samples were 
still green, but paler than for those from the 1st extract. A third extraction was 
performed, upon which the green colour of the pellet changed to light olive-brown, 
while the supernatants remained clear. The third set of supernatants was not pooled 
with the first two extracts but instead was treated separately, evaporated to dryness 
and weighed in small as well as large vials. Gravimetric measurement of the lipid 
content showed no detectable presence of lipids in either sets of vials, indicating that 
the third extract did not contain any remaining lipids. 
The visual observations made during the extraction procedure compared well 
with the gravimetric results obtained thereafter. Indeed, analysis of the raw lipid 
weights obtained from the 5, 10, 15 and 20 mL samples clearly showed that extraction 
was incomplete for the last three sets of samples, with no linearity being observed 
between the increase in biomass load and the amount of lipids recovered (Figure 57). 
Instead, a peak in lipid yield was reached at 10 mL of culture sample (Figure 58), 
although it was less than twice the amount of lipids recovered from the 5 mL samples. 
With greater biomass load, the lipid yield either declined or stabilised (Figure 57). 
Crude lipid extracts obtained from the 10-20 mL cultures were quite dense and took 
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longer to evaporate. In some vials, emulsions could be seen and they worsened upon 
evaporation under nitrogen gas. The emulsions were successfully broken down upon 
addition of a few drops of chloroform. 
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Figure 57. Underestimated lipid values due to incorrect sample to solvent ratio and 
the effect of the time of the day on the absolute lipid values. Linear theoretical ( ●) 
(calculated as multiples of the lipid weight obtained from 5 mL of culture) and 
empirical () lipid values. 
 
Effect of vial size and time of measurement on raw lipid readings 
Vial size and the time at which the lipid vials were weighed (see Table 16 for 
weighing schedule) were the main determining factors in the accurate calculation of 
lipid weights. The most stable lipid values were obtained on occasions when vials were 
weighed at the same time (± 1 h) of the day but on different days (left panel in Figure 
58). Lipid values obtained from both small (2 mL) and large (7 mL) vials in this pattern 
were almost equal (P > 0.05, SNK test) (Figure 57) and were considered as the baseline 
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or ‘real’ values to which further empirical data from this experiment should be 
compared. Weighing both small and large vials in the morning and in the afternoon of 
the same day (e.g. on the 28.09.2009 and 30.09.2009, see Table 16) led to lower lipid 
values and a greater spread in the data as compared to those obtained for the real lipid 
values (Figure 57). 
 
Figure 58. Lipid weights as measured from small and large vials at different times on 
the same day as opposed to the same time but on different days. Large ( ●) and small 
(○) vials. Mean ± S.E. (n = 5). 
 
Overall, lipid values measured from small vials were the most stable and 
reliable and were least affected by the time of weighing (P > 0.05, SNK test) while the 
degree of underestimation was much more significant (P< 0.05, 2- way ANOVA) when 
readings were taken off large vials. 
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Table 18. Time table of occasions when lipid vials were weighed, including the relative air humidity at the time of weighing. 
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Given the large differences in the raw large vials weights when measured at 
different times of the day, and given that all necessary precautions as outlined above 
were taken to ensure a stable environment around the balance, it was suspected that 
the atmospheric stability within the laboratory room could be the main cause of such 
fluctuations. Of the main environmental factors affecting the confined laboratory 
atmosphere, temperature and relative humidity are probably the most important: small 
fluctuations in temperature can offset the calibration settings while air humidity, 
within the balance chamber and upon simply moving the vials from the desiccator to 
the balance, can easily result in variation in the real vial weight, especially when the 
accuracy is at 0.01 mg. Considering that the room temperature was maintained 
consistently at 23 °C by the air-conditioning system, the only environmental variable 
believed to have significantly contributed to the fluctuations was the relative humidity 
of the air, which  changes diurnally, as shown in Table 16. Relative air humidity in the 
afternoon/ evening can be 10–20% more than in the morning and this difference 
appeared to have been large enough to substantially affect the weight of the vials. 
 
Discussion 
 
These set of experiments were designed to examine the possible ways in which 
estimations of lipid yields from microalgal samples could be affected by methodologies 
and handling techniques. The modified Folch et al. and Bligh and Dyer methods 
differed in their ability to extract all lipids exhaustively from cells in both stages of 
growth and gravimetric determination of the lipids was largely affected by the vial size 
and air humidity.  
The cell lysis technique was robust enough to break cells from all three 
representative microalgal species such that it could be safely assumed that the cell lysis 
technique and the type of cell covering did not contribute to unstable lipid values.  
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Comparison of lipid extraction method 
The decline in total lipid content resulting from culture ageing in both D. salina 
MUR 41 and Tetraselmis sp. MUR 230 is a common feature observed in these two 
genera where energy derived from the lipids is used to accumulate more 
carbohydrates as the cells become nutrient-deficient (Ben-Amotz et al., 1985; de la Peña 
and Villegas, 2005; Pusceddu and Fabiano, 1996). Interestingly, while this declining 
pattern in lipid content was obvious when the Bligh and Dyer method was applied, a 
slight increase in lipid yield was seen in Tetraselmis sp. MUR 230 when the Folch et al. 
method was used, though the difference was almost negligible. This is in contrast with 
a previous report by de la Peña and Villegas (2005) who also used the Folch et al. 
method on old Tetraselmis tetrahele cells but still obtained a decrease in lipid content. 
Similarly, slightly more lipids were recovered from old A. coffeaeformis MUR 158 cells 
when the latter method was used. Despite the fact that there may be no significant 
relevance to these slight improvements in lipid yield, it is worth taking into account the 
possible reasons and exploring the implications of such results. The fact that slightly 
more lipids from old Tetraselmis sp. MUR 230 and A. coffeaeformis MUR 158 cells were 
recovered by the Folch et al. method suggests  to some extent a change in lipid class 
composition over the course of the growth cycle, as observedfrom the TLC runs. It 
could also indicate the selectivity of the two methods with regards to the classes of 
lipids solubilised.  
In a study on the lipids of a variety of microalgae, Tornabene (1984) determined 
that both chloroform and methanol have the same extraction ability for neutral and 
polar lipids respectively. It therefore follows that a change in the ratio of the two 
solvents in a solvent system will result in a change in the relative proportions of the 
lipids being extracted, a fact well illustrated by Chaiyawat and his colleagues (1991) 
who showed that a higher proportion of chloroform in the methanol: chloroform 
solvent system extracted lipid from fatty fish more efficiently and that conversely more 
methanol extracts leaner fish tissue better. It appears that the relative methanol content 
in the solvent system plays a crucial role in determining the final lipid yield wherein an 
increase in methanol is followed by enhanced recovery of polar lipids while the neutral 
lipid fraction remains unchanged (Smedes and Askland, 1999; Undeland et al., 1998), 
although an increase in lipid yield could also have resulted in the significant undesired 
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co-extraction of non-lipid material due to the high content of methanol (Dodds et al., 
2004; Randall et al., 1991). Assuming that the washing step effectively removed the 
non-lipid contaminants and given that the Bligh and Dyer method contains twice as 
much methanol than the Folch et al. method, this would explain why more (polar) 
lipids were extracted from the actively growing microalgal cells which normally 
contain a higher proportion of polar lipids relative to the neutral lipids (Dunstan et al., 
1993; Hodgson et al., 1991; Mansour et al., 2003; Piorreck et al., 1984a). Similar findings, 
but in different sample matrices have been reported in the literature. For example, lean 
fish and meat with fat content less than 1-2% but with a much higher concentration of 
polar lipids have been more exhaustively extracted by either the original or modified 
Bligh or Dyer method (Chaiyawat et al., 1991; Jensen et al., 2003; Pérez-Palacios et al., 
2008). However, as the fat content in those sample matrices increased, the efficiency of 
the methanol:chloroform (2:2, v/v) solvent system diminished, resulting in 
underestimated lipid yields, while total lipid recovery by the solvent system 
(methanol: chloroform, 1:2, v/v) devised by Folch et al. method was greatly enhanced. 
This was elegantly illustrated by the work of Iverson et al. (2001) who compared both 
methods on fish samples of increasing lipid content and additionally showed that there 
was a linear correlation between the two methods. Given that microalgal cells contain a 
higher proportion of neutral lipids in the stationary phase (e.g. Hodgson et al., 1991; 
Piorreck et al., 1984a; Yu et al., 2009), it seems reasonable to conclude that the Folch et al. 
method gave a true representation of the lipid content of old Tetraselmis sp. MUR 230 
and A. coffeaeformis MUR 158 cells, hence the slightly higher lipid yields.  
  Lewis et al. (2000) demonstrated the importance of the order of solvent 
addition in total lipid recovery. Similarly, Smedes (1999) and Erickson (1993) reported 
improved extraction efficiency when solvents were added in order of decreasing 
polarity since the more polar solvent is more powerful in disrupting the hydrogen 
bonds and strong electrostatic forces within the lipid-protein membranes. Despite 
performing this multi-step extraction with the Folch et al. method, i.e. addition of 
methanol first followed by chloroform, no significant improvements in lipid recovery 
was observed. However, on a practical point of view, it is recommended that solvents 
are added one by one and sequentially in order of decreasing polarity in order to 
optimise extraction of all classes of lipids. Addition of a pre-made methanol/ 
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chloroform/ water solvent mixture as indicated by Mercz (1994) is not advisable 
especially if the algal pellet is still wet. In this present study, addition of this solvent 
mix to the crushed algal pellets led to immediate phase separation in the sample tubes, 
which made homegenisation and extraction more complicated as the chloroform/ oily 
layer tend to stick to the glass wall.  
 
Ratio of solvent volume to sample size 
15 mL of solvent mixture was clearly not enough to extract all the lipids from 
culture volumes greater than 5 mL (2.09 ± 0.003 mg AFDW), as illustrated by the lower 
lipid values, as well as by visual observations made during the extraction process. A 
similar trend was observed by Chaiyawat et al. (1991) who treated fish samples 
weighing between 1 and 9 g with the same volume as used for 1 g of fish flesh and over 
three treatments of different solvent mixtures. Total lipid recovery by Erickson (1993) 
was on the other hand significantly higher when 21 volumes compared to 7 volumes of 
Bligh and Dyer solvent mixture was used per gram of channel catfish muscle. While it 
is obvious that solvent volumes should be adjusted with respect to biomass load, it is 
more relevant to keep the ratio of solvent volume and lipid load at a level where the 
limit of lipid solubility is not reached. This could be achieved either by using an excess 
volume of solvent mixture or alternatively, by performing multiple re-extractions. 
Even so, the risk of losing lipids through adsorption as a result of lipid inclusion in 
denaturing proteins originating from the extraction process or through chemical 
binding to the tissue cannot be excluded (Roose and Smedes, 1996; Smedes and 
Thomasen, 1996). There is a high possibility that this occurred in the samples in this 
study since the third extraction did not yield any more lipids while at the same time, 
the green tinge of the filter residue turned to a slight brown colour.  
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Effect of vial size and time of vial weighing 
This experiment showed possible ways in which gravimetric determination 
could adversely affect the final lipid values and result in incorrect lipid yields. Because 
small microalgal biomass is preferred for ease of storage, treatment and handling, it 
follows that the amount of lipids extracted would be considerably less such that the 
readings are often taken to 5 decimal places. At this accuracy, background noise from a 
variety of factors can easily offset the vial reading and introduce large errors. Large 
vials, being 5 orders of magnitude heavier than the lipid extracts (a large vial weighs 
approx. 7 g while lipid extracts seldom weighs greater than 5 mg according to the 
present culture volumes), give rise to a higher signal-to-noise ratio  as compared to 
smaller vials. Therefore, in an attempt to stabilise the analytical balance readings, small 
vials are strongly recommended. Additionally, gravimetric determination of the lipid 
masses should be carried out around the same time of the day in order to minimise the 
differences arising from fluctuations in moisture content in the air. Normally, in a well- 
designed laboratory, the analytical balance would be placed within a closed room 
where there would be constant temperature and humidity, minimal structural 
vibrations and no air draughts. The position of the analytical balance in this particular 
laboratory was not optimal and this would explain why more care and precaution 
would have been required when weighing the lipid samples. Nevertheless, this 
exercise clearly illustrated the possible sources of errors in gravimetric determination 
of lipids, and highlighted the importance of critically assessing exceptional lipid yields 
reported in the literature. 
 
Conclusions 
 
Comparison of the modified Bligh and Dyer method and the modified Folch et 
al. method on three microalgal belonging to different taxa and different growth stages 
showed that (1) the solvent system of the Bligh and Dyer method is optimal for total 
lipid recovery from microalgal cells from the exponential phase, (2) the modified Folch 
et al. method seems better at extracting neutral lipids and as such, would perhaps give 
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a better representation of the change of the non-polar lipid fraction in microalgal cells 
and (3) no single method is suitable for all types of microalgal samples. 
Regardless of lipid extraction methods applied, the key determining factors in 
obtaining representative and accurate lipid yields rely on sound and stable laboratory 
techniques and conditions. The use of small vials is advantageous and recommended 
as they give more reproducible results. However, the use of large vials is equally 
justified because of (1) the large volume of solvents collected from the dual extraction 
steps, (2) the considerable time taken to reduce the solvent volume, transfer and wash 
the concentrated lipid extracts into the small vials which is then further evaporated 
and (3) inevitable lipid loss through oxidation and upon transfer between vials. The 
most critical step in gravimetric determination of total lipids resides in the weighing 
part. The weighing environment should be kept dry and as constant as possible in 
order to minimise moisture contribution to the lipid value readings and to limit 
variations between and within experiments. 
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CHAPTER 6 
Conclusion 
The development of a biodiesel production industry based on the cultivation of 
oleaginous microalgae in saline water is an attractive proposition as it can address 
several key global environmental and socio-economic issues while at the same 
generating revenue from an otherwise largely untapped natural resource. This study 
therefore focussed on isolating suitable microalgae species and testing various 
environmental variables that might affect growth and biomass productivity in outdoor 
cultures.   
To this end, a field collection of phytoplankton species from local saline lakes 
was carried out and the isolates were screened for the lipid content and growth 
characteristics. Of the few genera collected, Tetraselmis was the most suited for further 
study due to fast growth, ease of culture and relatively high lipid content. Five of the 
newly isolated Tetraselmis strains, 2 Tetraselmis strains from the Murdoch University 
culture collection and Amphora coffeaeformis MUR 158 were chosen for selection studies 
in the laboratory whereby their growth, biochemical and photosynthetic response were 
determined over a range of environmental variables such as light, temperature, oxygen 
and salinity. Four Tetraselmis strains and A. coffeaeformis MUR 158 were then grown in 
outdoor raceway ponds and their growth pattern was monitored over various lengths 
of time and under various culture conditions. 
Overall, Tetraselmis showed the greatest promise for outdoor large-scale 
cultivation in saline water. Indoor studies compared well with the outdoor studies in 
that they both showed that Tetraselmis can tolerate high salinities under various 
combinations of light, temperature and oxygen. The outdoor trials further showed that 
Tetraselmis can be maintained for at least one year at salinities from seawater up to 12% 
NaCl without any a significant drop in biomass productivity or culture collapse, even 
when the culture operation was halted due to mechanical faults. This is the first line of 
evidence that halophilic Tetraselmis strains can be grown successfully at high 
productivities in highly saline water in outdoor low-cost raceway ponds. This is a very 
promising outcome and provides with many desirable advantages that could 
ultimately translate into making microalgal-derived biofuel.  
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This study also has highlighted some of the possible shortcomings that can be 
encountered in similar studies on both laboratory and outdoor larger situations. The 
most pertinent issues relate to a fundamental understanding of microalgal physiology 
and biochemistry, as well as a sound concept in laboratory protocols and extraction 
methodologies, which together, can contribute to more accurate and reliable results. Of 
particular relevance is the lipid extraction methodology which was shown to be 
influenced by several crucial factors that often go undetected or unrealised such that 
the real lipid content is wrongly estimated. 
 
Future directions 
While this study clearly showed that Tetraselmis holds great potential as a 
reliable source of biomass for biofuel production in large, its full potential for biodiesel 
production particularly is yet to be proven, as the lipid productivities reported herein 
were rather low and need to be improved. Thus, future research in this area should 
endeavour in determining the factors that limit lipid production in the outdoor 
Tetraselmis cultures. Moreover, optimisation of outdoor culture conditions is 
imperative for maximum biomass and lipid output.  
Metabolic and genetic engineering approaches aimed at enhancing lipid 
formation and photosynthetic capacity are currently being suggested and represent a 
potential route for optimising growth and lipid productivity outdoors (Courchesne et 
al., 2009; Dunahay et al., 1996; Gordon and Polle, 2007; Huesemann et al., 2009; Lee et 
al., 2002; Melis, 2009; Polle et al., 2002; Sheehan et al., 1998). One major challenge in this 
regard however is the tight environmental and safety regulations that restrict the use of 
genetically modified organisms in open cultures (Borowitzka and Moheimani, 2010). 
Continual strain selection of more productive and oleaginous wild-type microalgal 
isolates is therefore of prime importance (Blackburn et al., 2009; Rodolfi et al., 2009).  
Another research avenue that should proceed in parallel with lipid synthesis 
studies is determining the suitability of the Tetraselmis crude lipid for biodiesel 
production. Preliminary chromatographic runs in this study indicated the presence of 
appreciable amounts of free fatty acids which could potentially make the 
transesterification process more complex and incomplete (Murugesan et al., 2009).  
184 
Further optimisation of the outdoor cultures, with special emphasis on nutrient 
input, light limitation and mixing speed are also clearly required. The use of more 
automated methods such as on-line chlorophyll fluorescence and optical sensors to 
assess culture health, turbidity and other culture parameters would be highly 
beneficial as more accurate data can be generated at a faster rate (Marose et al., 1998; 
Masojidek et al., 2010; Ulber et al., 2003). The use of automation should also ensure 
consistency in quality output while maintaining low labour-associated costs 
(Borowitzka, 1992). Finally, while the outcomes of this study indicate a high potential 
for the large-scale cultivation of halophilic algae, the results obtained from the 1 m2 
raceway ponds cannot be extrapolated to larger systems such as those used at the pilot 
and commercial scale due to non-linear changes in culture parameters which inevitably 
occur on scaling-up of the cultivation system. It therefore remains to be seen whether 
cultivation of halophilic algae on a large scale is technically feasible and economically 
viable. 
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